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(FRIA). The project was conducted under the supervision of Professor 
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Sciences, “Université catholique de Louvain” (UCL)) and Doctor Pierre 
Wattiau (Foodborne Bacterial Zoonoses and Antibiotic Resistance 
Unit, Veterinary and Agrochemical Research Centre (CODA-
CERVA)). 
This thesis aims at bringing new insights in the understanding 
of the long-term persistence of pathogenic Yersiniae in the 
environment. Entomopathogenic nematodes (EPNs) and their 
potential ability to act as a biological reservoir for human pathogenic 
Yersiniae were studied in this respect.  
In a general introduction we review the relevant features of the 
EPNs-bacteria symbiotic system and Yersiniae. After outlining the 
objectives, the results are presented into three chapters with the two 
first as published articles. The first chapter reports the fluorescent 
labelling of the bacteria of interest and their localisation inside the 
EPNs using epifluorescence and confocal microscopy. The second 
chapter describes our laboratory model explaining the colonisation 
and maintenance of Y. pseudotuberculosis inside EPNs. The third 
chapter presents a preliminary phenotypic analysis of three mutants of 
Y. pseudotuberculosis obtained as individual knockout of genes 
potentially regulating EPNs colonisation. The contribution of this 
work and possible perspectives are discussed in this last chapter.  
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Abstract 
The existence of biological micro-reservoirs explaining the 
long-term survival of pathogenic bacteria in the environment has long 
been speculated. Soil invertebrates in particular are suspected to act as 
intermediary hosts for such pathogenic bacteria and 
entomopathogenic nematodes (EPNs) were investigated in this 
respect. 
To determine whether human pathogenic Yersiniae are able to 
colonize and multiply in EPNs, a laboratory model was developed. 
This model consists in Galleria mellonella insect larvae, Steinernema 
EPNs carrying or not their natural Xenorhabdus symbiont and Yersiniae, 
brought artificially either in the gut of EPNs or in the haemocoele of 
the insect larva prior to infection. Using a single direct injection in the 
insect haemolymph, Y. pseudotuberculosis was recovered from 
nematodes after seven consecutive EPN infection cycles. As compared 
to other pathogenic Yersiniae as well as other pathogenic 
enterobacteria, Y. pseudotuberculosis demonstrated much higher ability 
to colonize Steinernema EPNs. Genetic determinants potentially 
involved in the colonization of Steinernema nematodes were knocked 
out and the resulting Y. pseudotuberculosis mutants were 
complemented with the corresponding intact genes borne on a low 
copy plasmid. The EPN colonization capacity of the knockout mutants 
could not be fully characterized for technical and timing reasons. 
Nevertheless, our results globally demonstrate long-term persistence 
of Y. pseudotuberculosis in EPNs in our laboratory conditions. 
Finally, a method for swapping fluorescent labels in tagged 
bacteria was developed and used to re-engineer fluorescently labelled 
Y. pseudotuberculosis. Dual fluorescence confocal microscopic 
observations showed that the tagged Yersinia colonized distinct 
Steinernema tissues as compared to the natural Xenorhabdus symbiont 
of this nematode. 
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Introduction 
1. General Taxonomy of Nematodes 
1.1. Nematoda and Platyhelminth 
‘Nematode’ is the vernacular name directly derived from the 
phylum Nematoda from the Greek νῆμα (nema, “thread”) and eiδἠς 
(eides, “like”), also referred to as Nemata or Nemates (Latin plural of 
nema). The Nematoda phylum defined by Lankester in 1877 includes the 
roundworms and the horsehair worms (Gordiidae), while the Nemata 
phylum defined by Cobb in 1919 excludes all but roundworms from 
that phylum. It has been argued that Nemata should be the valid taxon 
(Luc et al., 1987). However,  the Integrated Taxonomic Information 
System (ITIS) and a large majority of the scientific community 
currently recognize nematodes under the Nematoda phylum rather 
than the Nemata. Nematodes are described as non-segmented 
roundworms as opposed to segmented flat tapeworm in the 
Platyhelminth phylum. Segments in Platyhelminthes can dissociate 
from the main body and possess all reproductive apparatus needed to 
generate new worms. On the contrary, sexes in most nematodes are 
separated although some nematode females can be hermaphrodites. 
While the well-known zoonotic Taenia saginata or Taenia solium are part 
of the Platyhelminthes, the well-studied Caenorhabditis elegans or the 
zoonotic Ascaris, like Toxocara cati are part of the Nematoda. The former 
are called cestodes (class of Cestoda) while the latter are called 
nematodes (Class of Secernentea). The Platyhelminth phylum includes 
the trematodes (class of Trematoda) which are non-segmented 
flatworms.
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Figure 1: General simplified taxonomic tree of Nematoda and Platyhelminth 
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Flukes, like Fasciola hepatica belong to the Trematoda class. A general 
taxonomic tree for the Nematoda and Platyhelminth is presented in 
Figure 1. 
1.2. Entomopathogenic Nematodes 
While C. elegans is an exclusively free-living nematode without 
any parasitic stage, a huge number of nematodes alternate between a 
free-living stage and a parasitic stage. These nematodes include plant-
pathogens as well as vertebrate and invertebrate animal pathogens.  
Hereafter we will focus on insect pathogenic nematodes. These 
nematodes are called entomopathogenic. Entomopathogenic also 
comes from three Greek vocables, namely “Eντομος” (entomos, 
“insect”) “πάθη” (pathê, “disease”) and “γένος” (guenos, 
“producing”). Entomopathogenic nematodes (EPNs) are microscopic 
non-segmented soil roundworms exclusively feeding on insect preys. 
An important feature of EPNs discussed here is their partnership with 
an insect-pathogenic bacteria that help to to kill the insect prey. A 
study published in 2012 clarified the meaning of 
“entomopathogenicity” in the field of nematology: “EPNs must 
rapidly kill their hosts with the aid of bacterial partners and must pass 
on the associated bacteria to future generations” (Dillman et al., 2012). 
There are two families of EPNs, the Steinernematidae and the 
Heterorhabditidae. The first one contains all species of Steinernema (61 
described up to now) and the second one contains all species of 
Heterorhabditis (14 described up to now) (Atwa, 2014). These EPNs are 
ubiquitous and have been found on all continents but Antarctica 
(Griffin et al., 1990; Kaya, 1990; Spiridonov et al., 2004). 
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According to Poinar the origin of Steinernematidae and 
Heterorhabditidae can be estimated to 375 million years ago (Poinar, 
1983). Poinar postulated in 1993 that Steinernema and Heterorhabditis 
similarities (morphological and reproductive cycle) arose from 
independent convergent evolution (Poinar, 1993). Five years later, in 
1998, Blaxter supported the Poinar’s postulate by calculating an 
evolutionary tree of Steinernematidae and Heterorhabditidae based on 
molecular data collected by sequencing their 18S ribosomal RNA 
genes. This tree depicts Heterorhabditidae as being very closely related 
to C. elegans and Strongylida worms (vertebrate parasitic order of the 
class Secernentea) whilst Steinernematidae remain closely related to 
Rhabditida superfamilies. This tree also suggests that Heterorhabditis has 
evolved from a bactivorous nematode ancestor, making it closer to C. 
elegans, while trophic habits of Steinernema ancestors are ambiguous 
since they belong to a larger clade including plant parasitic, 
fungivorous and bactivorous nematodes (Blaxter et al., 1998). In other 
words, Heterorhabditis and Steinernema nematodes do not share an 
exclusive common ancestor but evolved independently from distinct 
ancestors according to this single locus phylogeny (Adams and 
Nguyen, 2002). 
1.2.1. Morphological Taxonomy and Systematic 
Steinernema and Heterorhabditis genera are very similar to each 
other from a morphological point of view, making them 
undistinguishable for a non-expert eye. However, systematic feature 
keys are used for the identification of EPN species (Hominick et al., 
1997). The male’s reproductive apparatus is one of the most 
discriminative feature among EPNs. The so-called spicules which are 
protruding from the male body can be measured (Figure 2). According 
Introduction 
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Figure 2: Schematic view of Female and male nematodes. 
Figure 2 shows a transversal view of an EPN male (on the left) and an EPN female (on 
the right). Highlighted here, two main distinctions between EPNs males and females 
are the size (the females are larger) and the reproductive apparatus (spicule and 
vuvla). Adapted from www.studyblue.com; Accessed on February 12th 2015. 
 
to its size and its shape it can inform on the genus and the species. The 
shape of the spicules allows discrimination between the first and the 
second male generation, giving indication on the developmental stages 
of the EPNs. The second generation males’ spicules are more separated 
Introduction 
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from each other (Adams and Nguyen, 2002). Some measurements of 
females, males and third-stage juveniles (J3) EPNs allow 
discrimination among species as well (Nguyen and Smart, 1996), 
provided that the age of the J3 is taken into account. Misidentification 
is indeed highly probable if the harvesting time (time between 
description and observation of the first emerging J3) is not taken into 
account (Nguyen and Smart, 1995). A common feature among EPNs 
species is that females are always bigger and longer than males (Figure 
2) although the size ratio between females and males may vary 
between species (Adams and Nguyen, 2002). 
 
1.2.2. Molecular Taxonomy and Systematic 
It is easily understandable that EPN identification based on 
morphological traits described in systematic keys can be very 
laborious and often requires a robust expertise. Therefore several 
molecular markers, partly reviewed by Liu et al. (Liu et al., 2000), have 
been useful to discriminate and identify EPN species. Comparison of 
the small ribosomal RNA (18S rRNA) nucleotide sequence allows to 
distinguish Steinernematidae from Heterorhabditidae (Blaxter et al., 1998; 
Dorris et al., 1999; Liu et al., 1997). Due to its high variability, the 
internal transcribed spacer (ITS) sequence lying between the 18S and 
28S rRNA genes can be used to distinguish Steinernema and 
Heterorhabditis at the species level (Adams et al., 1998; Szalanski et al., 
2000). However, ITS sequence analysis is not always sensitive enough 
and other molecular markers may be required for better identification. 
The 28S rRNA gene (Stock et al., 2001), the mitochondrial cytochrome 
oxidase II (COII)-16S rDNA region and the ND4 mitochondrial gene 
have been used for that purpose (Liu et al., 1997; Szalanski et al., 2000). 
Introduction 
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Hyman showed that divergence in mitochondrial DNA sequences can 
be used for speciation studies since mutations occur faster in that DNA 
region as compared to the genetic markers cited above (Hyman, 1988). 
In addition, banding patterns generated by randomly amplified 
polymorphic DNA PCR (RAPD-PCR) can be used to determine the 
genetic diversity within the same EPN species (Shapiro et al., 1997). 
2. General Biology of Entomopathogenic 
Nematodes 
2.1. Entomopathogenic nematode’s life cycle 
2.1.1. Life cycle overview 
Steinernema and Heterorhabditis share similar life cycles. Both 
EPNs balance between a free-living stage and a parasitic stage. The 
free-living form of EPNs is protected from the environment by an 
external cuticle. Being encapsulated, the invasive EPN stage, called 
infective juvenile (IJ) corresponding to J3, are unable to feed because 
their mouth and anus are sealed (Mracek et al., 1981). They rather 
possess a huge lipid storage to be able to survive outside a host for 
several months (Selvan et al., 1994). Their lipid content depends on the 
lipid resources developing IJs can find in the insect host they infect. 
With comparable lipid reserves, it has been shown that Steinernema IJs 
survive longer in the environment than Heterorhabditis IJs. This can be 
explained by the motile behaviour of IJs. Actually a study showed that 
Steinernema IJs nictate between 50-80% of their life time while 
Heterorhabditis IJs nictate between 70-90% (Campbell and Gaugler, 
1993). By doing so, lipid reserves are consumed faster in Heterorhabditis 
IJs. These observations are consistent with field experiments in which 
Introduction 
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Steinernema IJs are able to survive 24 weeks while Heterorhabditis IJs 
survive only 3 weeks in the environment (Selvan et al., 1994). Up to 
20cm deep in soil, infective juveniles look for insect preys, which are 
most of the time insect larva (Insect adults can also be infected by EPNs 
(Nguyen and Smart, 1990). Once found, IJs invade the insect through 
natural openings such as the mouth, anus, spiracles and wounds 
(Grewal et al., 2001). Heterorhabditis IJs are also able to penetrate the 
insect body by directly scratching their cuticle thanks to a large 
anterior tooth (Bedding and Molyneux, 1982; Hill, 1998). Once inside 
the insect prey EPNs are able to feed and reproduce thanks to a specific 
bacterial symbiont they harbour. A diagram of the life cycle of 
Steinernema EPNs is presented in Figure 3. Upon insect penetration, 
IJs lose their cuticle and release the insect-pathogenic bacteria they are 
associated with. The couple IJs-Bacteria eventually kills the insect. IJs 
start feeding in the dead insect cadaver and mature into the fourth-
stage juvenile (J4) which differentiates into males and females, 
generally 3 days post insect infestation. After mating, this first 
generation (G1) females lay eggs, either in the external medium or 
remaining in the maternal body, which will hatch into the first-stage 
juvenile (J1). At that point, two scenarios are possible depending on 
the amount of food available in the insect cadaver. In case of scarce 
food, J1 will mature into the second-stage juvenile (J2) within 2 or 3 
days. Then J2 cease to feed and moult in pre-infective stage juvenile, 
also called immature IJs, before becoming infective juvenile. Then the 
newly generated IJ emerge from the depleted insect cadaver to actively 
look for another susceptible insect prey.  On the contrary, if food is 
abundant in the cadaver, then several generations of males and 
females can be produced in the same cadaver. After hatching from the 
G1 females’ eggs, J1 moult successively to J2, non-infective J3 and J4 
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before developing into the second generation (G2) of adults. After 
mating, G2 females produce eggs that will mature into J1, thereby 
initiating a new cycle. EPNs usually reproduce during 2 or 3 
generations before total depletion of the food resources in the insect 
cadaver occurs (Grewal et al., 2001). The entire reproductive cycle lasts 
between 7 and 14 days, mainly depending on temperature, after insect 
invasion by IJs. 
 
Figure 3: Diagram of the life cycle of Steinernema. 
IJs in the soil infect an insect prey through the natural openings such as the mouth, 
anus or spiracles. Upon insect penetration IJs release the insect-pathogenic bacteria 
and the IJs-Bacteria couple eventually kills the insect. Then IJs mature into adults and 
nematodes start to reproduce. When the insect cadaver is depleted, IJs progeny 
reassociates with the bacterial symbionts and emerges from the insect looking for 
another insect prey. (Figure drawn by Steven Arthurs, University of Florida). 
2.1.2.  Entomopathogenic nematode’s reproduction 
Both Steinernema and Heterorhabditis females lay eggs in the 
insect cadaver after mating with males. Juveniles hatched from 
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released eggs often develop into amphimictic1 adults (Johnigk and 
Ehlers, 1999a). The reproductive life cycle of most Steinernema involves 
both sexually differentiated partners, G1 males and females whilst all 
Heterorhabditis IJs develop into self-fertilizing hermaphrodite females2 
after insect infection (Poinar, 1990). However the second generation 
produce amphimictic Heterorhabditis adults. Interestingly, IJs from the 
species Steinernema hermaphroditum can develop into self-fertilizing 
hermaphrodite females just like Heterorhabditis IJs do. It has been 
argued that the uncommon feature of this Steinernema species supports 
the independent but convergent evolution with Heterorhabditis 
postulated by Poinar and described before (Griffin et al., 2001). As a 
consequence of the hermaphrodite reproduction of Heterorhabditis 
EPNs, the offspring’s genetic diversity is highly decreased or impaired. 
The hermaphrodite behaviour of Heterorhabditis allows infection by a 
single IJ moulting into an hermaphrodite female (Hominick et al., 1996) 
while at least two Steinernema IJs have to invade an insect larva and 
develop into male and female. Certainly, this provides a real 
advantage to the survival of Heterorhabditis species over Steinernema 
species. 
Mating between males and females consists in introducing 
sperm to fertilize the female’s eggs. Once the vulva is found, thanks to 
its spicule, the male produces spermatozoids. The male’s sperm will 
fertilize female’s eggs in the uterus. For hermaphrodites self-fertilizing 
females, sperm is produced and stored into the spermatic vesicles 
                                                     
 
1
 sexually differentiated into males and females 
2
 Hermaphrodites do possess both male and female genital tissues. However, in 
Heterorhabditis EPNs, they are called females because they exhibit similar features 
of females morphology (size, vulva, labial papillae, etc) 
Introduction 
11 
described as distal swelling of the uterus. When the female starts 
laying eggs, they are automatically fertilized by the sperm contained 
within the spermatic vesicles (Johnigk and Ehlers, 1999a; Zograf et al., 
2008). Since the females are bigger and longer, males have to find a 
way to scan the entire female body to be able to find the vulva. There 
are two different ways for males to find the vulva on the female body. 
These two reproductive behaviours point out another distinction 
between Steinernema and Heterorhabditis. Heterorhabditis males stick to 
a female and slips all along the female body until it finds the vulva. 
Both female and male heads are pointing in opposite direction (Strauch 
et al., 1994). The Steinernema males act like a ring around the female 
body. The male will coil around and all along the female body until it 
reaches the vulva (Lewis et al., 2002). 
Some mechanisms do exist to avoid several males copulating 
with the same female. In Heterorhabditis species, in analogy with C. 
elegans, the male leaves a mating plug closing the vulva after mating 
preventing other males to mate with the same female (Poinar et al., 
1992). In Steinernema species, it has been shown that virgin females 
produce some chemical attractants for males which production 
decreases after mating (Lewis et al., 2002). Moreover, in order to 
mature S. longicaudum males need the presence of virgin conspecific 
females in their close environment (Ebssa et al., 2008). 
2.1.3. Endotokia matricida 
The majority of the eggs are retained inside the EPN maternal 
body after mating. The offspring then develops and feeds in the 
maternal body. This process is called endotokia matricida (from the 
Greek vocables ενδο (“endo”, inside) and τοκοσ (“tocos”, birth), and 
from the Latin “mater”, mother and “caedere”, kill). Emile Maupas 
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proposed the terms endotokia matricida when he first described 
Caenorhabditis elegans in 1900. This phenomenon has the advantage to 
protect the offspring and, in the case of EPNs, to provide it with a high 
lipidic food source especially when the infected insect cadaver is about 
to be exhausted (Johnigk and Ehlers, 1999b). If endotokia matricida is 
promoted in case of scarce food supply, this phenomenon occurs for 
the first generation of juveniles even if the food source is still abundant. 
It becomes then obvious that the size of the susceptible insect will affect 
the development and survival of EPNs. Some authors reported the 
inefficiency of Steinernema IJs to control micro-insect pests (Ebssa et al., 
2004; Schroeder, 1987). Recently, Bastidas and co-workers clearly 
demonstrated the impaired development of EPNs in micro-insects and 
the complete lack of infectivity of 4 different Steinernema species in 
insects smaller than 5mm in length (Bastidas et al., 2014). From those 
studies came out the notion that Steinernema, and by inference 
Heterorhabditis, nematodes cannot persist for a long time in the 
environment if no larger insects are present. 
2.2. EPNs as Biopesticides 
2.2.1. Historical context 
Both Heterorhabditis and Steinernema have the ability to cause 
death in a huge variety of insects (Laumond et al., 1979), making them 
powerful candidate biopesticides in agriculture and horticulture. In 
fact, the discovery and description of EPNs are intimately linked to the 
need of a sustainable substitute to chemical pesticides. The first EPN 
studied in order to develop a biological pest control agent was 
Steinernema glaseri in the early 20th century (Glaser and Farrell, 1935; 
Glaser and Fox, 1930; Glaser et al., 1940). But at that time chemical 
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pesticides were still cheap and almost no regulation existed to restrain 
their use. In the 1960s, more attention was devoted to the development 
of biopesticides when the use of chemicals became more and more 
restricted and unpopular. Finally in the 1980s, thanks to a huge money 
support and collaboration between industry and universities, 
researches on EPNs rapidly expanded in order to provide a very 
efficient control of crop pests. Nowadays studies are still conducted to 
identify and formulate indigenous EPN strains to improve pest control 
management in emerging or developing countries (Hussein and 
Abdel-Aty, 2012; Karimi et al., 2010; Yadav and Lalramliana, 2012). 
2.2.2. Factors influencing EPNs behaviour and survival 
From the 1980s EPNs were studied and engineered not only to 
become efficient against a broad range of insect pests, but also to be 
resistant to temperature variation, desiccation… Research are still 
ongoing and numerous parameters are checked and studied to obtain 
powerful biopesticides usable in different crop fields. It has been 
shown that temperature has an impact on the fitness and the infectivity 
of EPNs. High temperature first impair the ability of EPNs to infect 
and kill insects before eventually inducing death of EPNs (Finnegan et 
al., 1999; Molyneux, 1986, 1985). Low temperature as well could be 
detrimental to EPNs infectivity and development depending on the 
ability of  EPNs to acclimate to a drop in temperature (Brown and 
Gaugler, 1996; Griffin and Downes, 1991).  From in vitro experiments, 
it came out that Steinernema species are more cold- and hot-
temperature resistant than Heterorhabditis species. Soil texture can 
significantly influence the behaviour of EPNs. It has been observed 
that Heterorhabditis are mainly found in sandy coastal soils where the 
salinity can be higher than in more terrestrial soils (Griffin et al., 1994). 
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The salinity rate of the environment as well has an impact on the 
infectivity of EPNs. An increased rate of salinity decreases the 
infectivity of Heterorhabditis species. On the other hand, salinity 
improves the hot-temperature tolerance of Heterorhabditis (Finnegan et 
al., 1999). From these studies it has been observed that each EPNs 
species behaves differently when faced to temperature shifts or 
suboptimal temperatures. These examples illustrate the high number 
of parameters which can impact the infectivity and survival of EPNs, 
making it very difficult to generalise the environmental behaviour of 
EPNs (Griffin, 2012). This variability explains why EPN species used 
as biopesticides will vary according to the targeted pest and the 
geographical localization of the targeted crop. Moreover, the idea of 
introducing non-indigenous EPNs might not be well-accepted and the 
impact on the non-targeted host should be evaluated. Bathon 
discussed these issues and conclude that the impact on the autochthon 
non-targeted fauna is negligible since the population could be only 
affected over a space- and time-restricted scale (Bathon, 1996). These 
assumptions will have to be reconsidered if EPN biopesticides should 
be generalised. In 1995, the Organisation for Economic Cooperation 
and Development (OECD) reviewed the issue of introduction non-
indigenous nematodes for biological control. The OECD report 
concluded that scientific evidence supports the assumption that EPNs 
are safe and that the few existing risks were identified. Moreover, the 
report noted that EPNs “are more specific and are less of a threat to the 
environment than chemical pesticides” (Ehlers and Hokkanen, 1996).  
Despite the impact on the non-targeted fauna, it should be wise 
to check if these EPNs largely spread over cultures, might carry and/or 
take up some mammal and human bacterial pathogens. Up to now, no 
study has been conducted to deal with this issue. First because the 
Introduction 
15 
microbial content of EPNs used as biopesticide is strictly controlled. 
Indeed during the industrial production process, EPNs go through an 
axenic step, before being used on the field (Bedding, 1981; Friedman et 
al., 1990). Second, no human or mammal infection strictly due to EPNs 
has ever been recorded. EPN strains used as biopesticide revealed to 
be non-pathogenic for humans so far. Nevertheless, the possible ability 
of EPNs to take up pathogens naturally present in the environment has 
to be addressed. 
3. Bacterial Symbiont of Entomopathogenic 
Nematodes 
Numerous organisms are living in symbiotic partnership, 
especially insects and bacteria (Moya et al., 2008). A very strong 
mutualistic association exists between lots of aphids and their 
intracellular endosymbiont Buchnera aphidicola located inside 
specialized host cells called bacteriocytes (Belda et al., 2010). 
Interestingly, in the aphid Cinara cedri, a second symbiont, Serratia 
symbiotica, is needed since B. aphidicola is not sufficient to fulfil all 
symbiotic functions (Burke and Moran, 2011; Manzano-Marín et al., 
2012). The tsetse fly (Diptera: Glossinidae) is also symbiotically 
associated with several bacteria like Wigglesworthia glossinidia and 
Sodalis glossinidius (Aksoy, 1995; Belda et al., 2010). Onchocerca volvulus 
is a parasitic filarial nematode causing skin and eye pathology called 
onchocerciasis in human. This nematode harbours an intracellular 
obligate bacterial symbiont called Wolbachia, which is essential for its 
normal development and fertility (Brattig, 2004; Taylor et al., 2005). It 
appeared that Wolbachia rather than the nematode is the cause of 
human inflammations (Gillette-Ferguson et al., 2006). 
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Entomopathogenic nematodes also have the particularity to 
live in symbiosis with specific bacteria. The genus to which these 
bacterial symbionts belong differs between Steinernematidae and 
Heterorhabditidae. The former are always associated with Xenorhabdus 
species, while the latter are associated with Photorhabdus species (Forst 
and Nealson, 1996; Poinar, 1990). In contrast to their respective 
nematode hosts, Xenorhabdus and Photorhabdus genera are closely 
related from a phylogenetic point of view. Actually they are more 
closely related to each other than to any other bacterial genera (Adams 
et al., 2006). 
More details and descriptions on the roles of the bacterial 
symbionts in the life cycle of EPNs are given hereafter. 
3.1. General taxonomy of Photorhabdus spp. and 
Xenorhabdus spp. 
3.1.1.  Historical discovery 
In 1955, Dutky and Hough found an undescribed insect parasitic 
nematode (DD-136) causing death to Carpocapsa pomonella. For the first 
time, these authors stated that the death of the insect larva was due to 
bacterial septicaemia (Dutky and Hough, 1955). Intrigued by this 
statement, Poinar and Thomas made a more in depth study of this DD-
136 EPN (later shown to belong to the Steinernematidae). In 1965, they 
discovered the recurrent association between the Steinernematidae DD-
136 and a specific bacterium which was described as Achromobacter 
nematophilus sp. nov. since the authors were unable to classify it (Poinar 
and Thomas, 1965). One year later, the same authors described the 
mutualistic relationship between the nematode and its bacterial 
symbiont (Poinar and Thomas, 1966). In 1979, the new genus 
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Xenorhabdus gen. nov. was proposed to gather all the mutualistic 
bacteria associated with EPNs. Despite some biochemical and 
physiological differences, no genus distinction was made between 
bacterial symbionts of Steinernema and Heterorhabditis nematodes. 
However it has been observed that bioluminescent Xenorhabdus sp. are 
always associated with Heterorhabditis nematodes but never with 
Steinernema nematodes (Thomas and Poinar, 1979). With the 
development of molecular tools, based on DNA relatedness analysis, 
Boemare et al. proposed in 1993 the new genus Photorhabdus gen. nov. 
to term the bacterial symbiont of Heterorhabditis nematodes (Boemare 
et al., 1993). However, in 1977, a Photorhabdus species, named 
Photorhabdus asymbiotica (Fischer-Le Saux et al., 1999) (formerly 
Xenorhabdus luminescens from DNA hybridization group 5 (four 
strains)) was found to infect humans as an opportunistic agent. It was 
isolated from leg wounds and blood sample of clinical patients in the 
USA without any Heterorhabditis EPNs (Farmer et al. 1989). The natural 
Heterorhabditis nematode host was identified in 2006 from soil samples 
which caused infection by P. asymbiotica of a 49-year old Australian 
man who dug to build a fence (Gerrard et al., 2006). Up to now, P. 
asymbiotica is the only EPN bacterial symbiont known to be directly 
pathogenic towards mammalian host. 
3.1.2. Taxonomy 
Both Xenorhabdus and Photorhabdus are gram negative 
asporogenous rod-bacteria members of the Enterobacteriaceae family 
(Boemare and Akhurst, 1988; Boemare et al., 1993). They are motile 
with peritrichous flagella (Akhurst & Boemare 1988; Farmer et al. 
1989). They are facultatively anaerobic with both respiratory and 
fermentative metabolism (Boemare, 2002). As mentioned before, 
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bioluminescence of Photorhabdus bacteria is one of the most obvious 
characteristic they do not share with Xenorhabdus symbionts. They are 
all entomopathogenic with a host spectrum varying among species. 
For example, the couples S. carpocapsae-X. nematophila and H. 
bacteriophora-P. luminescens are highly effective against a broad range 
of insects from Lepidoptera, Coleaptera and Orthoptera orders (Fallon et 
al., 2006; Rosa et al., 2002; Wang et al., 1994). On the opposite the couple 
S. glaseri-X. poinarii is virulent only to a few coleopteran species 
(Converse and Grewall, 1998). X. poinarii injected alone in G. mellonella 
larvae (a highly susceptible Lepidoptera), is unable to kill the larvae 
while other Xenorhabdus species are (Akhurst, 1986). This narrow host 
specificity clearly suggests peculiar adaptation of X. poinarii to its 
nematode host. The suggested evolutionary pathway of X. poinarii is 
supported by its smaller genome size compared to other Xenorhabdus 
symbionts (Ogier et al., 2014). Both EPN symbiont genera produce 
bacteriocins which will be described later in this introduction. It is 
interesting to note here that many strains of Xenorhabdus are lysogenic 
while no phage has yet been found in Photorhabdus (Boemare et al., 
1992; Forst et al., 1997). A phage-tail like bacteriocin, called 
xenorhabdicin, has been purified from X. nematophila (formerly X. 
nematophilus). This bacteriocin showed to be effective against closely 
related bacteria like Photorhabdus and other Xenorhabdus species 
(Boemare et al., 1992; Thaler et al., 1995). 
3.1.3. Phenotypic variation 
In general, pathogenic bacteria use phenotypic variation to 
respond to environmental changes (Robertson and Meyer, 1992). This 
phenotypical switch does not occur in the entire bacterial population 
and a clonal population issuing from a single bacterium is never fully 
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homogenous from a genetic point of view. This is a protective 
mechanism for a better survival whatever the change in the growth 
conditions (Forst et al., 1997). Both Xenorhabdus and Photorhabdus 
genera display phenotypic variation. Several stress conditions have 
been identified that enhance the phenotypic shift such as nutriment 
depletion (Smigielski et al., 1994) and microaerophilic or anaerobic 
conditions (Boemare and Akhurst, 1990).  There is two phenotypic 
profiles in EPNs symbionts described as Form I and Form II variants. 
Form I bacterial variants are isolated from the IJ stage of EPNs’ life 
cycle (Boemare and Akhurst, 1988). Form II variants either lack or have 
modified biochemical properties (see Boemare & Akhurst 1988) such 
as bromothymol blue dye adsorption - form I variants do absorb the 
dye while form II variants do not (Akhurst, 1980). Form II variants of 
P. luminescens exhibit very weak or no bioluminescence at all (100-fold 
greater in form I) (Boemare and Akhurst, 1988; Fischer-Le Saux et al., 
1999). Both Xenorhabdus and Photorhabdus display a severe decrease in 
the production of antibiotic molecules and crystal proteins needed for 
the proper development of their nematode host inside an insect prey 
(further described in the text). It has been shown that both variant I 
and II are equally pathogenic towards G. mellonella. However, if 
entomopathogenicity of the bacterial symbiont is not affected by 
phenotypic variation, the number of IJs emerging from a G. mellonella 
larva infected with form II symbionts is drastically reduced as 
compared to a larva infected with form I symbionts (Volgyi et al., 
1998). Form I symbionts are motile and able to swarm on the LB agar 
surface while form II variants are not motile due to the absence of 
expression of the flagellar protein encoding genes fliCD (Givaudan et 
al., 1995). Thanks to transmission electron microscopy (TEM), Brehélin 
and co-workers showed that the capsular material of Photorhabdus and 
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Xenorhabdus symbionts is also affected by phenotypic variation. If P. 
luminescens harbour fimbriae in both form I and II, X. nematophila cell 
surface loses all its fimbriae in form II. The glycocalyx layer, though 
thicker in Xenorhabdus than in Photorhabdus, is significantly thinner in 
both symbiont form II variants (Brehélin et al., 1993). 
Phenotypic variation does not imply molecular changes in 
DNA neither in Xenorhabdus nor in Photorhabdus. This is supported by 
several observations. First, DNA relatedness between form I and form 
II variants is 100% (Boemare et al., 1993). Second, digestion profiles of 
genes encoding proteins affected by phenotypic variation (flagella, 
bioluminescence, crystal proteins …) are identical in form I and form 
II. Southern cross experiments also demonstrated no DNA 
rearrangement (Akhurst et al., 1992). The plasmid content of both 
phenotypic variant was also found to be the same (Leclerc and 
Boemarel, 1991; Smigielski and Akhurst, 1994). Finally, Givaudan and 
co-workers found that Xenorhabdus fliCD flagellar genes are intact but 
not expressed in form II Xenorhabdus variants. The motile phenotype is 
indeed restored in a complemented E. coli flagellin mutant while 
complementation of the form II variant with the same fliCD genes does 
not restore the motile phenotype in Xenorhabdus. The same authors 
showed that the nucleotide sequence of fliCD and of the surrounding 
region was identical in both form I and form II variants but Northern 
blot analysis demonstrated that fliC and fliD are not and weakly 
transcribed respectively (Givaudan et al., 1996). If DNA instability is 
not involved in phenotypic variation, several experiments 
demonstrated regulation of phenotypic variant genes at the RNA level 
(transcriptional (fliCD) or post-transcriptional (lux) levels) or at post-
translational (lipases and proteases) level (see Forst et al. 1997 for 
review). 
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Reversions (from form II to form I) are possible but happen 
infrequently in Xenorhabdus and was so far never reported in 
Photorhabdus (Forst and Clarke, 2002; Joyce et al., 2006). For P. 
asymbiotica, form II variants were recovered from human clinical 
samples (Fischer-Le Saux et al., 1999). However Gerrard and co-
workers showed that P. asymbiotica (Kingscliff strain) recovered from 
a human hand wound appeared to be a form I variant since it was able 
to support the development of its Heterorhabditis host just as well as a 
P. asymbiotica strain directly isolated from the nematode (Gerrard et al., 
2006). This suggests that Photorhabdus spp. are also able to revert from 
form II to form I. 
3.2. Bacterial symbionts along EPN life cycle  
The symbiotic relationship between Xenorhabdus and 
Photorhabdus symbionts with their respective nematode hosts is cyclic 
and balanced along the life cycle of EPNs between a symbiotic and a 
feeding stage. In analogy with section 2.1.1., we will start the cycle 
description from the IJs stage. 
3.2.1. Photorhabdus and Xenorhabdus hosted in IJs 
Symbiotic bacteria are hosted in the gastro - intestinal tract of 
IJs released in the environment when they actively seek for an insect 
prey. Xenorhabdus bacteria are more specifically located in an intestinal 
vesicle, originally called symbiotic vesicle (Bird and Akhurst, 1983) but 
currently described as receptacle (Snyder et al., 2007). This receptacle 
is located between the pharynx and the intestine (Figure 4). The size 
and morphological variability of the receptacle has been shown by Bird 
and Akhurst thanks to differential interference contrast microscopy 
and TEM. It appeared that the thickness of the receptacle wall varied 
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from a Steinernema species to another, being thick in S. kraussei and thin 
in S. feltiae. Some receptacle’s lumens were covered with microvilli.  
 
Figure 4: EPNs colonized by GFP-labelled symbiotic bacteria 
A. Epifluorescent micrograph showing the location of GFP-labelled P. luminescens 
bacteria in the intestines of H. bacteriophora IJs (Ciche and Ensign, 2003). 
B. Confocal micrograph showing the location of Xenorahbdus sp. TZ03 in the receptacle 
of a Steinernema sp. MW8B IJ (Gengler et al., 2015). 
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The same authors also showed that development of the receptacle is 
independent of the presence of Xenorhabdus cells. Actually similar but 
empty structures developing in axenic S. bibionis were observed (Bird 
and Akhurst, 1983). However, the presence of Xenorhabdus inside the 
receptacle influences its structure since it is shorter and wider in axenic 
IJs (Flores-Lara et al., 2007). A more recent study confirmed the 
previous statement and went deeper in the analysis of the receptacle 
structure allowing a finer classification of Steinernematidae (Kim et al., 
2012). A Steinernema IJ usually carries between 40 and 200 Xenorhabdus 
CFUs (Martens et al., 2003; Poinar, 1966). Heterorhabditis nematodes do 
not possess a symbiotic vesicle. As a result, an average of 130 CFUs of 
Photorhabdus symbionts are mainly located in the anterior part of the 
nematode digestive tract together with other Enterobacteriaceae 
(Figure 4) (Babic et al., 2000; Ciche and Ensign, 2003; Endo and Nickle, 
1991; Milstead, 1979). Each EPN has its specific bacterial symbiont even 
if bacterial symbionts taxonomically attributable to the same bacterial 
species can be symbiotically associated with several EPN species. 
Significant differences do exist between different isolates of the same 
Xenorhabdus species, though, like sugar assimilation or growth 
temperature. These differences are believed to reflect specific 
adaptations to their dedicated Steinernema host (Emelianoff et al., 
2008b; Tailliez et al., 2006). Such nematode-bacterium specificity is also 
observed in Heterorhabditis spp. since they cannot reproduce when fed 
with another Photorhabdus symbiont than their natural one (Han and 
Ehlers, 1998). Even if they can be cultivated as free organisms in vitro, 
bacterial symbionts are usually never retrieved from the environment 
outside their EPN hosts. 
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3.2.2. Insect invasion and release of bacterial symbionts 
Upon invasion of an insect larva, IJs release their bacterial 
symbionts by excreting (in the case of Xenorhabdus) or regurgitating (in 
the case of Photorhabdus) them directly in the insect’s haemocoele 
(Balcerzak, 1991; Ciche and Ensign, 2003; Poinar and Himsworth, 
1967). It has been shown that the insect haemolymph, and not the 
presence of nutrients, triggers the release of either Xenorhabdus or 
Photorhabdus. Moreover, it has been demonstrated that bacterial 
motility is not required for symbiont release out of the IJ body. The 
nematode thus controls the release of its bacterial symbiont (Ciche and 
Ensign, 2003; Snyder et al., 2007). It is interesting to note here that from 
that particular moment, bacterial symbionts and nematode hosts are, 
in close proximity, although existing separately (Stock and Goodrich 
Blair, 2008). Bacterial symbionts shift to a dramatically different 
environment, moving from the nematode’s gut to the insect 
haemolymph. The global regulator Lrp is essential to activate or 
represse gene involved either in mutualism (colonization factors like 
nilABC described further in the text) or parasitism (insect virulence 
factors) according to the bacterial environment (Cowles et al., 2007). A 
signal for bacterial symbionts to adapt to their new environment is the 
presence of high iron concentration in the insect as compared to the IJs 
gut. Iron concentration acts on the expression of genes under the 
control of the FliAZ regulon which encode proteins involved in 
mutualism and pathogenicity (exoenzymes, full virulence toward 
insects, motility) (Joyce et al., 2006; Jubelin et al., 2011; Lanois et al., 
2008; Watson et al., 2010, 2005).  FliA is a sigma factor notaby required 
for the expression of the flagellin monomer FliC (Givaudan and 
Lanois, 2000). FliZ regulates the expression of two haemolysin genes 
involved in apoptotic and pore-forming activities in insect cells 
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(Vigneux et al., 2007; Zhang et al., 2014). Jubelin and co-workers 
demonstrate that a low availability of iron downregulates the 
expression of the genes under the control of the FliAZ regulon (Jubelin 
et al., 2011). In the insect’s haemolymph, symbionts rapidly multiply 
causing a fatal septicaemia to the infected insect. Bacterial symbionts 
also produce insecticidal toxins helping killing the insect host and 
antibiotic compounds preventing competitors development in the 
insect cadaver (Akhurst, 1993; Sicard et al., 2003; Nick R Waterfield et 
al., 2009). The insecticidal toxins and the molecules secreted to prevent 
competition inside the cadaver will be described in the following 
sections. As described before, after symbiont release, nematodes start 
to feed and reproduce. Their food supply is provided by the symbiont 
which degrades the insect’s macromolecules. In addition, bacterial 
symbionts themselves serve as food source for nematodes as well 
(Chaston et al., 2011). Xenorhabdus and Photorhabdus bacteria massively 
produce cytoplasmic crystalline inclusion proteins (CIP) (named IP-1 
and IP-2 in Xenorhabdus and CipA and CipB in Photorhabdus) which 
may serve as food source for nematodes. Xenorhabdus or Photorhabdus 
CIP knock-out (KO) mutants cannot therefore support multiplication 
of nematodes in vivo (Bintrim and Ensign, 1998; Couche and Gregson, 
1987). However, it has been observed that nematodes cannot multiply 
when grazed on killed symbiont containing the inclusion proteins. 
This observation suggest a more complex function for these inclusion 
proteins probably involved in the nematode symbiosis (Bowen and 
Ensign, 2001). CIP accounts for up to 40% of the Photorhabdus protein 
content and for more than one third of the total cell volume of 
Xenorhabdus (Bowen and Ensign, 1998; Couche and Gregson, 1987). 
The IP-1/-2 are composed of a single protein subunit with a molecular 
mass of 26 and 22 kDa respectively while the molecular mass of the 
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CipA/B protein subunit is 11 kDa. The high content of hydrophobic 
amino acids of these inclusion proteins may explain their insolubility 
at the neutral pH of the Xenorhabdus and Photorhabdus cytoplasm 
(Bowen and Ensign, 2001). If they have 25% similarity with each other, 
the peptidic sequences of these inclusion proteins do not share 
similarity with any other known protein so far (Bintrim and Ensign, 
1998). It is then obvious that more research has to be done to determin 
more precisely the function of these proteins. 
3.2.3. Colonization of new IJ generation by the bacterial 
symbiont before emergence. 
When the insect cadaver is depleted, EPNs stop multiplying 
and larval maturation stops at the IJ stage (see section 2.1.1.). Before 
emerging from the insect cadaver, IJs and their specific symbionts have 
to re-associate to ensure successful future infections and survival of 
both partners. The developing IJs then have to cease feeding on 
bacterial symbionts to allow them to colonize their gut. In the 
meantime, EPNs symbionts have to switch from a high insect pathogen 
to a harmless IJ colonizator. Colonization of IJs differs from 
Xenorhabdus to Photorhabdus. For the former, symbionts are transmitted 
horizontally in Steinernema while they are vertically transmitted 
through the maternal body of Heterorhabditis for the latter. The 
presence of a receptacle in Steinernema nematodes and its absence in 
Heterorhabditis nematodes, makes the bacterial symbionts confined in 
Steinernema IJs while Photorhabdus are rather scattered along the 
Heterorhabditis’ gut. 
3.2.3.1. Colonization of Steinernema by Xenorhabdus 
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In 2003, Martens and co-workers were the first to get through 
an in-depth analysis of the colonization of S. carpocapsae IJs by X. 
nematophila. With the help of GFP mutants of X. nematophila, they 
demonstrated that a few bacterial cells initiated colonization of the 
receptacle (qualified as oligocolonization by the authors). By 
combining epifluorescence microscopy pictures with symbiont CFUs 
counting in oligocolonized pre-infective juvenile during 150h, they 
showed that bacteria multiply in the receptacle’s lumen to reach full 
density, since mouth and anus are already sealed in immature IJs. 
Finally the same authors, using three different signature-tagged X. 
nematophila clones, demonstrated that the S. carpocapsae receptacle is 
most of the time (75%) colonized by a single X. nematophila clone 
supporting the oligocolonization and the high specificity of the 
Nematode-Bacteria symbiosis (Martens et al., 2003). Two years later, 
the same laboratory discovered the presence of a so-called 
‘intravesicular structure’ (IVS) inside the receptacle. They described 
the IVS as an untethered cluster of anucleated spherical bodies which 
are not attached to the receptacle epithelium. The true nature of these 
IVS is still undetermined, but spheres might be surrounded by a 
mucus-like layer which may serves as specific binding site for 
Xenorhabdus. Indeed, authors observed the binding of Xenorhabdus to 
the IVS in the early stage of colonization. As for the receptacle, the 
presence of Xenorhabdus is not required for the formation of the IVS. 
Authors showed that insect hemolymph triggers the release of IVS 
from the receptacle and its excretion with or without binding 
Xenorhabdus cells. Clearly the IVS does not only mediate specific 
colonization of the Steinernema receptacle by Xenorhabdus bacteria but 
also helps bacterial release upon insect infection. (Martens and 
Goodrich-Blair, 2005). Some determinants have been identified to be 
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involved or required for the colonization of Steinernema by 
Xenorhabdus. Defective metabolic mutant unable to synthesize 
methionine or threonine were able to initiate the colonization but were 
unable to grow within the receptacle (Flores-Lara et al., 2007; Martens 
and Goodrich-Blair, 2005). Also mutants lacking the RpoS sigma factor 
were not at all able to colonize the nematode (Heungens et al., 2002; 
Vivas and Goodrich-blair, 2001). The nilABC genes (for nematode 
intestine localization), coding for membrane proteins involved in 
adherence, are necessary for the colonization of S. carpocapsae 
nematodes by X. nematophila. Besides being unable to colonize the 
nematode’s gut, nil KO mutants display no other essential phenotype 
alterations such as entomopathogenicity or support to nematodes 
multiplication (Heungens et al., 2002). Sicard and co-workers studied 
the species-specific symbiosis between X. nematophila and S. 
carpocapsae (Sicard et al., 2004). Interestingly, X. nematophila nil locus 
homologs cannot be found in any other Xenorhabdus species described 
up to now. Introduction of the nil locus in other Xenorhabdus species 
allow them to colonize S. carpocapsae while wild-types are unable. All 
together, these observations demonstrate not only the species-
specificity of S. carpocapsae colonization but also the essential role of 
the nil locus in this phenomenon (Cowles and Goodrich-Blair, 2008). 
Lately, thanks to gfp-tagged bacteria, Chaston and co-workers showed 
the localization of X. nematophila through the all developmental stages 
of its nematode host S. carpocapsae thus demonstrating that the 
symbiont is not only associated to the juvenile stage (Chaston et al., 
2013). Figure 5 shows the different localisation (either in the intestinal 
tract, or in the receptacle or in pharyngeal-intestinal valve) of X. 
nematophila through the development of S. carpocapsae. Other studies 
showed that the CpxRA signal transduction system is an important 
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regulator of Xenorhabdus behaviour, either promoting mutualism with 
a Steinernema nematode (regulation of the nil locus) or promoting 
virulence toward insects (resistance to insect immune system) (Herbert 
et al., 2007; Herbert Tran and Goodrich-Blair, 2009; Herbert Tran et al., 
2009). 
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Figure 5: Spatial and temporal X. nematophila colonization events during S. carpocapsae development 
(A) A colonized infective juvenile (IJ) (B) releases its bacteria by defecation after insect penetration and moults into adult stages. (C) Adults that 
develop from IJs carry bacteria localized at the anterior intestinal caecum. (D) Bacteria localize randomly through the intestin. (E) G2 adult 
nematodes have bacteria localized to the anterior intestinal caecum. The beginning of pre-IJ development is distinguished by (F) bacterial 
colonization of the pharyngeal-intestinal valves, and subsequently, intestinal constriction (G). (H) After relaxation of the anterior intestinal 
constriction, bacteria are observed localized to the receptacle and over time bacteria grow to completely fill the receptacle. Abbreviations: parental 
generation (G1), first generation offspring (G2), second-generation offspring (G3). (Adapted form Chaston et al., 2013)
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3.2.3.2. Colonization of Heterorhabditis by Photorhabdus 
Despite the absence of receptacle in Heterorhabditis, species-
specific colonization of Heterorhabditis by Photorhabdus exists and can 
be even more stringent than in Steinernema/Xenorhabdus couples. 
Heterorhabditis IJs are formed by endotokia matricida. Consequently, 
transmission of Photorhabdus to IJs is maternal and thus vertical. Three 
major steps are described for IJs colonization. The first one is the 
migration of Photorhabdus towards the rectum of the hermaphrodite 
females. Second, colonization of the anterior part of IJ’s gut occurs 
during the endotokia matricida. And finally, the first colonizing 
bacteria multiply and reach the whole IJ’s gut (Ciche and Ensign, 2003; 
Goodrich-Blair and Clarke, 2007). In 2008, Ciche and co-workers led an 
in-depth study to shed light on the mechanisms of Photorhabdus 
transmission. Thanks to GFP-labelled bacteria and transmission 
electron microscopy (TEM) observations, they showed that after 
biofilm-mediated adherence and colonization of the hermaphrodite’s 
gut, Photorhabdus cells migrate to and invade the rectal glands. Within 
this compartments, bacterial symbionts are available for offspring 
which hatches inside the maternal body (Ciche et al., 2008). Another 
study published in  2012 and making use of the same methods as that 
of Ciche et al., argued that Photorhabdus cells do not invade rectal 
glands in the hermaphrodites, but rather vesicles in the rectum area 
(Stock et al., 2012). The true mechanism is still not clearly established 
but everybody agrees on the maternal transmission of Photorhabdus 
cells into IJs, which differs strikingly with the horizontally transferred 
Xenorhabdus cells. Despite the fact that Heterorhabditis sp. do not 
possess any receptacle, high selective processes exist to favour 
colonization by the bacterial symbiont. This process is partially 
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dictated by the innate immune response of the nematodes themselves. 
Actually hermaphrodites produce some CAMP-like (cationic 
antimicrobial peptides) proteins to which Photorhabdus bacteria might 
resist thanks to the product of the pbgPE operon involved in adaptive 
lipopolysaccharide (LPS) modifications (Froy, 2005; Goodrich-Blair 
and Clarke, 2007). 
3.3. Entomopathogenicity of Xenorhabdus spp. and 
Photorhabdus spp. 
Pathogenicity of Xenorhabdus and Photorhabdus towards insects 
can be summarized in two aspects. The first aspect consists in 
overcoming the insect immune response. The second aspect consists in 
releasing a toxins to kill insects.  
As mentioned before, the two EPNs symbiotic bacterial genera 
are genetically closely related but behave differently to achieve their 
symbiotic lifestyle. The way the insect immune response is overcomed 
perfectly illustrates the convergent evolution of Xenorhabdus and 
Photorhabdus bacteria. It has been shown that pre-injection with non-
pathogenic bacteria (E. coli) up-regulates the innate immune response 
of Manduca sexta  and confers to the insect a significant general 
resistance to enterobacteria including Xenorhabdus and Photorhabdus 
(Eleftherianos et al., 2006). Like mammals, insects produce some 
CAMPs targeting the membranes permeability of both Gram-negative 
and –positive bacteria. There is a huge diversity of CAMPs thus 
displaying different effect on the targeted bacteria. Some CAMPs like 
proline-riche peptides (Buforin II, dermaseptin, indolicin) have a 
cytotoxic activity bloking DNA replication and transcription. They 
either bind DNA/RNA or induce degradation of essential enzyme for 
DNA replication resulting to an inhibition of both DNA replication 
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and transcription (Brogden, 2005; Bulet et al., 1999; Nappi and 
Ottaviani, 2000). Some other CAMPs recognize the general structure of 
the lipopolysaccharide (LPS) shared by Gram-negative bacteria. Thus 
to counteract this humoral response, Photorhabdus expresses a 
modified LPS which hinders the effect of CAMPs by preventing the 
recognition of the new LPS structure and decreasing the outer-
membrane’s permeability to these compounds (Guo et al., 1998; 
Medzhitov and Janeway, 1997). This strategy is quite common among 
enterobacteria. For example, Salmonella adds a sugar to its LPS variable 
part thanks to the products of the pmr operon which is regulated by 
the phoPQ locus (Gunn et al., 1998; Guo, 1997). The phoPQ operon as 
well as pbg, a homolog of the pmr operon, are present in the 
Photorhabdus genome. As mentioned before, pbgE KO mutants are 
unable to colonize Heterorhabditis IJs as the probable consequence of 
their hyper-susceptibility to CAMPs produced by hermaphrodites. It 
has been shown that this mutant fails to kill the insect as well due to 
its inability to overcome the insect’s humoral response (Bennett and 
Clarke, 2005). More largely, Derzelle and co-workers showed that the 
Photorhabdus phoP KO mutant was also unable to kill insects (Derzelle 
et al., 2004). Interestingly, the same mutants in Xenorhabdus are also 
more susceptible to CAMP, although they are still able to kill insects 
(Goodrich-Blair and Clarke, 2007). This means that Xenorhabdus can 
counteract the insect humoral response but does so through another 
strategy as compared to Photorhabdus. In addition to LPS modification, 
Xenorhabdus prevents the expression of insects CAMP genes (Ji and 
Kim, 2004). Insects trigger a cellular immune response which involves 
haemocytes able to aggregate, encapsulate and melanise bacteria. By 
doing so a nodule containing trapped bacteria is formed and removed 
from hemolymph circulation (Kanost et al., 2004). Xenorhabdus and 
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Photorhabdus bacteria can secrete an inhibitor of the insect’s 
phospholipase A2 (PLA2), involved in melanisation and nodule 
formation. Thus, by inhibiting PLA2, Xenorhabdus and Photorhabdus 
escape from this part of the insect cellular immune response (Kim et 
al., 2005; Shrestha and Kim, 2007). Haemocytes are also able to 
phagocytose bacteria. It has been shown that P. luminescens secretes an 
effector called LopT (for luminescens outer protein T) through its type 
three secretion system (T3SS) (similar to YopT from Y. pestis) which 
supresses haemocyte’s phagocytosis (Brugirard-Ricaud et al., 2005). 
Vlisidou and co-workers identified in 2010 a two-component 
regulatory system, KdpDE, based on the potassium concentration that 
allows P. asymbiotica to survive after phagocytosis within the insect’s 
haemocytes. This study brought significant insights in the 
understanding of the survival of bacterial pathogen within phagocytic 
killing cells not only in insects but in mammals as well (Vlisidou et al., 
2010)  (see also Eleftherianos et al. 2010 for a review of Photorhabdus 
strategies to overcome the insect immune system). Besides the T3SS, 
Photorhabdus bacteria possess an alternative secretion system called 
Photorhabdus virulence cassette (PVC). PVC is a phage-tail-like 
structure which injects effectors that kill the haemocytes through 
dramatic actin cytoskeleton condensation (Yang et al., 2006). Another 
toxin produced by Photorhabdus species is the Mcf1 (for make 
caterpillars floppy) toxin, secreted by a dedicated Type 1 secretion 
system, which induces apoptosis in haemocytes or in a broad range of 
cultured human cells after internalisation (Daborn et al., 2002; Nick R 
Waterfield et al., 2009). No homolog of LopT has been found in 
Xenorhabdus which counteracts haemocyte phagocytosis thanks to 
enzymes (lipase, haemolysin, …) secreted through the flagella export 
apparatus (T3SS) (Park and Forst, 2006). 
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 Entomopathogenicity of Xenorhabdus and Photorhabdus is also 
defined by their ability to effectively kill insects by producing 
insecticidal toxins. These toxins are highly pathogenic towards a wide 
range of insects. A dose as low as less than 5 Xenorhabdus or 
Photorhabdus CFU/insect is able to cause death within 48-72h after 
infection (Forst and Nealson, 1996; Milstead, 1979). Extensive studies 
have been conducted to identify the insecticidal toxin produce by 
Xenorhabdus and Photorhabdus bacteria in order to develop alternative 
strategies to control crop pest. Beside their entomopathogenicity, these 
toxins are able to inhibit phagocytosis helping bacteria to avoid the 
immune system (Lang et al., 2010). 
 The first insecticidal toxins were identified in P. luminescens as 
the “toxin complex” (Tc). In 1998, four distinct high molecular weight 
Tc were purified and named Tca, Tcb, Tcc and Tcd from P. luminescens 
and encoded by the loci termed with the same corresponding names. 
Both tca and tcd loci encode complexes orally toxic to Manduca sexta. 
Oral toxicity of Photorhabdus or Xenorhabdus secreted toxins greatly 
vary among bacterial strains and insect hosts. Indeed, cell-free 
supernatants from only 6 Photorhabdus strains out of 52 Photorhabdus 
and Xenorhabdus strains tested were orally toxic for thrips species 
(Gerritsen et al., 2005). These toxins revealed to be as toxic as Bacillus 
thuringiensis crystal toxin used to control crop pests in transgenic 
plants (Bowen et al., 1998). In Photorhabdus, the tc loci present two 
different types of organization. Both tca and tcc loci are organised in 
operons with three different open reading frames (ORF) transcribed in 
the same direction (tcaA, tcaB, tcaC and tccA, tccB, tccC). A shorter 
terminal ORF transcribed in the opposite direction is also present in tca 
and tcc loci (tcaZ and tccZ). The two last loci, tcb and its homolog tcd 
are both long ORF (tcbA and tcdA). However TcbA and TcdA are 
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cleaved in several (3 in the case of TcbA) polypeptides upon secretion. 
Figure 7 describes the genomic organisation of Tc ORFs in Photorhabdus 
and in Xenorhabdus and their respective homology (Ffrench-Constant 
and Bowen, 2000). The capital letters A to C determine the class of the 
toxin in the Tc, based on sequence similarity and size (Ffrench-
Constant and Waterfield, 2006). Each Tc is composed of a combination 
of toxin proteins belonging to these 3 different classes. For example, 
the Xenorhabdus toxin complex 1 (XTc1) consists of three toxins XptA2, 
XptB1, and XptC1 with a stoichiometry 4:1:1 (Figure 6). The cytotoxic 
effect of the Tc is often linked to class A toxins (this is the case for XTc1)  
 
Figure 6: Putative model of complete native toxin complex 1 from X. nematophilus. 
The large XptA2 protein forms a homo-tetramer. The XptB1 and XptC1 proteins bind 
together to form a 1:1 dimer. The XptC1 protein is cleaved into a N-terminal fragment 
and a C-terminal fragment, both still bound to XptB1. The mechanism of cleavage is 
not known. This complex then binds to the tetrameric XptA2 to form the complete 
toxin complex. The exact location where XptB1 and XptC1 proteins bind to XptA2 is 
not known but is positioned on top of the complex for illustrative purposes (Adapted 
from Sheets et al., 2011). 
and sometimes to class C toxins (for Photorhabdus toxin complex 
consisting of tccC3 and tccC5) whereas class B and C toxins modulate 
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and enhance the cytotoxic effect of the Tc (Guo et al., 1999; Lang et al., 
2010; Sheets et al., 2011). Photorhabdus and Xenorhabdus Tc are so similar 
that XptA2 can interact with TcdB2 and TccC3 to form an active hybrid 
Tc that has greater insecticidal activity than the Xenorhabdus native Tc 
(Sheets et al., 2011). Tc-like genes have been found in other 
entomopathogenic bacteria like mammal pathogenic Yersiniae and 
Serratia entomophila (Waterfield et al., 2001). Photorhabdus possesses 
other insecticidal toxin genes encoding 2 Pir proteins, PirA and PirB 
(for Photorhabdus insect related). Pir proteins revealed to be orally toxic 
for mosquito larvae and lethal when injected to G. mellonella 
(Ahantarig et al., 2009; Waterfield et al., 2005). Another surprising 
toxin in Xenorhabdus is the HIP57 protein. This protein, which is highly 
toxic upon direct insect injection, is an homolog of the heat-shock 
chaperon protein GroEL (Yang et al., 2012). Two other Xenorhabdus 
toxins have been described in 2000 and 2004 (Brown et al., 2004; Keun 
et al., 2000) 
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Figure 7: Genomic organisation of Photorhabdus and Xenorhabdus Tc ORF.  
Both tca and tcc loci are organised in operons with three different open reading frames 
(ORF) transcribed in the same direction (tcaA, tcaB, tcaC and tccA, tccB, tccC). A shorter 
terminal ORF transcribed in the opposite direction is also present in tca and tcc loci 
(tcaZ and tccZ). The two last loci, tcb and its homolog tcd are both long ORF. Colors 
indicate homologs between Photorhabdus and Xenorhabdus Tc ORF. The clivage sites 
are showed by the vertical black arrows. (Adapted From Ffrench-Constant and Bowen, 
2000) 
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3.4. Xenorhabdus sp. and Photorhabdus sp. prevent 
microbial competition                       
Besides killing the insect host and feeding the nematode, 
Xenorhabdus and Photorhabdus have to prevent microbial competitors’ 
growth inside the insect’s cadaver. A whole saprophytic population of 
bacteria and fungi are present in the insect waiting for an 
immunodeficiency of the insect host to develop. It has been shown that 
microbes appear in the hemolymph soon after insect invasion by EPNs 
(Gouge and Snyder, 2006). Paul and co-workers were the first, in 1981, 
to isolate and identify new anti-bacterial compounds produced by 
Xenorhabdus and Photorhabdus bacterial symbiont (Paul et al., 1981). 
From then, plenty of studies have been led to characterize the nature 
and the bioactivity of the products derived from both Xenorhabdus and 
Photorhabdus bacteria (Webster et al., 2002). There are two types of such 
products. The first one are large phage tail-like molecules called 
bacteriocins. These bacteriocins are bactericidal but display greater 
specificity towards bacteria closely related to EPNs symbionts or 
towards Xenorhabdus and Photorhabdus species or strains other than the 
symbiont producer. These bacteriocins clearly play a role in the 
species-specificity of nematode-bacteria symbiosis (Akhurst, 1982). 
The second type, only produced by form I variants, includes all other 
small non-proteinaceous secondary metabolites belonging to different 
chemical classes and displaying antibiotic, antimycotic, insecticidal or 
nematicidal activity. Both Xenorhabdus and Photorhabdus produce such 
secondary metabolites but Xenorhabdus’ metabolites are more diverse 
than those from Photorhabdus (Webster et al., 2002). These metabolites 
not only have diverse chemical structures but also have a wide range 
of bioactivities with medicinal and agricultural interests such 
antiulcer, antineoplastic and antiviral. Methods are currently 
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developed to optimize the production of metabolites displaying 
interesting properties (Fang et al., 2012; Inman and Holmes, 2012; 
Inman III and Holmes, 2012; Y. Wang et al., 2011). 
3.4.1. Xenorhabdus metabolites 
A bacteriocin from X. nematophila was purified and named 
xenorhabdicin (Thaler et al., 1995). The phage tail-like xenorhabdicin 
is distinct from the phage particles present in the lysogenic strain of X. 
nematophila. It possess a high antibacterial activity against other 
Xenorhabdus species. Xenorhabdicins have thus a key role in preserving 
the specific symbiosis between Steinernema and Xenorhabdus (Thaler et 
al., 1995). Another enzyme produced by Xenorhabdus (and also by 
Photorhabdus) is chitinase. Chitinases inhibit the development of 
diverse fungi by destroying the fungal cell walls (Chen et al., 1994). 
Besides bacteriocins and chitinases, Xenorhabdus bacteria 
produce small secondary non-proteinaceous metabolites derived from 
indoles (nematophin), dithiolopyrrolones (xenorhabdins and 
xenorxides) and xenocoumacins (close to amicoumacins from Bacillus 
pumillus). The indole derivatives are strongly active against Gram-
positive and Gram-negative bacteria through RNA synthesis 
inhibition. Nematophins have demonstrated stronger antibacterial 
activity than the other indole derivatives (Li et al., 1997). Indoles have 
also shown some nematicidal effect. In vitro, indoles derivatives act as 
repellent for other Steinernema IJs (Hu et al., 1999). Xenorhabdins have 
a significant antibacterial effect on Gram-positive bacteria and yeast 
while almost no effect on Gram-negative bacteria. Some xenorhabdins 
exhibit insecticidal properties as well. (McInerney et al. 1991). 
Xenorxides possess the same pyrrolone nucleus but one of the two 
sulphate atom is oxidised. Despite the fact that they exhibit 
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comparable antimicrobial activity, the precise mode of action of these 
oxidised dithiolopyrrolones has not yet been reported (Webster et al., 
2002). In general, dithiolopyrrolone compounds inhibit RNA and 
protein synthesis very quickly after exposure (20min) (Tipper, 1973) 
making them a precious arsenal during the early stage of insect 
infection. Xenocoumacins are highly active against Gram-positive 
bacteria like Staphylococcus and Streptococcus species and some Gram-
negatives as well. Moreover, fungal species of Aspergillus, the yeast 
Candida, Plasmodium and Trypanosoma are also sensitive to 
xenocoumacins (McInerney et al., 1991b). In 2008, thanks to nuclear 
magnetic resonance (NMR), new metabolites were discovered and 
identified. One of them, termed xenematide, was active against some 
Gram-positive and Gram-negative bacteria but less efficient than 
xenocoumacins (Lang et al., 2008). The general structure of the 
compounds described before are presented in Figure 8. Research on 
new biologically active secondary metabolites, how to improve their 
production and pest control potential is still ongoing (Eom et al., 2014; 
Pidot et al., 2014; Schimming et al., 2014; Singh et al., 2014; Vizcaino et 
al., 2014). All the active metabolites are sumurized in the Table 1. 
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Table 1: Table describing the activity of the main active biological coumponds produced by Photorhabdus and 
Xenorhabdus 
Xenorhabdus Photorhabdus Activity 
Xenorhabdicin 
(Bacteriocin) 
Photobactin / Luminicin 
(Bacteriocin) 
Antibacterial towards closely related 
Chitinase Chitinase Destruction of fungal cell wall 
Nematophin 
(indol derivative) 
 RNA synthesis inhibition Gram+/- 
Nematicidal 
Xenorhabdin / Xenorxide 
(dithiolopyrrolones) 
 RNA and protein inhibition in Gram+ and yeast 
Insecticidal 
Xenocoumacine  Against Gram+/-, fungi and yeast 
Xenematide  Gram+/- 
 Anthraquinone Bird repellent 
 Hydroxystilbene RNA synthesis inhibition Gram+/- 
Antifungal 
 Photobactin Antibacterial 
 Carbapenem β-lactamase antibiotics 
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Figure 8: Biologically active secondary metabolites produced by Xenorhabdus and 
Photorhabdus bacteria. 
Xenorhabdins and Photobactins are bacteriocins mainly active against closely related 
bacteria. Indole derivatives (like Nematophin) inhibit RNA synthesis of both gram 
positive and negative bacteria. They exhibit also a nematicidal activity. Xenorhabdins 
and Xenorxides are dithiolopyrrolone derivatives active against gram positive bacteria 
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and yeast. Xenocoumacines are active against a broad range of microbes like gram 
positive and negative bacteria, yeast and fungi. Xenematides produced by 
Xenorhabdus display antibacterial activities against gram positive and gram negative 
bacteria. Antibacterial activities of anthraquinones produce by Photorhabdus have not 
been demonstrated yet, but these pigmented molecules act as repellent for birds. 
Hydroxystilbenes are active against gram positive and negative bacteria by inhibing 
RNA synthesis but also act as antifungal compounds. Carbapenems are b-lactamase 
degrading the bacterial cell wall of both gram positive and negative bacteria. 
 
3.4.2. Photorhabdus metabolites 
Photorhabdus bacteria do release bacteriocins as well. One is 
called photorhabdicin, which is similar to the previously mentioned 
xenorhabdicin, and exhibit antibacterial activity against closely related 
bacteria (ffrench-Constant et al., 2003). Another one, called lumicin, is 
similar to colicins of Escherichia coli. Lumicins are able to break down 
genetic material from non-host cells thanks to their DNase and RNase 
activities (Sharma et al., 2002).   
Hydroxystilbenes and anthraquinones are two chemical 
groups of non-proteinaceous secondary metabolites produced by 
Photorhabdus. Hydroxystilbenes share the same mode of antimicrobial 
action than indole derivatives by inhibiting RNA synthesis (Sundar 
and Chang, 1992; Webster et al., 2002). It is interesting to note that 
stilbenes are typical plant metabolites and until now, Photorhabdus is 
the only stilbene producer outside the plant kingdom (Bode, 2009). 
Photorhabdus stilbenes products are also involved as signal molecules 
in nematode development and counteract the insect immunity 
response. Anthraquinones might exhibit antibacterial and antimycotic 
activities (Li et al., 1995). However the major role of these pigmented 
molecules is to act as an ant and bird repellent to protect the infected 
insect from these predators (Pankewitz and Hilker, 2008). In 2002 and 
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2003, two other classes of molecules produced by Photorhabdus were 
described: carbapenems and siderophores. Carbapenems are a class of 
B-lactamase antibiotic while the Photorhabdus siderophore termed 
photobactin, possesses some antibiotic activities (Ciche et al., 2003; 
Derzelle et al., 2002). Moreover, several peptides including cytotoxic 
pentapeptides and yersiniabactin (another siderophore) derivatives 
could be identified in P. asymbiotica cultures (Nicholas R Waterfield et 
al., 2009). General chemical structures of Photorhabdus non-
proteinaceous metabolites described above are presented in Figure 8. 
4. Pathogenic Yersiniae 
4.1. General Taxonomy and Phylogeny of Yersiniae 
Bacteria of the genus Yersinia are facultative anaerobic 
psychrotrophic bacilli belonging to the family Enterobacteriaceae. 
Seventeen Yersinia species, discriminated from each other by 
significant DNA-based criteria and biochemical properties, have been 
identified so far (Savin et al., 2014). Among them, three are pathogenic 
to humans: Yersinia pestis, Yersinia pseudotuberculosis and Yersinia 
enterocolitica. The two latter ones are qualified as enteropathogenic 
since they cause enteric disorders and cause infection through an oro-
fecal mode of transmission (Carniel et al., 2002). Y. pestis, transmitted 
by rodent flea bites, is the etiological agent of plague (Perry and 
Fetherston, 1997; Stenseth et al., 2008). Y. pestis causes primarily the so-
called bubonic form of plague after migrating from the insect bite to 
the proximal lymph node, resulting in the formation of a bubo. If not 
treated, the disease evolves to a systemic disease which is lethal in 
>90% of cases. Occasionally, the disease may evolve to a pneumonic 
stage resulting in massive invasion of the lungs by the plague bacilli. 
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Pneumonic plague can spread rapidly due to the highly contagious 
aerosols expectorated by infected individuals (Perry and Fetherston, 
1997). Yersinia ruckeri is a fish pathogen causing the enteric redmouth 
disease in salmonid fish like the rainbow trout (Ewing et al., 1978). 
Yersinia similis, termed that way for its close genetic proximity with Y. 
pseudotuberculosis, has been isolated from rabbit and surface water but 
has never been isolated from diseased or dead mammals (Sprague et 
al., 2008). Another Yersinia was identified as a member of the Y. 
pseudotuberculosis group. This species was isolated in Korea and has 
been differentiated from Y. pseudotuberculosis thanks to Multiple Locus 
Sequence Typing (MLST), a molecular typing technique based on the 
nucleotide sequencing of selected house-keeping genes (Laukkanen-
Ninios et al., 2011a), and was named Yersinia wautersii. Conversely to 
Y. similis, Y. wautersii can cause human and animal gastro-enteric 
infection (Savin et al., 2014).  Comparatively, other Yersinia species are 
closely related to Y. enterocolitica: Yersinia krirtensenii, Yersinia 
intermedia, Yersinia mollaretii, Yersinia frederiksenii and Yersinia 
bercovieri. No human or animal pathogenic potential has been reported 
for these Y. enterocolitica-like species. Other Yersiniae diverged into 
non-pathogenic species: Yersinia aldovae, Y. aleksiciae, Y. rohdei and Y. 
massiliensis (Sulakvelidze 2000; Sprague and Neubauer 2005; Merhej et 
al. 2008). In 2011, a novel species of Yersinia was isolated from a 
diseased larva of a Scarabaeidae from New Zealand. This Yersinia 
species was shown to be entomopathogenic towards a broad range of 
insects and was thus termed Yersinia entomophaga (Hurst et al. 2011; 
Hurst et al. 2011). Even if Y. wautersii, Y. ruckeri and Y. entomophaga are 
animal pathogens, in this work we will gather under the name 
“pathogenic Yersiniae” the three following species: Y. enterocolitica, Y. 
pseudotuberculosis and Y. pestis. 
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Although they cause the same disease and have the same 
transmission mode, Y. enterocolitica and Y. pseudotuberculosis diverged 
from a distant common ancestor (41 – 186 million years ago). Despite 
its totally different etiology and mode of transmission, Y. pestis evolved 
from Y. pseudotuberculosis very recently (no more than 20,000 years 
ago). Indeed, while Y. pseudotuberculosis and Y. enterocolitica are food- 
and water-borne pathogens usually transmitted by the faecal-oral 
route, Y. pestis uses fleas as vector to infect new hosts (mainly rodents) 
(Achtman et al., 1999; Wren, 2003). The main difference between Y. 
pseudotuberculosis and Y. pestis is the acquisition by the latter of extra 
virulence plasmids (Table 2). The three pathogenic Yersiniae do possess 
one large highly-conserved plasmid (about 70kb) called pYV (for 
Yersinia Virulence) or pCD (for Calcium Dependence) which encodes 
virulence factors such as the Yersinia adhesine (YadA) or Outer 
membrane Proteins (Yops), which are virulent effectors secreted by a 
Type Three Secretion System composed of the Ysc proteins (Yop 
Secretion) and encoded by the same plasmid. In vitro, the presence of 
this plasmid confers a so-called low-calcium response (Lcr) phenotype 
rendering bacteria unable to grow at 37°C in the absence of Ca2+. This 
is an ecological regulation mechanism avoiding virulence factors 
production outside a susceptible mammal host (Straley and Bowmer 
1986; Cornelis et al. 1998; Zadernowska et al. 2013). In addition to this 
common plasmid, Y. pestis acquired two other plasmids termed pFra 
(or pMT for murine toxin) and pPla. The former encodes a 
phospholipase D, described as a murine toxin (Ymt) required for the 
colonization of the plague flea vector (Hinnebusch et al., 2002). The 
pPla (for Plasminogen activator) plasmid encodes a protease termed 
Pla that activates plasminogen in order to facilitate circulation of the 
plague bacillus in the infected blood (Lathem et al., 2007). Together 
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with a high pathogenicity island (HPI) and a number of minor genetic 
mutations in the Y. pestis genome as compared to Y. pseudotuberculosis, 
these plasmids cause the deadly famous disease Y. pestis is sadly 
known for. 
Table 2: Virulence plasmids repartition through human pathogenic 
Yersiniae 
Plasmid name Host species Main virulence factors encoded 
pYV (or pCD) 
Y. enterocolitica 
Y. pseudotuberculosis 
Y. pestis 
Adhesines 
Yops 
T3SS 
pMT (or pFra) Y. pestis Murine toxin (phospholipase D) 
pPla Y. pestis Plasminogen activator protease 
 
There is a huge diversity among enteropathogenic Yersiniae 
while Y. pestis is a monomorphic clone of its parental species, Y. 
pseudotuberculosis. Y. enterocolitica is subdivided into 6 biotypes based 
on their biochemical characteristics and pathogenicity (1A, 1B, 2, 3, 4 
and 5). Biotype 1B is thought to be the most pathogenic to human 
(Zadernowska et al. 2013). Y. enterocolitica can also be subdivided into 
76 distinct serotypes based of the variable structure of the O-specific 
polysaccharide chain of the LPS. Only a few serotypes are pathogenic. 
O:3 is found primarily in Europe, Canada, China and Australia, O:8 is 
mainly found in the USA and Japan and O:9 causes gastro-intestinal 
infections in Scandinavia, the Netherlands and China (Sabina et al., 
2011). There are 15 distinct major O-serotypes among Y. 
pseudotuberculosis which are subdivided into 6 genogroups according 
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to their virulence factors (plasmid and HPI) content (Laukkanen-
Ninios et al., 2011b). Like for Y. enterocolitica, the prevalence of Y. 
pseudotuberculosis serotypes varies geographically. In Europe, the most 
encountered serotypes are O:1, O:2 and O:3 while in Japan isolates 
most often belong to serotypes O:4b, O:3, O:5a, and O:5b. Y. pestis 
cannot be divided into serotypes because it does not express the LPS 
O-specific polysaccharide chain (Castro et al., 2009). Based on some 
minor biochemical properties, Y. pestis has been subdivided into 4 
biovars: Antiqua (from the Justinian plague around the Mediterranean 
basin during Antiquity period), Medievalis (from the Black Death and 
subsequent epidemics in Europe between 1346 and the early 19th 
century), Orientalis (from China ad spread globally via marine 
shipping from 1860s till now) and Pestoides (from Russian and 
Mongolian enzootic isolates) (Anisimov et al., 2004; Morelli et al., 2010; 
Perry and Fetherston, 1997). If variations in biochemical activities exist 
between these 4 biovars, it is unlikely that each of them are specifically 
related to the time of the plague epidemic waves their names refer to. 
This was demonstrated after the finding of Y. pestis Orientalis DNA  
from European burial places aged from the 12th – 15th centuries 
(Haensch et al., 2010; Tran et al., 2011; Welford and Bossak, 2010). 
4.2. Persistence of pathogenic Yersiniae in the 
environment 
In spite of the fact that these are non-spore-forming bacteria, 
Yersiniae can survive for long periods in the environment. This is 
particularly true for plague which can disappear and re-emerge after 
years or decades exactly at the same places (Bertherat et al., 2007). 
Currently, Yersinia persistence in the environment remains just 
partially or not at all elucidated. From soil to resistant and/or 
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asymptomatic hosts, many hypothesis and models have been 
proposed to explain the ability of these enzootic agents to persist in the 
environment and repeatedly cause outbreaks and epidemics. We will 
describe hereafter the natural hosts of the three pathogenic Yersiniae 
and their ability to persist among their host population. Then we will 
describe the reported maintenance of these Yersiniae in soil. 
4.2.1. Natural hosts 
4.2.1.1. Yersinia enterocolitica 
The main reservoir for Y. enterocolitica are pigs which are also 
an important source of Y. enterocolitica human infection. Y. enterocolitica 
is also present in other animals like cats and dogs, poultry and sheep, 
rodent, birds and wild boars. After excretion from the host gut, Y. 
enterocolitica can survive a long time in the environment due to its 
resistance to unfavourable conditions (Zadernowska et al. 2013). It has 
been reported that Y. enterocolitica can be present on vegetables as well 
and cause human infection when raw material are consumed. These 
vegetables can be contaminated by organic fertilizer or during their 
processing and packaging. As a psychrotrophic bacteria, a strict 
respect of the cold chain will not prevent Y. enterocolitica from growth 
in contaminated food (Beuchat, 2002). 
4.2.1.2. Yersinia pseudotuberculosis 
Y. pseudotuberculosis mainly infects a broad range of both 
sylvatic and domestic mammals and birds similarly to Y. enterocolitica 
(Fukushima et al., 1989). Human infections, though less common than 
with Y. enterocolitica, occur via ingestion of contaminated food or 
water. Pets (cats and dogs) are an important source of human 
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contaminations (Fukushima et al., 1985). Additionally, Y. 
pseudotuberculosis has been found in vegetables (carrot and salad) and 
led to children infection (Jalava et al., 2006). 
4.2.1.3. Yersinia pestis 
Y. pestis mainly infects rodents while humans are only 
accidental hosts. Conversely to its parental Y. pseudotuberculosis, Y. 
pestis is not transmitted by the faecal-oral route. Rather, Y. pestis uses 
fleas as vector for transmission from a rodent to another. Fleas become 
infected when fed on contaminated blood. Upon infection, Y. pestis 
bacteria colonize the upper part of the gastro-intestinal tract (more 
precisely the proventriculus) of the flea through biofilm formation. 
Bacteria multiplies and form cohesive aggregates to eventually block 
normal blood feeding. It has been shown that the so-called 'murin 
toxin' Ymt is required for Y. pestis to colonize flea’s midgut and 
proventriculus (connection between oesophagus and midgut). 
Infected fleas unable to feed bite actively and randomly (including 
non-specific host) led by their starvation. During their persistent 
efforts to feed, plague bacilli are dislodged from the proventriculus 
aggregates into the bite site infecting a new host. Prevented to feed, 
some of the infected fleas will eventually die from starvation but some 
of them will survive after autolysis of the Y. pestis clots in the 
proventriculus (Bacot and Martin, 1914; Chouikha and Hinnebusch, 
2012; Hinnebusch et al., 2002). Y. pestis life cycle is primarily sylvatic 
among a variety of wild rodents like field rats, prairie dogs or squirrels 
and their specific fleas. Sometimes, domestic rodents (commensal rats) 
or even pets (cats and dogs) can be infected with Y. pestis bacteria and 
carry infected fleas, increasing at the same time the probability of 
human infection (Gasper et al., 1993; Gould et al., 2008). Mammal to 
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mammal transmission of the plague bacillus is non-common but still 
possible since Y. pestis can infect some mammal by the oral route (for 
example carnivorous mamals feeding on a infected cadaver) (Arbaji et 
al., 2005; Gasper et al., 1993) or be propagated via aerosol droplets in 
the plague pulmonary stage (Perry and Fetherston, 1997). 
4.2.2. Soil persistence 
4.2.2.1. Yersinia enterocolitica 
It has been shown that the survival of non-pathogenic 
serotypes of Y. enterocolitica in soil and water is longer than survival of 
pathogenic serotypes in vitro (Tashiro et al., 1991). However, 
pathogenic Y. enterocolitica are detected in the soil of infected animal 
farms (Botzler, 1979; Hughes, 1979). Besides its ability to survive in the 
environment, Y. enterocolitica might interact with free-living organisms 
or use them as a biological reservoir. Supporting this hypothesis, 
Lambrecht and co-workers recently showed enhanced survival of Y. 
enterocolitica in co-cultivation with free-living amoeba Acanthamoeba 
castellanii. Thanks to TEM analysis, they localized Y. enterocolitica in the 
cytosol of A. castellanii avoiding the digestion in the food vacuole of the 
amoeba. They also showed that uptake by the amoeba of virulent 
strains is higher than the uptake of non-virulent ones (Lambrecht et al., 
2013). 
4.2.2.2. Yersinia pseudotuberculosis 
Soil and water persistence abilities of Y. pseudotuberculosis have 
also been demonstrated (Buzoleva and Somov, 2003). Zureck and co-
workers recovered Y. pseudotuberculosis from the intestinal tract of 
house fly larvae (Musca domestica) and demonstrated that adult house 
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flies can carry Y. pseudotuberculosis for a long time. This insect vector 
may favour the spreading and the maintenance of Y. pseudotuberculosis 
in the environment (Rahuma et al., 2005; Zurek et al., 2001, 2000). 
4.2.2.3. Yersinia pestis 
As the other pathogenic Yersiniae, Y. pestis is able to persist in 
the soil and in water (Ayyadurai et al., 2008; Eisen et al., 2008; Gilbert 
and Rose, 2012). However, Y. pestis has established several permanent 
enzootic foci which are geographically not connected resulting in 
considerable ecological disparities (Anisimov et al. 2004). The 
maintenance of Y. pestis in nature depends on a complex ecology 
involving many different rodents and their associated fleas. It appears 
then that unlike the other pathogenic Yersiniae, environmental survival 
is no longer needed for Y. pestis to maintain but instead the balance 
between to eukaryotic hosts, insects and mammals, plays a more 
important role in its maintenance (Chouikha and Hinnebusch, 2012). 
Even if naturally resistant rodents are well-known to act as biological 
reservoir in enzootic foci, the causes of cyclic reappearance of plague 
outbreaks in some areas are still poorly understood (Arbaji et al., 2005; 
Bertherat et al., 2007). It has been observed that climatic condition and 
regional topography have an influence on the timing of human 
outbreaks and epidemics. These factors directly impact the behaviour 
of rodents and fleas. Combined with the local human behaviour and 
organisation, they might explain the maintenance of plague foci. All 
reviews and studies led until now to the conclusion of Y. pestis 
maintenance in particular and distinctive worldwide foci, while 
revealing the extreme complexity and specificity of plague foci 
(Andrianaivoarimanana et al., 2013; Ben Ari et al., 2011; Brouat et al., 
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2013; Eisen and Gage, 2009; Eisen et al., 2012; Eorge et al., 2013; Gascuel 
et al., 2013; Hubbart et al., 2011; Laudisoit et al., 2009; Stapp et al., 2004).  
 
4.3. Entomopathogenicity of Yersiniae 
The three mammal pathogenic Yersiniae display some 
pathogenicity toward insects as well. In particular, Yersiniae do possess 
homologs of the Tc insecticidal complex of Photorhabdus (Waterfield et 
al., 2007). Moreover, it has been suggested that Y. pestis acquired its 
plasmid-encoded ymt, required for flea colonization, from P. 
luminescens or from a close relative (Duchaud et al., 2003). In addition, 
P. asymbiotica which can infect either insects or humans, possesses a 
plasmid related to pMT-1 found in Y. pestis (Wilkinson et al., 2009). All 
these homologies between pathogenic Yersiniae and Photorhabdus 
pointed insects as a potential biological reservoir for Yersiniae (Fuchs 
et al., 2008). Altogether, this could explain the well-known 
entomopathogenicity even if it varies among pathogenic Yersiniae 
species. Hereafter, we will compare the entomopathogenicity of 
pathogenic Yersiniae and make the difference here between two major 
components of entomopathogenicity which are the ability to colonize 
insects on one hand and the ability to effectively cause insect’s death 
through insecticidal toxin release on the other hand. 
4.3.1. Yersinia enterocolitica 
Y. enterocolitica is entomopathogenic since it can not only 
colonize insects’ body and cells but also uses a panel of insecticidal 
toxins to kill the insect host. Heermann and Fuch made a genome 
comparison between Y. enterocolitica and P. luminescens. Among other 
genes they showed that the insecticidal Tc complex is present in both 
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bacteria confirming the work of Waterfield and co-workers (Waterfield 
et al. 2001; Heermann and Fuchs 2008). The insecticidal activity of Y. 
enterocolitica is induced under low-temperature conditions (10°C) 
while it is repressed at temperatures above 30°C. In its natural 
environment (Northern hemisphere), where the temperatures are most 
of the time below 30°C, Y. enterocolitica is thus able to invade and kill 
insect larvae such as G. mellonella and M. sexta.  This points out the dual 
pathogen behavior of Y. enterocolitica, towards both insects and 
mammals (Fuchs et al., 2008). 
4.3.2. Yersinia pseudotuberculosis 
Y. pseudotuberculosis exhibit some insecticidal activities as well. 
For example, it is able to infect and kill G. mellonella larvae (Champion 
et al., 2009). However, unlike in Y. enterocolitica, Tc genes are expressed 
either at 15°C or 30°C. In addition, Y. pseudotuberculosis exhibit weak 
oral toxicity towards M. sexta while heterologous expression in E. coli 
of the Y. pseudotuberculosis tca genes effectively kills M. sexta (Fuchs et 
al., 2008; Pinheiro and Ellar, 2007). Y. pseudotuberculosis insecticidal tc 
genes are not involved in virulence against flea while the Photorhabdus 
Tc products are lethal for the same flea (Erickson et al., 2007). 
Interestingly, Y. pseudotuberculosis shows acute oral toxicity against X. 
cheopis fleas. Without killing them, Y. pseudotuberculosis is able to 
colonize the house fly’s gut and use it as a mechanical vector (Zurek et 
al., 2001).  
4.3.3. Yersinia pestis 
Among the three pathogenic Yersiniae, Y. pestis is the less 
entomopathogenic. This is quite understandable since Y. pestis uses 
fleas as vector. As mentioned before Y. pestis colonizes the flea’s 
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midgut preventing them to feed. If some of the infected fleas will 
effectively die from starvation, the others will survive after autolysis 
of the Yersinia clots. Y. pestis also possesses homologs of Photorhabdus 
Tc genes, like tca and tcc. While Tc products from P. luminescens 
demonstrated acute oral toxicity against M. sexta larvae, Y. pestis 
homologs had no effect neither on M. sexta nor on the rat flea X. cheopis. 
If they display poor insecticidal activity, the tca operons of Y. pestis and 
Y. pseudotuberculosis seem adapted to mammalian hosts. Modification 
of the gut epithelium caused by Y. pseudotuberculosis and involvement 
in the initial invasion of the mammalian host after transmission by 
fleas in the case of Y. pestis are supportive to this statement. Moreover 
it appears that a similar adaptation also happened to the tca operon of 
P. asymbiotica allowing it to infect insects and mammal hosts 
(Waterfield et al., 2007). 
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Objectives 
Persistence of pathogenic bacteria in the environment remains 
an international health issue. The existence of biological micro-
reservoir ensuring the maintenance of such pathogens in a given 
environment has been postulated, but this hypothesis remains 
misunderstood especially regarding pathogenic Yersinia. Soil 
invertebrates have been particularly suspected to act as intermediary 
hosts, thus in this study, entomopathogenic nematodes (EPNs) will be 
investigated in this respect. Based on their phylogenetic proximity to 
Xenorhabdus and Photorhabdus bacteria, a model assuming Yersinia’s 
ability to colonize the same ecological niche as these two nematode 
symbionts will be set up. The main objective of this work is to evaluate 
the ability of human pathogenic Yersinia to colonise EPNs in a 
laboratory model. This model consists in insect larvae, Steinernema 
EPNs with or without their natural Xenorhabdus symbiont and Yersinia 
brought artificially either in the gut of EPNs or in the haemocoele of 
the insect larva prior to infection. 
The first step will consist in checking if Yersinia are able to 
colonize Steinernema EPNs using confocal microscopy and fluorescent-
labelled bacteria. The resistance of Yersinia towards Xenorhabdus 
antimicrobials will be tested as well as the long-term persistence of 
Yersinia through EPNs infection cycles. Other enterobacteria will also 
be tested in order to challenge the specificity of the Steinernema 
colonization by Yersinia. Second, genetic determinants potentially 
involved in the colonization of EPNs will be deleted. The resulting 
knockout mutants will be complemented and the phenotypes will be 
studied using the same laboratory model. This work will bring new 
insights in the underestimate role of microinvertebrate in the 
pathogenic bacterial persistence in the environment. 
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Steinernema nematode colonization 
studies. 
 
This work has been published in Journal of Microbiological Methods1 
and adapted for this thesis purpose. 
 
 
                                                     
 
1
 Gengler S, Batoko H, Wattiau P (2015) Method for fluorescent marker swapping 
and its application in Steinernema nematode colonization studies. Journal of 
Microbiological Methods, vol. 113, pp 34-37. 
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Chapter 1 – Method for fluorescent 
marker swapping and its application in 
Steinernema nematode colonization 
studies. 
 
Abstract 
An allelic exchange vector was constructed to replace gfp by 
mCherry in bacteria previously tagged with mini-Tn5 derivatives. The 
method was successfully applied to a gfp-labeled Yersinia 
pseudotuberculosis strain and the re-engineered bacterium was used to 
study the colonization of Steinernema nematodes hosting their 
Xenorhabdus symbiont using dual-color confocal microscopy.   
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Fluorescent markers are largely used to quantify or to track 
microorganisms in various microbiological studies. The most common 
labeling system is based on the Green Fluorescent Protein (GFP) 
originally isolated from Aequorea victoria (Heim et al., 1994). Genetic 
tagging supposes that the gfp gene is brought inside the target 
organism either via a mobile episome (plasmid, transposon) or by site-
specific recombination at a pre-identified genetic locus. When dealing 
with gram-negative bacteria with limited genetic engineering 
possibilities, mini-transposons are valuable options to consider for 
conducting strain tagging. Mini-transposons are modified versions of 
original elements bearing an antibiotic resistance marker, an optional 
marker typically conferring fluorescence, luminescence or an easily 
detectable enzymatic activity and devoid of transposase, the latter 
being brought transiently together with the mini-transposon delivery 
vector in the target strain. The mini-Tn-gfp family, initially developed 
in 1996 (Christensen et al., 1996) and further improved in several 
subsequent works (Eberl et al., 2006; Errampalli et al., 1999; Matthysse 
and Dandie, 1996) was successfully used in a variety of microbiological 
studies ranging from simple biofilm formation to sophisticated 
pathogenicity model experimentations (Cho and Kim, 1999; 
Gjermansen et al., 2005; Richter and Smalla, 2007; So et al., 2002; A. 
Wang et al., 2011). 
When applied to complex biological systems, the success of 
GFP-labeling is however mitigated because of interferences frequently 
occurring between the fluorescent marker and components of the 
environmental matrix. Bleaching and quenching are the most common 
of such interferences (McVey and Crain, 2014) and the choice of the 
fluorescent label is therefore critical. In a similar way, co-localization 
studies requiring different markers rely on carefully selected 
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fluorescent labels displaying non-interfering fluorescence 
characteristics. The choice of available fluorescent markers was limited 
in the early times of fluorescent organism tagging but rapidly 
improved following the discovery of new fluorescent proteins and the 
engineering of GFP variants displaying brighter fluorescence, shifted 
light excitation and/or emission spectra and improved robustness (Ai 
et al., 2007; Cubitt et al., 1995; Shaner et al., 2005). Nowadays, while the 
number of available fluorescence markers has exploded (Shaner et al., 
2005), the palette of mini-transposons available for strain tagging is 
still limited. Considering the work required to obtain transposon-
labelled bacterial strains having the desired genetic and physiological 
characteristics with the right fluorescence expression level, systems 
allowing fluorescent marker swapping in previously characterized 
mini-transposon insertion mutants would allow re-engineering of 
such mutants with new label characteristics. 
The aim of the present work was to develop an allelic exchange 
vector able to replace gfp or variants thereof by mCherry, a gene coding 
for a red fluorescence protein with spectral characteristics optimized 
for double labelling with GFP (Shaner et al., 2005). A fluorescence 
exchange cassette was generated using an overlap PCR protocol 
adapted for short fragments as described by Shevchuck et al. 
(Shevchuk et al., 2004). Three PCR fragments were amplified, a central 
fragment (CF) and two flanking fragments located upstream and 
downstream (UF and DF, respectively) as described in Figure 9. CF 
contains mCherry nucleotide sequence with a ribosome binding site 
added upstream to ensure optimal translation. UF and DF are used for 
homologous recombination and target the gfp gene already present in 
the mini-transposon. 
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Figure 9: Schematic view of the fluorescence exchange cassette. 
UF and DF consist of 244 and 223 bp from the gfp coding sequence, respectively. CF consists of the mCherry coding sequence with a RBS added 
upstream. Overlapping sequences are shown in spaced hatched bars. The whole cassette is generated by a short triple fusion PCR (Shevchuck et 
al., 2004). The cassette is flanked by BglII restriction sites. 
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Table 3: List of Primers used in this study 
Name Sequence (5’ to 3’) Description Amplicon1 
BG883 CCGAGATCTGCCTGGAGTTGTCCCAATTC
TTGTTGA 
gfp forward primer with BglII restriction site 
(underlined) and nucleotide sequence matching bases 
27 to 50 of gfp2 (italics)  
UF 
BG884 TTGCTCAACATTCCGATTTCCTCCTTGGT
CACTAGTTTCGGGCATGGCACTCTT 
gfp reverse primer with nucleotide sequence matching 
bases 270 to 253 of gfp2 (underlined) and bases 11 to 1 
of mCherry3 (italics) 
BG885 GCTGTACAAGTAAGCAGGCGCAAAATTA
GACACAACATTGAAGATGGAAGC 
gfp forward primer with nucleotide sequence 
matching bases 495 to 525 of gfp2 (underlined) and 
bases 699 to 711 of mCherry3 (italics) 
DF 
BG886 GGCAGATCTCGGTTATTTGTATAGTTCAT
CCATGCCATGTGTAATC 
gfp reverse primer with BglII restriction site 
(underlined) and nucleotide sequence matching bases 
714 to 684 of gfp2 (italics) 
BG887 GTGACCAAGGAGGAAATCGGAATGTTGA
GCAAGGGCGAGGAGG 
mCherry forward primer with ribosome binding site 
and start codon (underlined), overlap sequence with 
UF (italics) CF 
BG888 CAATGTTGTGTCTAATTTTGCGCCTGCTTA
CTTGTACAGCTCGTCCATGCC 
mCherry reverse primer with stop codon (underlined), 
overlap sequence with DF (italics) 
1 As specified in Fig.1. UF, CF and DF: Upstream, Central and Downstream PCR Fragments 
2 GenBank Accession Number KC551806 
3 GenBank Accession Number AY678264.1 
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The primers used are listed in Table 3. UF, DF and CF were separately 
amplified using 30 PCR cycles each consisting in 30 s at 95°C, 30 s at 
60°C and 1min at 72°C followed by a final elongation at 72°C for 10min. 
The full-length exchange cassette was generated by triple fusion PCR 
using primers BG883 and BG886 as described (Shevchuk et al., 2004). 
The final PCR product was restricted by BglII and ligated into the 
unique compatible BamHI site of the mobilizable suicide vector 
pKNG101, which confers resistance to streptomycin and carries the 
counter-selectable marker sacBR (the bacteria is unable to grow when 
sucrose is added in the medium) (Kaniga et al., 1991). After BamHI re-
digestion of the ligation product to eliminate the self-ligated plasmids, 
the resulting plasmid termed pSGCG (= LMBP 9561) was 
electroporated in E. coli SM10 λPir resulting in E.coli 10WP. To assess 
the functionality of the developed vector, pSGCG was conjugated into 
Y. pseudotuberculosis 4N1G, a nalidixic-acid resistant field isolate 
labelled with a mini-Tn5-gfp transposon (Gengler et al., 2015b). Allelic 
exchange was conducted in two steps. Initial integration of pSGCG 
was first selected on specific agar plates containing nalidixic-acid 
(35μg ml-1) and streptomycin (100μg ml-1). After purification of the 
recombinant strain, a second recombination event was selected on agar 
plates containing nalidixic-acid and sucrose (100μg ml-1). Recombinant 
Y. pseudotuberculosis 4N1C colonies expressing mCherry but not GFP 
were validated by both epifluorescence microscopy and PCR. To 
evaluate the suitability of combined mCherry and GFP fluorescent 
proteins in dual-labeling experiments, Steinernema entomopathogenic 
nematodes (EPNs) hosting a GFP-tagged derivative of their natural 
symbiont Xenorhabdus sp. TZ03 (Gengler et al., 2015b) were allowed to 
graze on a Wouts agar plate covered with a lawn of the mCherry-
tagged Y. pseudotuberculosis 4N1C described above. After one week, 
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EPNs harboring the two fluorescent bacteria were stored for 48h at 4°C 
in physiological water, a treatment that kills the nematodes while 
allowing Xenorhabdus and Yersinia to survive and slowly multiply. 
Confocal imaging was then conducted using a Zeiss LSM710 confocal 
microscope equipped with a spectral detector and a water-immersion 
x 40 objective. GFPmut2 and mCherry proteins were imaged 
simultaneously using a 488-nm excitation laser for GFPmut2 and a 561-
nm excitation laser for mCherry. Light was amplified and recorded 
through 505 to 530 nm (GFPmut2) and 595 to 640 nm (mCherry) filters. 
Confocal images were processed using the ZEN2012 blue edition 
software (Zeiss, Oberkochen, Germany). While Xenorhabdus sp. TZ03 
clustered in the so-called symbiotic vesicle of the nematodes, Y. 
pseudotuberculosis 4N1C colonized the intestinal tract (Figure 10A). 
Thus, the presence of Y. pseudotuberculosis does not affect the vesicle 
localization of Xenorhabdus. The simultaneous EPNs colonization of 
Xenorhabdus and Y. pseudotuberculosis is also observed in the EPN’s 
male and female adult stages (distinguishable from IJs by the presence 
of sexual organs) (Figure 10B and C). In some EPN males only, 
colonized or not by Y. pseudotuberculosis 4N1C, we observed a break-
up of the symbiotic vesicle which has never been reported before 
(Figure 10B, D and E). This may be the hallmark of an intermediate 
stage during the juveniles’ maturation into male adults. 
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Figure 10: Confocal microscope images of GFP-labelled Xenorhabdus TZ03 and 
mCherry-labelled Y. pseudotuberculosis 4N1C in Steinernema. sp. MW8B EPNs. 
White scale bars = 20µm. 
A. Steinernema IJ simultaneously colonized by Xenorhabdus TZ03 (confined in the 
symbiotic vesicle) and Y. pseudotuberculosis 4N1C (scattered along the gut). 
B. Steinernema male simultaneously colonized by Xenorhabdus TZ03 and Y. 
pseudotuberculosis 4N1C.  
C. Young Steinernema female simultaneously colonized by Xenorhabdus TZ03 and Y. 
pseudotuberculosis 4N1C. 
D. Steinernema male colonized only by Xenorhabdus TZ03 (confined in split vesicles). 
E. Enlarged view of the split vesicles shown in D. 
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In conclusion, the fluorescence replacement vector described 
herein was successfully assessed and validated on a mini-Tn5-gfp 
tagged Y. pseudotuberculosis strain, resulting in a mCherry-labeled 
derivative with genetic characteristics identical to the parent strain. 
The re-engineered strain was used for in vivo colonization studies of 
Steinernema entomopathogenic nematodes hosting their natural 
Xenorhabdus bacterial symbiont tagged with GFP. Both GFP- and 
mCherry-labeled fluorescent bacteria could be readily differentiated 
by confocal microscopy. Due to the high nucleotide sequence 
similarity of most of the gfp variants engineered so far, gfp to mCherry 
allelic exchange catalyzed by pSGCG is likely to work in many other 
situations where a gram-negative bacterium tagged with gfp or one of 
its variants needs to be re-engineered. 
We thank Dr. Guy R. Cornelis (FUNDP, Namur, Belgium) for 
his gift of pKNG101, E. coli SM10 λPir and E.coli BW19610. SG 
benefited from a fellowship of the "Fonds pour la Formation à la 
Recherche dans l'Industrie et l'Agriculture" (http://www.fnrs.be). 
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This work has been published in Plos ONE1 and adapted for this these 
purpose. 
 
 
 
 
 
 
 
 
 
 
 
 
                                                     
 
1 Gengler S, Laudisoit A, Batoko H, Wattiau P (2015) Long-Term Persistence 
of Yersinia pseudotuberculosis in Entomopathogenic Nematodes. PLoS 
ONE 10(1): e0116818. doi:10.1371/journal.pone.0116818. 
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Chapter 2 - Long-term persistence of 
Yersinia pseudotuberculosis in 
entomopathogenic nematodes. 
Abstract 
The existence of biological micro-reservoirs for pathogenic 
bacteria explaining the long-term survival of these organisms in the 
environment has long been speculated. Soil invertebrates have been 
particularly suspected to act as intermediary hosts and 
entomopathogenic nematodes (EPNs) were here investigated in this 
respect. EPNs are small worms whose ecological behaviour consists to 
invade, kill insects and feed on their cadavers thanks to a species-
specific symbiotic bacterium belonging to any of the genera 
Xenorhabdus or Photorhabdus hosted in the gastro-intestinal tract of 
EPNs. The symbiont provides a number of biological functions that are 
essential for its EPN host including the production of entomotoxins, of 
enzymes able to degrade the insect constitutive macromolecules and 
of antimicrobial compounds able to prevent the growth of competitors 
in the insect cadaver. 
The question addressed in this study was to investigate 
whether a mammalian pathogen taxonomically related to Xenorhabdus 
was able to substitute for or “hijack” the symbiotic relationship 
associating Xenorhabdus and Steinernema EPNs. To deal with this 
question, a laboratory experimental model was developed consisting 
in Galleria mellonella insect larvae, Steinernema EPNs with or without 
their natural Xenorhabdus symbiont and Yersinia pseudotuberculosis 
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brought artificially either in the gut of EPNs or in the haemocoel of the 
insect larva prior to infection. 
The developed model demonstrated the capacity of EPNs to act 
as an efficient reservoir ensuring exponential multiplication, 
maintenance and dissemination of Y. pseudotuberculosis. 
1. Introduction 
Entomopathogenic nematodes (EPNs) are microscopic soil 
worms exclusively feeding on insect preys. They have the ability to 
cause death in a huge variety of insects, making them powerful 
candidate biopesticides in agriculture and horticulture (Brusselman et 
al., 2006; Wilson and Ivanova, 2004). EPNs owe their insecticidal 
properties to symbiotic bacteria belonging to two genera of 
Enterobacteriaceae, namely Xenorhabdus and Photorhabdus. These 
bacteria are hosted in the gastro-intestinal tract of the nematode – 
located in an intestinal receptacle in the case of Xenorhabdus (Poinar 
and Thomas, 1966) – at the infectious free-living stage, called infective 
juveniles (IJs). Upon invasion of an insect prey, the symbiotic bacteria 
are expelled from the IJ’s digestive tract. These bacteria multiply in the 
insect haemocoel and release insecticidal toxins as well as degradative 
enzymes able to digest the insect macromolecules, thereby feeding 
their EPN partners which mature to the adult stage through 4 larval 
stages named J1 to J4 and undergo several reproduction cycles (Nick R 
Waterfield et al., 2009). Moreover, the symbiont prevents microbial 
competitors growth inside the insect’s cadaver by releasing antibiotic 
and antifungal compounds (Li et al., 1997). After all insect 
macromolecules have been exhausted, a few symbiotic bacteria enter 
the intestinal tract of the mature IJs just before they emerge from the 
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dead larva and seek another prey (Emelianoff et al., 2008a; Goodrich-
Blair and Clarke, 2007). 
While a few EPNs are generally sufficient to kill an insect prey, 
up to half a million of IJs can emerge from a single infected host upon 
completion of their reproductive life cycle inside the insect cadaver 
(Forst et al., 1997). Each of these freshly emerged IJs is able to infect a 
new insect prey. IJs can survive in the soil for several months thanks 
to their protective cuticle and a huge lipid supply they can store (Hatab 
et al., 1998). 
In 2008 Heermann and Fuchs have shown that Photorhabdus 
luminescens, the bacterial symbiont of Heterorhabditis bacteriophora, 
shares a number of unique genes with the taxonomically related, yet 
ecologically different, Yersinia enterocolitica (Heermann and Fuchs, 
2008). The shared genes are for some of them clustered in so-called 
“High Pathogenicity Islands” described in Enterobacteriaceae including 
Yersinia (Schubert, 2004). Many of these genes are either involved in 
pathogenicity toward insects, like the insecticidal toxin complex (Tc) 
(Sheets et al., 2011), or in colonisation of eukaryotic cells, like the YplA 
phospholipase (Schmiel et al., 1998). The recently discovered type 6 
secretion system (T6SS) involved in toxin secretion and in mutualism 
between bacteria (Jani and Cotter, 2010) is also conserved between P. 
luminescens and Y. enterocolitica (Heermann and Fuchs, 2008). Unlike P. 
luminescens which can cause casual infection in humans (Farmer et al., 
1989a), Y. enterocolitica as well as Y. pseudotuberculosis are mammalian 
pathogens causing gastro-intestinal diseases in infected hosts. These 
two Yersiniae are regularly isolated from meat – especially pork meat – 
and root vegetables (Bari et al., 2011; Jalava et al., 2006). However, they 
have also been found in the gut lumen of adult flies and fly larvae, 
suggesting that they can use insects as passive vectors (Rahuma et al., 
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2005; Zureck et al., 2000; Zurek et al., 2001). In addition, in vitro 
experiments have shown that both Y. enterocolitica and Y. 
pseudotuberculosis are able to colonize insect cells (Pinheiro and Ellar, 
2007) and even to kill insect larvae like Galleria mellonella (Champion et 
al., 2009). It is well known that Yersinia pestis, the third mammalian 
pathogenic Yersinia and etiological agent of plague, is able to colonize 
insects since it uses fleas as vectors. Hinnebusch et al. demonstrated 
the essential implication of the Yersinia murine toxin (Ymt) in flea 
colonisation (Hinnebusch et al., 2002). Interestingly, it has been 
suggested that Y. pestis acquired ymt gene from P. luminescens or from 
a close relative (Duchaud et al., 2003). Moreover, Photorhabdus 
asymbiotica which can infect either insects or humans, possesses a 
plasmid related to pMT-1 found in Y. pestis (Wilkinson et al., 2009). 
Besides their animal hosts, Y. enterocolitica as well as Y. 
pseudotuberculosis are commonly found in water, soil and vegetables 
(Bari et al., 2011; Buzoleva and Somov, 2003; Jalava et al., 2006). Several 
studies have shown that Y. pestis can also be found in soil (Ayyadurai 
et al., 2008; Eisen et al., 2008). Moreover, several experiments have 
highlighted the survival of Y. enterocolitica, Y. pseudotuberculosis and Y. 
pestis in free living soil amoeba (Lambrecht et al., 2013; Nikul’shin et 
al., 1992). Since pathogenic Yersiniae are able to persist in soil and are 
phylogenetically very close to the bacterial symbionts of EPNs, we 
wondered whether Yersiniae would be able to intrude the symbiotic 
relationship associating EPNs and their natural symbiont.  In order to 
test this hypothesis, we used an experimental model consisting of 
insect larvae of the species Galleria mellonella used as prey for an 
African species of entomopathogenic Steinernema hosting its natural 
Xenorhabdus symbiont as well as a Y. pseudotuberculosis field isolate 
naturally resistant to the anti-microbial compounds produced by 
Chapter 2 
73 
Xenorhabdus. We show that Y. pseudotuberculosis can be successfully 
transmitted by the EPN carrier inside an insect larva in which it 
persists and multiplies. Moreover, EPNs emerging from the insect 
cadaver after 10 to 15 days where found to host large numbers of Y. 
pseudotuberculosis cells in their gastro-intestinal tract. These EPNs were 
in turn able to transmit Y. pseudotuberculosis to a new insect larva and 
so on for at least 7 successive infectious cycles (14 weeks). If they turn 
out to have an ecological significance, these findings may reveal an 
unexpected biotic reservoir for the long-term persistence and 
dissemination of pathogenic Yersiniae in the environment. 
2. Material and Methods 
2.1. Bacterial strains, plasmids and growth conditions  
Enterobacteriaceae were grown in LB liquid broth with strong 
agitation (150rpm) or on LB agar or McConkey agar plates. The NBTA 
plates (nutrient agar supplemented with 25 mg l-1 bromothymol blue 
and 40 mg l-1 triphenyltetrazolium chloride) (Akhurst, 1980) were also 
used to check the form I of the Xenorhabdus species used in this study. 
The incubation temperature was 37°C except for Yersiniae and 
Xenorhabdus sp. which were grown at 28°C. Antibiotics were added at 
the following concentrations: Kanamycin (Km): 30µg ml-1, Nalidixic 
acid (Nal): 25µg ml-1, Streptomycin (Sm): 50µg ml-1; Ampicillin (Ap): 
100µg ml-1. Nalidixic-acid resistant (NalR) bacteria were obtained in 
three consecutive steps by plating 107 to 109 CFU per agar plate 
supplemented with increasing concentrations of Nalidixic acid 
(5µg/ml; 20µg/ml; 50µg/ml). Bacterial strains used in this study are 
listed in Table 4.  
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Some Enterobacteria, listed in Table 4, were fluorescently labelled 
with GFP-mut2 (Cormack et al., 1996) using a mini-Tn5 transposon 
(Reznikoff, 2008). Mini-transposon labelling was conducted by 
conjugating a nalidixic-acid resistant variant of the target bacterium 
with E. coli S17/1 λpir hosting a transposon delivery suicide vector 
(Miller and Mekalanos, 1988). Transconjugants were isolated on 
selective agar plates and tested for GFP fluorescence. Integration of 
gfp-mut2 was further confirmed by PCR with primers mut2-GFP_F 
(GGG ATC TTT CGA AAG GGC AGA TTG TGT GG) and mut2-
GFP_R (GGA GAG GGT GAA GGT GAT GCA ACA TAC GG). The 
size of the amplified fragment was 543 bp. For dual labelling 
experiments, the gfp-mut2 gene of Y. pseudotuberculosis 4N1G was 
substituted for mCherry, encoding a red-fluorescent protein, by allelic 
exchange. The replacement cassette consisted in mCherry flanked by 
the beginning and the end of the gfp-mut2 nucleotide sequence. The 
upstream and downstream flanking parts consisted of 244 and 223 
base pairs of gfp-mut2, respectively, obtained by PCR amplification. A 
ribosome binding site was added upstream of the mCherry open 
reading frame to ensure optimal translation. The replacement cassette 
was cloned into the mobilizable suicide vector pKNG101, which 
confers resistance to streptomycin and carries the counter-selectable 
marker sacBR (Kaniga et al., 1991). The recombinant suicide plasmid 
termed pSGCG was then transferred to Y. pseudotuberculosis 4N1G 
from the conjugative strain E. coli SM10λpir. Allelic exchange was 
conducted in two steps. Initial integration of pSGCG was first selected 
on specific agar plates containing streptomycin (100µg ml-1). After 
purification of the recombinant strain, allelic exchange was selected on 
agar plates containing sucrose (100µg ml-1) and recombinant colonies 
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expressing mCherry but not GFP were controlled by both 
epifluorescence microscopy and PCR. 
2.2. Mini-Tn5 transposon insertion mapping 
The mini-Tn5 transposon used here to tag the Yersinia 
pseudotuberculosis derivatives 4N1G and 4N1C was mapped by TAIL-
PCR using the method of Liu and Wittier (Liu and Whittier, 1995) and 
by sequencing of the amplified fragment. The mini-Tn5-gfp was found 
inserted in the chromosome at codon 60 of the fimbrial A protein gene 
in the same transcriptional orientation (ORF YPK_0694 as described in 
the annotated genome of Y. pseudotuberculosis YPIII, Accession number 
NC_010465.1). The transposon-specific primers used for TAIL-PCR 
were the following: SP1: CGC GAA AGT AGT GAC AAG TGT TGG 
CCA TGG; SP2: GTA TAA CAT GTC TTA TAC GCC CGT GTC AAC 
C; SP3: AGA TCC CCG GGT ACC GAG CTC GAA TTC GCG. The 
arbitrary degenerated (AD) primers used here were the same 
described by Liu and Whittier (Liu and Whittier, 1995). Final 
confirmation of the insertion point of the mini-Tn5 transposon was 
obtained by amplifying chromosomal fragments covering part of the 
transposon and part of the fimbrial A protein gene using the PCR 
primers SP1, SP2 or SP3 together with the fimbrial-specific primer 
CCG GTT CTA TCA TTG AAG CAC CTT GTT C. 
2.3. Growth and maintenance of nematodes  
Steinernema sp. MW8B isolated from Tanzanian soil (Mwaitulo et 
al., 2011) was used as model nematode allover the experiments. 
Steinernema sp. MW8B is symbiotically associated with Xenorhabdus sp. 
strain TZ01. Nucleotide sequence of the TZ01 16S ribosomal RNA gene 
(GenBank accession JQ687358.1) is equally similar, though not 100% 
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Table 4: List of bacterial strains used in this study. 
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identical, to that of X. ehlersii, X. budapestensis, X. griffiniae and X. 
kozodoii.  Nematode stocks (Infective juvenile stage) were maintained 
by successive passages through the last larval stage of the greater wax 
moth, Galleria mellonella. Infection of the larvae was conducted by 
incubating 500 to 1000 Steinernema sp. MW8B IJs suspended in 1ml 
physiological water (NaCl 9g L-1) with four to six larvae confined in a 
closed Petri dish. Upon emergence from the dead larvae which 
occurred after 10 ± 2 days later, IJs were collected and stored at room 
temperature in physiological water. 
2.4. Galleria mellonella in vitro infection model 
For the first infection cycle, 6 G. mellonella larvae were injected 
with 106 CFU of the studied bacterium (Yersinia sp., GFP-labelled or 
not) using sterile 1-ml syringes bearing 0.3 X 13mm needles (Becton 
Dickinson). Injection was performed on the side of the larvae at the 
basis of the 8th segment. After incubation with ±750 Steinernema sp. 
MW8B IJs (125 IJs/larva) associated with their natural symbiont 
Xenorhabdus sp. TZ01, G. mellonella larvae died at day 1 or 2 post-
infection and new IJs, named IJs1, emerged at day 10 ± 2. IJs1 were 
collected and washed thrice with physiological water prior to a new 
infection cycle started by transferring these IJs1 to plates containing 
naive (Yersinia-free) G. mellonella larvae. Ten days later, a new 
generation of IJs, named IJs2, emerged from the dead larva and so on 
for up to 7 consecutive infection cycles. The Xenorhabdus symbiont 
remained associated with Steinernema sp. MW8B throughout all 
infection cycles. 
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2.5. Gnotoxenic EPN engineering 
Axenic EPNs were obtained by manually collecting eggs from gravid 
Steinernema sp. MW8B females recovered from infected G. mellonella 
larvae prior to the term of the infectious cycle. Such axenic eggs (min 
3,000) were surface sterilized with a fresh sterilization solution 
obtained by diluting 1ml of a 15% NaClO solution and 1ml of a 4M 
NaOH solution in 10ml of distilled water. The sterile axenic eggs were 
then suspended in YS liquid medium at 25°C during 3 days and 
checked for J1 larval stage development. YS medium was prepared by 
dissolving the following components in 1L of distilled water: 5g yeast 
extract (Oxoid, Basingstoke, United Kingdom); 5g NaCl (Merck, 
Darmstadt, Germany); 0.5g NH4H2PO4 (Merck); 0.5g K2HPO4 (Merck); 
and 0.2g MgSO4.7H2O (Merck). If no contaminants were present, IJ1 
were deposited onto a Wouts agar plate (Wouts, 1981) that had been 
freshly inoculated with 108 CFU of the target bacterium in the absence 
of selective antibiotics. In the following days, EPNs matured to the 
adult stage and completed their reproductive cycle. After one week, 
monoxenic EPNs (IJ stage) were collected in physiological water and 
stored for later Galleria infection experiments. A similar procedure was 
followed to engineer polyxenic EPNs, i.e. EPNs harbouring two or 
more bacterial species. 
2.6. Microscopic observations 
A 10-µl suspension of infective juveniles (IJs) was observed on a 
microscope slide (covered with a 18x18mm coverslip) with an 
epifluorescence optical microscope (Olympus BX-40-FX) with 
objectives 10x/0.25 (for EPNs) and 40x/0.75 (for EPNs and bacteria). 
Samples were observed under visible and UV light (Hg) adjusted for 
optimal GFP or mCherry fluorescence. 
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2.7. Bacterial counts 
To quantify the amount of bacteria contained in one IJs pool, and 
to avoid any contamination (either from the passage in G. mellonella or 
from the environment), IJs were surface sterilized following a 
standardized procedure. In brief, IJs were immersed in a 1.5ml 
eppendorf for 3 minutes with 1ml of a sterilization solution (as 
described previously in the M&M) with gentle agitation. After 1min 
centrifugation at 4000rpm in a minicentrifuge, supernatant was 
discarded and IJs were rinsed thrice with physiological water (0.9% 
NaCl). Finally, surface sterilised IJs were crushed and plated on 
selective agar. The number of IJs present in the pool was estimated by 
microscopic counting of a representative sample (50µl). Alternatively, 
a non-sterile method was used to assess the number of targeted 
bacteria associated with the IJs: G. mellonella cadavers were rinsed with 
physiological water to collect the freshly emerged IJs in suspension. 
The number of IJs per larva was estimated by microscopical count on 
50-µl drops from this suspension. Serial dilutions of the supernatant 
were then plated on selective agar medium and bacteria were 
enumerated. 
2.8. Theoretical count of Y. pseudotuberculosis 
In order to stress out the Y. pseudotuberculosis multiplication 
during the EPNs infection cycle, the theoretical counts (TY) that would 
be observed starting from the same inoculum if no bacterial division 
would occur have been calculated. For this calculation, theoretical 
volumes of 0.5ml (VGm) and 0.8nl (VIJ) have been assigned per G. 
mellonella larva and Steinernema sp MW8B IJ, respectively, and a mean 
EPN emergence yield of 50,000 EPNs (NIJ) per larva has been 
considered. It has been also assumed that 125 IJs infect a single G. 
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mellonella larva. The dilution factor (DF) is the ratio VGm/(VIJ x NIJ). TY 
is calculated by dividing the number of Y. pseudotuberculosis CFUs 
infecting a larva by the DF. 
2.9. Susceptibility testing towards Xenorhabdus sp. 
antimicrobial compounds 
To estimate the resistance of enterobacteria towards Xenorhabdus 
sp. TZ01 antibiotic compound production, growth of the tested 
bacteria was monitored every 30 minutes during 6 hours by optical 
density (OD) measurement in the presence of Xenorhabdus culture 
extracts. For this purpose, LB liquid medium was inoculated with an 
inoculum of the target bacterium derived from a fresh culture to reach 
an initial OD600 of 0.05-0.1. Prior to inoculation, LB was supplemented 
with 4% or 8% (v/v) of 0.2-µm filtered supernatant of a 48h liquid 
culture of X. sp. TZ01 grown at 28°C with shaking at 150rpm (Cell Free 
Supernatant). X. sp. TZ01 liquid cultures used for supernatant 
preparation were stopped when OD600 reached 11-13. For growth curve 
analysis, OD600 was plotted into a log2 scale in order to obtain a linear 
graph for the exponential phase of the curve. The slope of this line 
(calculated with GraphPad Prism® 6) defines the growth rate of a 
given bacterium in the defined culture conditions. 
3. Results 
3.1. Yersinia pseudotuberculosis resists to antimicrobial 
compounds produced by Xenorhabdus sp. 
 Susceptibility of several strains of Y. pseudotuberculosis, 
pathogenic E. coli, Salmonella enterica subsp. enterica serovar Enteritidis 
(S. Enteritidis) and Serratia marcescens towards antimicrobial  
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Figure 11: Susceptibility of various enterobacteria to antimicrobial substances 
produced by X. sp. TZ01. 
A: Growth curves in liquid broth of Y. pseudotuberculosis 4N1 (closed circles), Y. 
pseudotuberculosis 4N1 supplemented with 8% of X. sp. TZ01 culture supernatant 
(closed triangles), Y. pseudotuberculosis IP2777 supplemented with 8% of X. sp. TZ01 
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culture supernatant (closed diamonds), Serratia marcescens EE016 supplemented with 
8% of X. sp. TZ01 culture supernatant (closed upside down triangles), E. coli VT01 
supplemented with 8% X. sp. TZ01 culture supernatant (open circles) and S. Enteritidis 
SE01 supplemented with 8% of X. sp. TZ01 culture supernatant (opened squares). 
OD600 values were plotted every 30 minutes during 6 hours.  
B: Growth rates of Y. pseudotuberculosis 4N1 (4N1), Y. pseudotuberculosis IP2777 (2777), 
Vero-toxigenic E. coli VT01 (VTEC), Salmonella Enteritidis SE01 (SEnt) and Serratia 
marcescens EE016 (Ser) in liquid broth supplemented with either 0% (white bars), 4% 
(hatched bars) or 8% (dotted bars) of X. sp. TZ01 culture supernatant. Growth rates 
were calculated by plotting experimental OD600 values in log2 scale and taking the 
slope of the adjusted linear regression curve. Few or no growth was observed for Vero-
toxigenic E. coli VT01 and Salmonella Enteritidis SE01 grown with either 4% or 8% of 
X. sp. TZ01 culture supernatant. CFUs per IJ decreased by 41%. However, quantitative 
results obtained for IJs4 at week 3 PE and IJs1 at day 0 PE are comparable. 
 
compounds produced by X. sp. TZ01 was tested by growth curve 
analysis. Growth of Y. pseudotuberculosis (strains 4N1 and IP2777) was 
slightly delayed with 4% X. sp. TZ01 supernatant compared to a 
control growth without X. sp. TZ01 supernatant, but subsequent 
growth was merely unaffected when up to 8% X. sp. TZ01 supernatant 
was added. Likewise, S. marcescens EE016 was characterized by a 
delayed growth while its capacity to grow with up to 8% X. sp. TZ01 
supernatant was unaffected. To the contrary, both S. Enteritidis SE01 
and Vero-toxigenic E. coli VT01 strains were drastically inhibited with 
4% X. sp. TZ01 supernatant (data not showed) and totally unable to 
grow with 8% added supernatant (Figure 11A). Growth rates of Y. 
pseudotuberculosis 4N1 and IP2777 were both slightly affected when X. 
sp. TZ01 supernatant was added. At 4% supernatant, slopes slightly 
decreased by about 1/5 for Y. pseudotuberculosis 4N1 and IP2777. The 
effect on the slopes doubled when 8% of X. sp. TZ01 supernatant was 
added. S. marcescens EE016 growth was unaffected with either 4% or 
8% added X. sp. TZ01 supernatant (Figure 11B). 
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Aiming to assess the susceptibility of Y. pestis, five field isolated Y. 
pestis strains (Table 5) were tested towards antimicrobials secreted by 
Xenorhabdus sp. TZ01 following an adapted procedure described in 
section 2.9. These experiments were conducted in the biosafety level 3 
laboratory of VAR. Liquid cultures were maintained at room 
temperature (between 24.6°C and 25.2°C) with strong agitation (150 
rpm). Cultures were supplemented with 8% (v/v) of Xenorhabdus sp. 
TZ01 supernatant prior to inoculation. To observe any effect of this 
supernatant on Y. pestis growth, OD600 were monitored thrice at the 
inoculation point, at 6 hours post inoculation and at 24h post 
inoculation. With only 3 experimental measurements per assay, 
neither growth curves nor growth rates could be calculated. The 
results presented here are just an indication of the ability of Y. pestis to 
survive to antimicrobial compounds released by Xenorhabdus sp. TZ01. 
A susceptible E. coli strain was used as positive control. 
 
Table 5: List of Y. pestis strains used for susceptibility tests 
Strain name Origin 
Y. pestis NCTC 10030 Nairobi (Kenya) 
Y. pestis NCTC 5924 Java (Indonesia) 
Y. pestis NCTC 570 Bombay (India) 
Y. pestis RDC 01 Katanga (DRC1) 
Y. pestis RDC 09 Ahulogo (DRC1) 
1 Democratic Republic of Congo 
Two profiles can be distinguished among the five tested strains. 
A first profile includes Y. pestis NCTC 5924 and Y. pestis NCTC 570, 
termed the Asian group and a second profile including Y. pestis NCTC 
10030, Y. pestis RDC 01 and Y. pestis RDC 09, termed the African group. 
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On one hand, the Asian group growth is totally inhibited with 8% of 
X. sp TZ01 supernatant even at 24h post inoculation while the E. coli 
TOP10 control strain finally multiplied to reach the exponential phase 
24h post inoculation. On the other hand, the growth of the African 
group is still inhibited at 6h post inoculation but bacteria reached the 
exponential phase 24h post inoculation (Figure 12). 
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Figure 12: Susceptibility of five Y. pestis strains towards X. sp TZ01 antimicrobials 
OD600 are measured at inoculation time (black), at 6h post inoculation (light grey) and at 24h post inoculation (dark grey) either with (8%) or 
without addition of X. sp. TZ01 supernatant. 
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3.2. Yersinia pseudotuberculosis colonizes the gastro-
intestinal tract of EPNs and survives long-term EPN 
storage. 
To assess the ability of Y. pseudotuberculosis to colonize 
Steinernema sp. MW8B, 7 independent Galleria mellonella infection 
experiments were conducted with a Y. pseudotuberculosis GFPmut2-
labelled strain (4N1G strain) (Table 6). 
In all experiments, Steinernema sp. MW8B IJs1 exhibited 
GFPmut2 fluorescence along the entire length of their gut (Figure 
13A.1). However, in 2 out of 7 experiments (29%), IJs1 emerged from Y. 
pseudotuberculosis 4N1G-infected G. mellonella larvae failed to invade 
and kill new naive G. mellonella larvae in spite of the fact that they were 
massively colonized by Y. pseudotuberculosis 4N1G as attested by the 
bright GFP fluorescence they displayed. In 2 out of 7 experiments 
(29%), IJs that were both fluorescent and infective emerged from dead 
G. mellonella cadavers after 4 consecutive infection cycles (Figure 
13A.2). One experiment (14%) led to the emergence of fluorescent / 
infective IJs after the fifth infection cycle and were so even after 7 
consecutive infection cycles which lasted 14 weeks (Figure 13A.3). 
Directly after the first emergence, freshly emerged IJs1 were 
stored at 4°C, 16°C and 28°C in physiological water. IJs1 were observed 
in epifluorescence microscopy to monitor the presence of Y. 
pseudotuberculosis 4N1G. These observations were made every day 
during the first week post emergence (PE) then once a week during 13 
weeks. At 4°C, stored IJs1 did not survive a week and were all dead by 
day 8 PE (Figure 13B.1 and B.2). 
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Table 6: Summary of G. mellonella infection experiments 
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Figure 13: Epifluorescence microscope pictures of GFP-labelled Y. 
pseudotuberculosis 4N1G in Steinernema sp. MW8B EPNs.  
A. EPNs emerging from dead moth larvae after 1 (A.1), 4 (A.2) and 7 (A.3) consecutive 
infection cycles (100× magnification). 
B. IJs collected after the first infection cycle and stored at 4°C in physiological water 
for either 8 (B.1, B.2) or 42 days (B.3) (400× magnification). 
C. IJs collected after the first infection cycle and stored at 28°C in physiological water 
for 98 days. C.1, enlarged view of the mouth; C.2, enlarged view of the anus; C.3, whole 
IJ body (400× magnification, 800× magnification for enlarged view) 
D. Uninfected IJs 
D 
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Nevertheless, Y. pseudotuberculosis 4N1G was still alive – and did 
even multiply slowly inside the IJs cadavers – since GFP fluorescence 
was still observed 6 weeks PE (Figure 13B.3). No differences were 
observed between IJs1 stored either at 16°C or at 28°C. In these samples, 
microscopic observations showed that Y. pseudotuberculosis 4N1G was 
still present inside IJs1 of Steinernema sp. MW8B, either in the gut or in 
the inter-cuticular space, after 14 weeks of storage at either 16°C or 
28°C (Figure 13C). 
To check the ability of Y. pseudotuberculosis 4N1G to remain 
associated with Steinernema sp. MW8B after several infection cycles, 
IJs4 were also kept at 28°C. At 3 weeks PE, 23 +/- 3 IJs4 were crushed 
and counted on selective agar plates. An average of 5.0 x 103 CFUs of 
Y. pseudotuberculosis 4N1G per IJs4 was measured. Compared to IJs4 at 
0 day PE (8.6 x 103 CFU/IJs4), the number of Y. pseudotuberculosis 4N1G 
per IJs4 was measured. Compared to IJs4 at 0 day PE (8.6 × 103 
CFU/IJs4), the number of Y. pseudotuberculosis 4N1G CFUs per IJ 
decreased by 41%. However, quantitative results obtained for IJs4 at 
week 3 PE and IJs1 at day 0 PE are comparable. 
Similar G. mellonella infection experiments were conducted three 
times with a GFPmut2-labelled Y. enterocolitica O:3 strain (YE03). This 
strain is more sensitive towards antimicrobials produced by X. sp. 
since Y. enterocolitica O:3’s growth is totally inhibited with the presence 
of 8% of X. sp. supernatant (data not shown). Microscopic observations 
showed EPN colonization by Y. enterocolitica YE03 during at least 2 
consecutive infection cycles for one out of the three experiments 
conducted. Confocal microscopic observations localized Y. 
enterocolitica YE03 in the gut lumen after 2 infection cycles (Figure 14). 
However, no GFPmut2 fluorescence was observed after 3 consecutive 
infection cycles with Y. enterocolitica YE03.  
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Figure 14: Localization of Y. enterocolitica YE03 in Steinernema sp. MW8B EPNs 
emerged from an infected larva.  
Confocal microscope slides in Z-axis (numbered from 1 to 8) of a Steinernema sp. 
MW8B EPN colonized by Y. enterocolitica YE03 emerged from the second infection 
cycle. GFP-labeled bacteria localize in the mouth (showed by the white arrow) and in 
the gut lumen. EPN borders are drawn in white (800× magnification) 
 
GFPmut2-labelled Escherichia coli VT03 (vero-toxigenic O157 strains), 
GFPmut2-labelled Salmonella Enteritidis SE03 and an unlabelled 
tetracycline resistant S. marcescens EE016 strain were subjected to 
similar G. mellonella infection cycle experiments. None of these 4 
Enterobacteriaceae demonstrated Steinernema sp. MW8B colonisation 
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capacity. This was evidenced by the lack of GFPmut2 fluorescence in 
IJs1 in the E. coli VT03 and S. Enteritidis SE03 experiments. No single IJ1 
emerged from G. mellonella larvae injected with S. marcescens EE016 
while emergence was observed when the insects were not injected.  
 
3.3. EPNs support dramatic multiplication and 
dissemination of Yersinia pseudotuberculosis. 
To confirm quantitatively the maintenance of Y. 
pseudotuberculosis 4N1G in the experimental model, CFU counts were 
determined at different time points (Table 6). After the first infection 
cycle, an average of 5.0 x 103 Y. pseudotuberculosis 4N1G CFUs per 
Steinernema sp. MW8B IJ were found. Similar counts were determined 
during 7 consecutive infection cycles, with an average of 8.6 x 103 CFUs 
of Y. pseudotuberculosis 4N1G per IJ still found after the 4th infection 
cycle and 5.6 x 103 CFUs after the 7th infection cycle (Table 6). Knowing 
the number of CFU per IJ and the number of IJs emerged from dead 
larvae, we calculated the total increase in Y. pseudotuberculosis 4N1G 
counts after the various infection cycles. Starting with 1.9 x 106 CFUs 
of Y. pseudotuberculosis 4N1G directly injected in the larva, Y. 
pseudotuberculosis 4N1G counts after one cycle increased by two orders 
of magnitude and reached 2.5 x 108 CFUs. These counts were similar 
after the fourth infection cycle (3.5 x 108 CFU) and started to decrease 
from the 7th infection cycle (5.67 x 106 CFU). This confirms our model 
predictions which suggest that in the absence of active multiplication, 
Y. pseudotuberculosis 4N1G counts would drastically decrease and 
would become undetectable after two infection cycles (Figure 15). The 
experimental counts hence reflect an active multiplication of Y. 
pseudotuberculosis 4N1G in the studied laboratory model. 
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Figure 15: Growth of Y. pseudotuberculosis 4N1G during EPN’s infection cycles.  
The hatched bars show the total counts of Y. pseudotuberculosis 4N1G CFUs retrieved 
from IJs emerged from a dead moth larva after 1, 4 and 7 consecutive infection cycles 
(data from table 2). The straight line shows the theoretical counts that would be 
observed starting from the same inoculum if no bacterial division would occur. For 
this calculation, theoretical volumes of 0.5ml and 0.8nl have been assigned per G. 
mellonella larva and Steinernema sp. MW8B IJ, respectively, and a mean EPN 
emergence yield of 50,000 EPNs per larva has been considered (see M&M) 
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3.4. Yersinia pseudotuberculosis cannot replace 
Xenorhabdus sp. TZ01 as EPN symbiont. 
After having demonstrated the colonisation and multiplication 
capacity of Y. pseudotuberculosis 4N1G in the gut of Steinernema sp. 
MW8B IJs, we wondered whether Y. pseudotuberculosis 4N1G could 
substitute for X. sp. TZ01 as a bacterial symbiont in this EPN species. 
To address this question, we obtained axenic Steinernema sp. MW8B 
EPNs by collecting surface sterilised eggs from gravid females. Prior 
to G. mellonella infection, axenic EPNs were incubated with the 
mCherry-labelled Y. pseudotuberculosis 4N1C strain on Wouts Agar 
plates in order to obtain IJs exclusively colonised by Y. 
pseudotuberculosis 4N1C. A pool of such “monoxenic” IJs displaying 
red fluorescence (Figure 16A) was divided into 4 equal groups. Two 
groups were incubated separately with 6 G. mellonella larvae in empty 
containers. One group was deposited onto a sterile Wouts Agar plate 
with 4 G. mellonella larvae and the last group was deposited onto a 
Wouts Agar plate without any larva. In a empty container, normal 
uninfected IJs were incubated with 6 G. mellonella larvae as a positive 
control. 
At day 3 post infection (PI), G. mellonella larvae grown on Wouts 
Agar and the ones of the positive control were found dead. At day 8 
PI, all G. mellonella were dead. Three G. mellonella larvae recovered 
from Wouts agar plates showed emergence of EPNs. The emerged 
EPNs displayed no mCherry fluorescence when observed 
microscopically. When crushed and plated onto selective agar plates, 
no Y. pseudotuberculosis 4N1C could be retrieved from these EPNs 
neither. At day 10 PI, emergence of EPNs could be observed in 2 larvae 
incubated in empty containers, but again none of the emerged EPNs 
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exhibited red fluorescence and no Y. pseudotuberculosis 4N1C could be 
retrieved after EPN crushing and plating on selective agar. In contrast, 
EPNs grown freely on Wouts agar still exhibited red mCherry 
fluorescence 10 days after plating. The same experiment was 
conducted with the GFPmut2-labelled X. sp. TZ03. Microscopic 
observations showed not only that X. sp. TZ03 was able to colonise the 
symbiotic vesicle of Steinernema sp. MW8B axenic EPNs (Figure 16B), 
but also that X. sp. TZ03 maintained in its host after 2 consecutive 
cycles (Figure 16C) and probably much more (not tested). 
 
Figure 16: Differential localization of Y. pseudotuberculosis 4N1C and X. sp. 
TZ03 in Steinernema sp. MW8B nematodes. 
Epifluorescence microscope pictures showing axenic EPNs artificially fed on (A) plate- 
grown red fluorescent Y. pseudotuberculosis 4N1C localizing in the gut (100× 
magnification) or (B) plate-grown green fluorescent X. sp. TZ03 localizing in a 
symbiotic vesicle (400× magnification). The latter was still localized in the symbiotic 
vesicle after 2 consecutive infection cycles on G. mellonella larvae (C) (800× 
magnification) 
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4. Discussion, Conclusion, and Perspectives 
Compared to other enterobacteriaceae tested so far, the 
capacity of Y. pseudotuberculosis 4N1 to colonize Steinernema sp. MW8B 
is remarkably efficient and suggests that a number of biological 
functions required for its successful dissemination through this host 
during and between infection cycles are present and functional in this 
bacterium. We showed that enterobacteria sensitive to the antibiotics 
secreted by Xenorhabdus. sp. TZ01 have no ability to colonize the EPN 
gut. Two strains of Y. pseudotuberculosis (4N1 and IP2777) as well as 
one S. marcescens strain (EE016) isolated from a Steinernema sp. MW8B-
infected G. mellonella larva were found naturally resistant to X. sp. 
TZ01 secreted antibiotics and were tested for their ability to colonize 
Steinernema sp. MW8B EPNs with the model developed herewith. The 
growth rate of both Y. pseudotuberculosis strains was slightly affected 
by the presence of X. sp. TZ01 supernatant, while the S. marcescens 
EE016 was not. Likewise, Ochrobactrum tritici strain EE10.1 isolated 
from a Steinernema sp. MW8B-infected G. mellonella larva in our 
laboratory displayed a similar capacity to resist to X. sp. TZ01 
antibiotics (data not shown). Despite this capacity, S. marcescens EE016 
was unable to sustain EPNs life cycle completion since no IJ emergence 
occurred from S. marcescens-injected G. mellonella larvae. This suggests 
that Serratia and Ochrobactrum may accidentally reach the gut of 
Steinernema sp. MW8B but are unlikely able to colonize and multiply 
within the EPN gut as Yersinia pseudotuberculosis does. It has been 
shown that Serratia marcescens uses the type VI secretion system to 
neutralize bacterial competitors (Murdoch et al., 2011). This 
competition, at the 106 CFUs injection level, may impair Xenorhabdus 
growth in G. mellonella larvae injected with S. marcescens. This could 
explain why Steinernema sp. MW8B cannot complete its reproductive 
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cycle within S. marcescens-infected G. mellonella. S. marcescens has been 
shown to be pathogenic towards the free-living nematode 
Caenorhabditis elegans but beneficial to the entomopathogenic 
nematode C. briggsae (Lancaster et al., 2012; Mallo et al., 2002). Zhang 
et al. reported the isolation of a new Serratia species (S. nematodiphila) 
from the EPN species Heterorhabditidoides chongmingensis and proposed 
that S. nematodiphila may have evolved to a symbiotic species, possibly 
after horizontal gene transfer (Zhang et al., 2009, 2008). Dixenic 
associations have been described, such as P. luminescens and 
Ochrobactrum spp. found together in tropical species of Heterorhabditis 
(Babic et al., 2000). Genomic comparison between S. nematodiphila and 
other (non-symbiotic) Serratia spp. could provide interesting insights in 
the discovery of genes involved in the symbiotic association with 
EPNs. 
Concerning the suscpetibility of Y. pestis towards X. sp. 
Antibiotics,  the observations suggest that X. sp. TZ01 supernatant has 
a bactericidal effect on the Asian strains while it has a bacteriostatic 
effect both on the African group and on the E. coli TOP10, only causing 
a delay in their growth. Continuous OD600 monitoring is required to 
evaluate more accurately the impact of X. sp TZ01 supernatant on Y. 
pestis growth and would allow comparison with Y. pseudotuberculosis 
resistance profile analyzed previously. Nevertheless, these 
preliminary results suggest that none of the Y. pestis strains tested here 
seem to be a good candidate to grow simultaneously with Xenorhabdus 
sp. within an insect cadaver. 
In this study we showed that Y. pseudotuberculosis 4N1G is able 
to colonize and maintain for several generations inside a Steinernema 
species for long-term periods (14 weeks). Quantitative data showed 
that EPNs support efficient multiplication of Y. pseudotuberculosis 
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4N1G during this period. Indeed, counts of Y. pseudotuberculosis CFUs 
carried away by EPNs emerged from dead larvae are roughly 
multiplied by a factor 103 at the term of each infection cycle, a number 
which is probably underestimated as it does not take into account Y. 
pseudotuberculosis bacteria left over in the dead cadaver. Y. 
pseudotuberculosis 4N1G colonizes mainly the gut of Steinernema sp. 
MW8B but can be found in the inter-cuticular space as well after 3-
month storage in physiological water.  The localisation of Y. 
pseudotuberculosis 4N1G in Steinernema sp. MW8B IJs’ gut is quite 
different from the normal localisation of the symbiotic Xenorhabdus sp. 
TZ03. Indeed, the natural niche of Xenorhabdus inside its Steinernema 
host - before infecting an insect prey - is a so-called symbiotic vesicle 
located along and separated from the EPN gut (Poinar and Thomas, 
1966). Our observations on EPN colonization are consistent with 
axenic EPNs experiments, which demonstrated that Y. 
pseudotuberculosis 4N1G does not replace the X. sp. TZ01 symbiont 
during EPN infection cycle but more likely hijack the symbiotic 
relationship between Xenorhabdus and EPNs. Indeed, when the natural 
symbiont of Steinernema sp. MW8B is absent, EPNs colonized by Y. 
pseudotuberculosis 4N1C alone are unable to develop properly in a G. 
mellonella larva. In control experiments where axenic EPNs are 
supplemented with GFP-labelled X. sp. TZ03, EPNs recover their 
ability to indefinitely multiply and feed on G. mellonella larvae. 
Moreover, published results showed that IJs colonized by both X. sp. 
and Y. pseudotuberculosis strains labelled with two different fluorescent 
protein markers do contain both bacteria (Gengler et al., 2015a). The 
impact of Y. pseudotuberculosis on the EPN fitness was not determined. 
However, EPNs were grazed and complete their cycle on Y. 
pseudotuberculosis lawn. Although the mutiplication on Y. 
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pseudotuberculosis lawn qualitatively seemed to be less efficient than on 
Xenorhabdus lawn, the fact that EPNs are able to complete their cycle 
indicates that Y. pseudotuberculosis does not kill EPNs. 
The mini-Tn5 transposon used to tag Y. pseudotuberculosis 
4N1G and 4N1C in our experiments was mapped in the fimbrial A 
protein gene. This gene is found in two intact copies in the Y. 
pseudotuberculosis genome meaning that the protein is probably still 
expressed – though not in the same level – in the GFP-tagged strains. 
Fimbrial proteins are known to act as colonization factors for Y. 
pseudotuberculosis and are involved in the attachment to epithelial cells 
(Collyn et al., 2002). The capacity of the 4N1G and 4N1C tagged strains 
to colonise the EPN’s gut, as demonstrated throughout our study, 
argue in favour of a non-detrimental effect of the transposon insertion 
compared to the wild-type strain. 
Interestingly, it has been shown that Y. pseudotuberculosis and 
Y. pestis – the etiological agent of plague – can infect or form a biofilm 
mainly around the head of Caenorhabditis elegans, a well-studied 
nematode laboratory model (Darby et al., 2002; Joshua et al., 2003; Tan 
and Darby, 2004). Given the fact that Y. pestis evolved quite recently 
from Y. pseudotuberculosis (Achtman et al., 1999), it would be 
interesting to know whether Y. pestis can also resist to antimicrobial 
substances produced by Xenorhabdus / Photorhabdus spp. and colonize 
EPNs. If these findings turn to have an environmental significance, it 
would provide new insights in the understanding of long-term 
persistence of Y. pestis in plague endemic areas worldwide (Bertherat 
et al., 2007; Eisen et al., 2008).  
Future work should focus on the identification of Yersinia 
genetic determinants required to colonize and maintain inside EPNs. 
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Several genes shared by Yersinia and the EPN’s natural symbionts are 
good candidates to play this role such as the phospholipase A encoded 
by yplA, structural genes of the type 6 secretion system (T6SS) and 
possibly others (Heermann and Fuchs, 2008). Likewise, genome 
comparisons between Serratia, Ochrobactrum, Yersinia and Xenorhabdus 
should help deciphering the critical genetic determinants required for 
EPN colonization. 
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Chapter 3 – Study of Yersinia 
pseudotuberculosis genetic 
determinants involved in Steinernema 
colonization 
In the previous chapters, it has been shown that Y. 
pseudotuberculosis was able to colonize Steinernema nematodes. This 
chapter focuses on three Y. pseudotuberculosis genes, hcpI, vgrG and 
yplA potentially involved in this process. These three genetic 
determinant, also shared by Xenorhabdus, have been replaced by a 
selective marker (KmR or mCherry). The knockout Y. pseudotuberculosis 
mutants can be tracked in the EPN life cycle and checked for their 
ability to colonize or not EPNs as the wild-type strain does. All three 
knockout mutants have been complemented. Unfortunately, due to 
lack of time and requirement to perform more control experiments, no 
conclusion can be drawn from the observed phenotypes. This work 
could be published if additional experiments, including controls, are 
performed in the near future.  
In contrast to the two previous chapters, chapter 3 will not be 
presented as a scientific article. First, the three selected genes and their 
functions will be introduced. Second, the mutational strategy applied 
to obtain the knockout mutants and their complementation will be 
described. Finally, results and phenotypes obtained so far will be 
discussed with recommendations for the further needed experiments. 
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Chapter 3 – Study of Yersinia 
pseudotuberculosis genetic 
determinants involved in Steinernema 
colonization. 
 
1. Introduction 
In 2008, Heermann and Fuch published a comparative genome 
analysis of both Photorhabdus luminescens and Yersinia enterocolitica 
(Heermann and Fuchs, 2008). This study enlightened a large set of 
genetic determinants shared by these two Enterobacteriaceae, and 
notably involved in the host infection process, persistence within the 
insect, or in host exploitation. Most of these genes, also present in 
Xenorhabdus and Y. pseudotuberculosis, are interesting candidates to 
study in the context of Steinernema colonization. Among them, three 
genes were selected for knockout. The two first encode structural and 
functional components of the Type 6 Secretion System (T6SS), namely 
hcpI and vgrG. The third encodes a phospholipase A termed yplA. More 
details about these three genes are given hereafter. 
The T6SS was discovered in Vibrio cholerae by the research team 
of Mekalanos in 2006 (Pukatzki et al., 2006). The T6SS is widely spread 
among Gram-negative bacteria. It was first intensively studied for its 
implication in bacterial pathogenesis (e.g. Salmonella or Yersiniae). Some 
effectors play an important role in virulence towards eukaryotic cells 
by modifying their cytoskeleton through actin cross-linking (Pukatzki 
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et al., 2007). However, the presence of the T6SS in non-pathogenic 
bacteria  or even in symbiont-like Photorhabdus and Xenorhabdus 
suggested that T6SS could also be involved in other functions or 
interactions than pathogenesis (Jani and Cotter, 2010). Inter-bacterial 
interactions such as bactericidal and antimicrobial activities have been 
described (MacIntyre et al., 2010) or even intra-bacterial interactions 
involving self versus nonself discrimination (Wenren et al., 2013). The 
T6SS certainly gives an advantage for host colonization by enabling 
pathogen to outcompete the host’s commensal bacteria (Kapitein and 
Mogk, 2013). Interestingly, even if the underlying molecular 
mechanisms are not yet understood, some studies in Helicobacter and 
Salmonella suggest a role of the T6SS in the modulation of virulence, 
promoting a mutualistic behaviour with the eukaryotic hosts. The T6SS 
could enable a latent sit-and-wait phase ensuring transmission of the 
bacteria (Jani and Cotter, 2010).  This illustrates how versatile the T6SS 
can be since it can modulate bacterial relations as well as maintain 
pathogenic or symbiotic interactions with eukaryotic organisms (see 
Durand et al., 2014 for review). 
The T6SS is part of the Sec-independent family of secretion 
systems, like the Type 1, 3 and 4. T6SS is structurally and 
mechanistically analogous to the cell-puncturing device of tailed 
bacteriophages. It functions as a contractile injection machineries that 
perforate either eukaryotic or prokaryotic cells for effector delivery. A 
schematic view of the assembly of the T6SS and the effectors 
translocation is shown at Figure 17. A baseplate complex is formed by 
13 core proteins termed Type Six Secretion (Tss) that bridge the inner 
and the outer bacterial membranes. A sharp conical structure 
consisting in a trimer valine-glycine repeat G proteins (VgrG) 
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associated with a Pro-Ala-Ala-Arg repeat containing protein (PAAR) 
is recruited to this baseplate complex. This VgrG spike is used to pierce  
 
Figure 17: Schematic view of the assembly of the T6SS and the effectors 
translocation (Adapted from Ho et al., 2013) 
A baseplate complex is first formed by 13 Tss proteins. VgrG, PAAR and effector 
proteins are then recruited to this complex and assemble into the structure. VgrG 
interaction with PAAR contributes to the overall stability of the T6SS assembly. The 
VgrG trimer act as a nucleator site for the Hcp tube to polymerize. Then VipA/VipB 
sheath polymerizes around the growing Hcp tube. Finally a conformation change in 
the sheath structure results in a contraction event that literaly propels the Hcp tube 
out of the cell and across a target membrane. Thanks to this contraction the VgrG-
effectors are delivered either in the periplasme or in the cytosol of the target cell. 
the membrane of the target cells. Using the VgrG trimer as nucleator 
site, a tail tube is then formed by polymerisation of hexamer rings of 
hemolysin-coregulated protein (Hcp). A sheath formed by 2 proteins 
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termed VipA and VipB, polymerizes around the Hcp tail tube. Upon 
conformational changes, the VipA/VipB sheath contracts and propels 
the Hcp tail tube that pierces the target membrane thanks to the VgrG 
spike allowing the delivery of effectors either in the periplasm or in the 
cytosol of the target cell. Both vgrG and hcp are essential for functional 
T6SS (Durand et al., 2014; Ho et al., 2013). 
Phospholipases are enzymes that cleave the phospholipids 
present in the cellular membranes. According to their cleavage site, 
they are sorted into several classes. Phospholipase A cleaves fatty acid 
groups from the glycerol backbone of phospholipids. All three 
pathogenic Yersiniae express phospholipases A. One of them, termed 
YplA (for Yersinia PhosphoLipase A), was first described in Y. 
enterocolitica but homologs are also found in Y. pseudotuberculosis and 
Y. pestis. YplA from both Y. pseudotuberculosis and Y. enterocolitica is 
involved in mammalian virulence, although its enzymatic activity 
differs between the two species. First, Y. enterocolitica YplA (YplAent) 
has a greater phospholipase activity than the Y. pseudotuberculosis YplA 
(YplApst). Second, when overexpressed Yplapst is cytotoxic for E. coli 
while YplAent overexpression does not affect E. coli growth. Despite 
their high homology, YplAent and YplApst may have different enzyme 
kinetics and/or substrate preferences (Meysick et al., 2009). In Y. 
enterocolitica, YplA is secreted via several Type 3 secretion systems like 
the flagellar export apparatus (Young and Young, 2002; Young et al., 
1999). In fact, YplAent is part of the flagellar regulon (Schmiel et al., 
2000). On the opposite, YplApst does not belong to the flagellar regulon 
and is not exported through the flagellar apparatus but is probably 
exported by another T3SS (Meysick et al., 2009). Photorhabdus and 
Xenorhabdus also secrete YplA homologs. Based on this homology, 
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Heermann and Fuch postulated that Photorhabdus and Xenorhabdus 
phospholipases should also play a role in virulence against insects, 
allowing their survival in the insects. Moreover, yplA is expressed at 
low-temperature suggesting a role in pathogenicity towards insects. 
Due to its enzymatic activity, YplA might play a role in insects’ 
bioconversion which is essential in the symbiotic lifecycle of 
Photorhabdus/Xenorhabdus inside their EPN host (Heermann and Fuchs, 
2008). 
2. Construction of the mutagenesis cassette 
delivery vectors 
The directed mutagenesis strategy is based on the method used 
and described in chapter 1. The targeted genes, hcp12, vgrG3 and yplA4 
have been replaced by mCherry or by the Kanamycin resistance gene 
(KmR) by allelic exchange. The mutagenesis cassettes (MC), termed H-
MC, V-MC and Y-MC for hcp1, vgrG and yplA respectively, were 
generated by combining restriction/ligation reactions and overlap PCR 
(Shevchuk et al., 2004). MC consists in three fragments: a central 
fragment (termed CF) containing the reporter gene (mcherry or KmR) 
flanked by upstream and a downstream fragments (homologous 
regions termed UF and DF respectively, aimed at replacing the target 
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gene). First, UF-CF and CF-DF fragments were generated thanks to 
restriction/ligation reactions. Second, these two fragments were 
pooled together in an overlap PCR procedure to generate the whole 
MC. The three MCs were then cloned into the mobilizable suicide 
vector pKNG101, which confers resistance to streptomycin and carries 
the counter-selectable marker sacBR (Kaniga et al., 1991). The 
recombinant suicide plasmids were then transferred to Y. 
pseudotuberculosis 4N1 from the conjugative strain E. coli SM10λpir. 
Allelic exchange was conducted in two steps with Streptomycin and 
sucrose as described in chapter 1. Details about the construction of the 
three MCs are described hereafter. 
2.1. The mCherry mutagenesis cassette 
The aim was to replace the hcpI, vgrG and yplA genes by mCherry. To 
do so, a 5’-portion (UF) and a 3’-portion (DF) (about 250 base pairs 
each) of DNA directly flanking these three genes were PCR amplified 
from the Y. pseudotuberculosis 4N1 strain. CF consists in the strong 
promotor rrnb P1 from E. coli, a ribosome binding site (RBS), the 
mcherry ORF and a L-shaped transcription terminator. The rrnb P1 
promotor aims to ensure strong expression of the reporter gene 
mcherry (Zhao et al., 2011). The L-shaped terminator was added to 
prevent any strong polar effects from the insertion of mcherry under 
the control of rrnb P1. CF was cloned in the pGEM®-T vector (Promega 
Benelux b.v., Leiden, The Netherlands) and electroporated in One 
Shot® TOP10 Electrocomp™ E. coli (Life Technologies Europe B.V., 
Ghent, Belgium). The primers designed to amplify UF, DF and CF 
allowed ligation (BglII/BamHI) of the UF-CF and CF-DF fragments. The 
primers used here are listed in Table 7. UF-CF and CF-DF were then 
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used at 50:50 ratios as DNA templates for a two-step overlap PCR. For 
the first step no primers were added in the 25µl PCR mix and the 
following cycling parameters were applied: initial denaturation at 
95°C for 3 min followed by 10 amplification cycles (95°C for 20 s; 72°C 
for 1.5 min). For the second step, 2µl of the first step PCR product 
together with 2µM of primers amplifying the whole MC were added 
in a new 30µl PCR mix. The cycling parameters for the second step 
were the following: initial denaturation at 95°C for 3 min; 25 
amplification cycles (95°C for 15 s; 60°C for 30 s; 72°C for 1 min); 
followed by a final extension at 72°C for 8 min. H-MC, V-MC and Y-
MC were cloned in the mobilizable suicide vector pKNG101 (Kaniga 
et al., 1991) and checked by sequencing with two mCherry nested 
primers BG889 and BG890 (Table 7). The recombinant plasmids were 
termed pCHMC, pCVMC and pCYMC5 respectively and were used as 
mCherry-MC delivery vectors. Each of these three plasmids was then 
transferred into the conjugative strain E.  coli SM10 λPir. pCHMC, 
pCVMC and pCYMC were finally conjugated into Y. pseudotuberculosis 
4N1. 
2.2. The Kanamycin cassette 
Alternative MCs were generated with the kanamycin resistance 
gene instead of mCherry to allow a more stringent selection (sucrose + 
Km) of the allelic exchange for hcpI and vgrG genes. Exactly the same 
method was used to generate these alternative MCs as the one 
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described for the mCherry MCs (see section 2.1.). The BglII restriction 
fragment corresponding to CF and consisting of the kanamycin 
resistance gene (without any promoter nor transcription terminator) 
was cloned in pGEM®-T (Promega Benelux b.v., Leiden, The 
Netherlands) and electroporated in One Shot® TOP10 Electrocomp™ 
E. coli (Life Technologies Europe B.V., Ghent, Belgium). Primers used 
for the Km-MCs are listed in Table 7. The Km-MCs mutator plasmids 
were termed pKHMC and pKVMC6 and electroporated into the 
conjugative E.  coli SM10 λPir which was then conjugated with the Y. 
pseudotuberculosis 4N1. 
 
3. Yersinia pseudotuberculosis knockout 
mutants 
Initial integration of the mCherry-MC mutator plasmids was 
selected on specific agar plates containing streptomycin (100 µg ml-1). 
All initial integrations were PCR checked to determine whether the 
first recombination occurred with the 5’-portion or the 3’-portion of the 
mCherry-MCs. This PCR allowed also to check if the mCherry-MC 
mutators were integrated in the right locus. The primers used to check 
mCherry-MC vectors integration are listed in Table 8. After purification 
of the recombinant strains, allelic exchange was selected on agar plates 
containing sucrose (100 µg ml-1). Allelic exchange was obtained for Y-
MC but not for V-MC neither for H-MC which only yielded wild-type 
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revertants. The yplA knock-out mutant (yplA replaced by mCherry) was 
termed Y. pseudotuberculosis 4N2 and validated by both PCR and 
epifluorescence microscopy (Figure 18). The red fluorescence of Y. 
pseudotuberculosis 4N2 was quite weak. After sequencing we figured 
out that the strong promoter was mutated. Expression of mCherry was 
only under the control of the native promoter of yplA. 
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Figure 18: Schematic view of the two recombination steps to replace yplA by mCherry 
A. The suicide plasmid pCYMC is brought to the Y. pseudotuberculosis strain by conjugation. The first recombination (here with UF 
homologous regions symbolised by the red X) occurs under Streptomycin selection (Sm100). The pCYMC integrates into the chromosome. 
B. The second recombination is selected by addition of 10% of sucrose in the culture medium. The sacBR gene transforms sucrose into a toxic 
compound for the bacteria. A second recombination step takes place aiming to eliminate the DNA fragment carrying the sacBR gene (here 
with DF homologous regions symbolised by the red X). Eventually the resultant mutant carries the mCherry instead of yplA. 
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To overcome the issue encountered with the mCherry-MCs, 
Km-MC mutator plasmids for hcpI and vgrG were used to obtain 
knock-out mutants in which hcpI and vgrG are replaced by KmR. Initial 
integrations were as previously described selected with streptomycin 
(100µg ml-1) and the integration points checked by PCR (Table 8). After 
purification of the recombinant strains, allelic exchanges were selected 
on agar plates containing sucrose (100µg ml-1) and kanamycin (30µg 
ml-1). The hcpI and vgrG knock-out mutants (hcpI and vgrG replaced by 
KmR) were termed Y. pseudotuberculosis 4N3, Y. pseudotuberculosis 4N4 
and validated by PCR. 
4. Y. pseudotuberculosis knockout mutant’s 
complementation. 
 In order to complement the knock-out mutations described 
above, the broad-host-range plasmid pBBR1MCS has been chosen to 
bring back the deleted genes and thereby confirm the specificity of the 
engineered mutations. pBBR1MCS is a mobilisable low copy plasmid 
already used for stable complementation in Brucella sp. and Yersinia sp. 
(Elzer et al., 1995; Marenne et al., 2003; Welch et al., 2011). Moreover, 
pBBR1MCS carries the Choramphenicol resistance gene (CmR). hcpI 
and yplA have been successfully cloned into the XbaI and XhoI sites of 
pBBR1MCS thanks to primers listed in Table 9. The recombinant 
plasmids termed pBBR-H and pBBR-Y7 respectively, were 
electroporated into the conjugative E. coli SM10λpir. pBBR-H and 
pBBR-Y were checked by sequencing with primers BG1405 and 
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BG1406 (Table 9). Unfortunately the vgrG ORF could not be cloned into 
pBBR1MCS due to lack of time. 
 By conjugation, pBBR-H and pBBR-Y were transferred into Y. 
pseudotuberculosis 4N3 and Y. pseudotuberculosis 4N2 respectively. The 
complemented strains (termed 4N3C and 4N2C) were selected on 
specific agar plates containing Chloramphenicol (20 µg ml-1). Strains 
and plasmids used in this chapter are listed in Table 10. 
5. Results, Discussion and Perspectives 
Y. pseudotuberculosis 4N2 was first tested for EPN’s colonization 
since it was the first knock-out obtained. The method used was the 
same as the one described in chapter 2. Briefly, 106 CFUs of Y. 
pseudotuberculosis 4N2 were injected directly into the haemolymph of 
G. mellonella larvae. As positive control, G. mellonella larvae were 
injected with Y. pseudotuberculosis 4N1C. Steinernema sp. MW8B were 
then put on the injected larvae and incubated at room temperature 
until emergence. Freshly emerged IJs were collected and checked for 
the presence of Y. pseudotuberculosis. The red fluorescence associated 
with Y. pseudotuberculosis 4N2 was so weak that it was impossible to 
observe the bacteria inside the nematodes. IJs were then crushed on 
specific agar containing Nal (40 µg ml-1). All the injected G. mellonella 
died suggesting that the mutants were still virulent. No Y. 
pseudotuberculosis 4N2 could be recovered from the IJs emerged from 6 
G. mellonella injected larvae. Control IJs were positive in 
epifluorescence microscopy and Y. pseudotuberculosis 4N1C was 
recovered on specific agar plates containing Nal (40 µg ml-1) and Km 
(30 µg ml-1).  However, this experiment could not be repeated, since 
positive controls tested after this first attempt failed to yield 
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productive G. mellonella infections. Even if Y. pseudotuberculosis 4N2 
seems to have lost its ability to colonize EPNs, based on a single 
experiment, complementation with a cloned yplA gene could not be 
tested for the same reason of positive controls failure. 
The other knock-out mutants, Y. pseudotuberculosis 4N3 and 
4N4 were tested later together with the 4N1C (positive control), the 
4N2 (additional experiments) and the complemented strains 4N2C and 
4N3C. Each strain was injected into 18 G. mellonella larvae. 
Unfortunately, none of the positive control was successful, either 
because no emergence occurred or because no Y. pseudotuberculosis 
4N1C could be recovered from crushed IJs, or observed in 
epifluorescence microscopy. Actually, no Yersiniae have been 
recovered in any of these second wave of experiments, neither from 
EPNs nor from insect’s haemolymph. 
Since it was not in our plans to rear our own G. mellonella larvae, 
these were purchased either in a fishing centre or in a commercial 
insect production company. From the fourth year of our PhD, we 
observed a drop in the total IJs emerging from these larvae and 
sometimes even no emergence at all. We actually know nothing about 
the rearing conditions of these G. mellonella aimed to stay as long as 
possible in a larval state. It is possible that these larvae are engineered 
in a way that alters their physiology such as their hormonal balance, 
their immunity or their microflora. All these parameters could have a 
significant impact on the ability of EPNs or bacteria (Xenorhabdus and 
Yersinia) to infect or even to reproduce and develop properly within 
these insects. This could be one explanation for the sudden inability of 
Y. pseudotuberculosis 4N1 to colonize or to remain associated with 
EPNs. Moreover, it becomes problematic to obtain good emergence to 
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maintain the EPN strains in the lab. Lately the number of IJs emerging 
from the larvae were smaller than before and the IJs were not only 
observed after emergence but also males and females indicating a 
disrupted life cycle within these insects. Therefore, rearing our own G. 
mellonella larvae with controlled microflora or even axenic ones, could 
solve the inconsistency of these experiments. 
Y. pseudotuberculosis 4N2 did exhibit strong red fluorescence as 
expected. Since YplA is known to be cytotoxic when overexpressed in 
E. coli (Meysick et al., 2009), it is reasonable to state that yplA is not 
strongly expressed in physiological conditions even in Y. 
pseudotuberculosis. Therefore a strong promotor (rrnb P1) was added 
upstream of mCherry. Obviously strong transcription activity in this 
genomic area was not tolerated by Y. pseudotuberculosis. This could 
explain the difficulties we noticed to obtain allelic exchange when 
adding sucrose to the medium. Allelic exchange could not be selected 
neither for hcpI nor vgrG. hcpI or vgrG are unlikely to be essential for Y. 
pseudotuberculosis since this is not the case in other bacteria such as 
pathogenic E. coli, Salmonella or Vibrio cholerae. The kanamycin 
mutagenesis cassette was used to replace hcpI and vgrG thanks to a 
more stringent selection (sucrose + Km). Both allelic exchanges were 
obtained confirming that neither hcpI nor vgrG are essential for Y. 
pseudotuberculosis. Again, a strong alteration of the genetic expression 
could explain why the allelic exchange couldn’t be obtained with the 
mCherry-MCs. 
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Table 7: Primers used to generate the mutagenesis cassettes 
Name Sequence (5’ to 3’) Description 
BG970 GGGAGATCTTTGGTTGAATGTTGCGCGGTCA
GAAAATTATTTTAAATTTCCTCTTGTCAG 
mCherry CF(1) with BglII restriction site (underlined), forward primer 
BG973 GGGAGATCTAAAAAAAAGGCACGGCTCCAAAA mCherry CF(1) with BglII restriction site (underlined), reverse primer 
BG1268 GGGAGATCTGCATGAGCCATATTCAACGGGA
AACGTCTTGC 
KmR CF(1) with BglII restriction site (underlined), forward primer 
BG1230 GGCAGATCTTTAGAAAAACTCATCGAGCATCA
AATGAAACTGC 
KmR CF(1) with BglII restriction site (underlined), reverse primer 
BG1299 CCCAGATCTGCAAGTGGAACGCGAATTAAAAA
CAC 
hcp1 (5’-portion) of H-MC(2) with BglII restriction site (underlined), 
forward primer 
BG1300 CCCGGATCCTTAACGCCACAAAATAATCTCCG
TAGTTAAATACCC 
hcp1 (5’-portion) of H-MC(2) with BamHI restriction site (underlined), 
reverse primer 
BG1065 GGGGGATCCGGCAGCATTTCACCAGAGGC hcp1 (3’-portion) of H-MC(2) with BamHI restriction site (underlined), 
forward primer 
BG1066 GGGAGATCTGCCAACTCCAGCTTATTATCTCT
ATC 
hcp1 (3’-portion) of H-MC(2) with BglII restriction site (underlined), 
reverse primer 
BG980 GGGAGATCTCGAACAGGAACGTTCTCGGGGC vgrG (5’-portion) of V-MC(2) with BglII restriction site (underlined), 
forward primer 
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BG981 GGGGGATCCTTAACGGGCAGAGTTCGTCTGC vgrG (5’-portion) of V-MC(2) with BamHI restriction site (underlined), 
reverse primer 
BG978 GCGGGATCCGAGGAGTAGCAGGGATGCCAGA vgrG (3’-portion) of V-MC(2) with BamHI restriction site (underlined), 
forward primer 
BG979 CCCAGATCTTTCTCCGGGGATGTGTTGCGCC vgrG (3’-portion) of V-MC(2) with BglII restriction site (underlined), 
reverse primer 
BG994 GGGAGATCTCCAACCAGTGAGTTGGGCGA yplA (5’-portion) of Y-MC(2) with BglII restriction site (underlined), 
forward primer 
BG995 GGGGGATCCTTACAAACTTTCAGTGAAAGTCC
GGG 
yplA (5’-portion) of Y-MC(2) with BamHI restriction site (underlined), 
reverse primer 
BG996 GGGGGATCCATGTTTGAACATAAAGGTGAGAT
GTCCACGGCG 
yplA (3’-portion) of Y-MC(2) with BamHI restriction site (underlined), 
forward primer 
BG997 GGGAGATCTAGGCTGGTTGGCTGTTGGTTAAA
GATCGC 
yplA (3’-portion) of Y-MC(2) with BglII restriction site (underlined), 
reverse primer 
BG889 GGCGGCGTGGTGACCGTGACCC mCherry nested forward primer for MC(2) sequencing 
BG890 GGGGAAGTTGGTGCCGCGCAGC mCherry nested reverse primer for MC(2) sequencing 
(1)
 Central Fragment containing either mCherry or KmR ORF (see section 2). 
(2)
 Mutagenesis cassette (mCherry or KmR) for H: hcp1; V: vgrG; Y: yplA (see section 2). 
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Table 8: Primers used to check the integration of the MC delivery vectors 
Name Sequence (5’ to 3’) Description 
BG1051 GGCCATGTTATCCTCCTCGCCCTTGCTCAAC mCherry (5’-portion), primer reverse 
BG1052 CCACCGGCGGCATGGACGAGCTGTAC mCherry (3’-portion), primer forward 
BG1053 GCGTATCGGCCTGGCCGGTACCGACA Upstream V-MC(1) insertion point, primer forward 
BG1054 GCGACCTGTCTCTGCCACACCCTTCGGG Downstream V-MC(1) insertion point, primer reverse 
BG1055 GCGGAACTGCGCTGTGTTTGCGCGA Upstream Y-MC(1) insertion point, primer forward 
BG1056 GCGGTATGCCATGCCGTGTCGCCTTGT Downstream Y-MC(1) insertion point, primer reverse 
BG1301 CCTGTAGGAAATTTCCTTAAATTTGCGATGACTTTTCC Upstream H-MC(1) insertion point, primer forward 
BG1302 GCTCTTGTTTGCCTTCAATCGAGGTGCGGTACCAC Downstream H-MC(1) insertion point, primer reverse 
BG1320 GCACCTGATTGCCCGACATTATCGCGAGCCCAT KmR (5’-portion), primer reverse 
BG1321 GCCATTCTCACCGGATTCAGTCGTCACTCATGG KmR (3’-portion), primer forward 
(1)
 Mutagenesis cassette (mCherry or KmR) for H: hcp1; V: vgrG; Y: yplA (see section 2) 
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Table 9: Primers used to generate complementation vectors 
Name Sequence (5’ to 3’) Description 
BG1399 GGGCTCGAGATGTTTGCTCATGATAAAGCTAAT vgrG ORF amplification forward primer 
BG1400 GGGTCTAGACTACTCCTCTGGATTAAGATCGATC vgrG ORF amplification reverse primer 
BG1401 GGCCTCGAGATGAGTGCATCTGTCAGTTTGACTACGCC yplA ORF amplification forward primer 
BG1402 CGCTCTAGATGCTCATCCCCCGAAACCCAATAGC yplA ORF amplification reverse primer 
BG1403 GGGTCTAGATTACGCTTCGATCGGCGCACGCCAG hcpI ORF amplification forward primer 
BG1404 GGGCTCGAGATGCCAACTCCAGCTTATATCTCTA hcpI ORF amplification reverse primer 
BG1405 GTAAAACGACGGCCAG M13 universal forward primer 
BG1406 CAGGAAACAGCTATGAC M13 universal reverse primer 
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Table 10: List of bacterial strains and plasmids used in this chapter 
Strains and Plasmids Origin (Reference) Description 
pGEM®-T Promega Corporation Cloning vector linearized with T-Overhangs for Easy PCR Cloning, 
lacZα, ApR 
pGEMt-1 This work pGEMt carrying the CF for mCherry-MC(1) 
pGEMt-2 This work pGEMt carrying the CF for Km-MC(1) 
pKNG101 (Kaniga et al., 1991) Mobilizable suicide vector, sacBR+, mobRK2, oriR6K, SmR 
pCHMC This work pKNG101 carrying the mCherry-MC(1) for hcpI, mcherry-MC(1) 
delivery vector 
pCVMC This work pKNG101 carrying the mCherry-MC(1) for vgrG, mcherry-MC(1) 
delivery vector 
pCYMC This work pKNG101 carrying the mCherry-MC(1) for yplA, mcherry-MC(1) 
delivery vector 
pKHMC This work pKNG101 carrying the Km-MC(1) for hcpI, Km-MC(1) delivery vector 
pKVMC This work pKNG101 carrying the Km-MC(1) for vgrG, Km-MC(1) delivery vector 
pBBR1MCS (Kovach et al., 1994) Mobilizable complementation vector, lacZα, mobRK2, CmR 
pBBR-H This work pBBR1MCS carrying the hcpI ORF, complementation vector 
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pBBR-Y This work pBBR1MCS carrying the yplA ORF, complementation vector 
One Shot® TOP10 Electrocomp™ 
E. coli 
InvitrogenTM Electrocompetent strain, hsdR, lacZΔM15, recA1, endA1 
E. coli TOP11 This work One Shot® TOP10 Electrocomp™ E. coli carrying the pGEMt-1 
E. coli TOP12 This work One Shot® TOP10 Electrocomp™ E. coli carrying the pGEMt-2 
E. coli SM10λpir (Miller and 
Mekalanos, 1988) 
λ lysogenic conjugative E. coli strain expressing the pi protein 
required for replication of plasmids carrying oriR6K; KmR 
E. coli CH This work E. coli SM10λpir carrying the pCHMC 
E. coli CV This work E. coli SM10λpir carrying the pCVMC 
E. coli CY This work E. coli SM10λpir carrying the pCYMC 
E. coli KH This work E. coli SM10λpir carrying the pKHMC 
E. coli KV This work E. coli SM10λpir carrying the pKVMC 
E. coli CYC This work E. coli SM10λpir carrying the pBBR-Y 
E. coli KHC This work E. coli SM10λpir carrying the pBBR-H 
Y. pseudotuberculosis 4N1 (Gengler et al., 2015b) Field isolate, Nalidixic-acid-resistant mutant 
Y. pseudotuberculosis 4N1C (Gengler et al., 2015b) Field isolate mutagenized with a mCherry inserted in the fimbrial A 
protein A gene; NalR, KmR 
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Y. pseudotuberculosis 4N2 This work Y. pseudotuberculosis 4N1 with yplA replaced by mCherry 
Y. pseudotuberculosis 4N3 This work Y. pseudotuberculosis 4N1 with hcpI replaced by KmR 
Y. pseudotuberculosis 4N4 This work Y. pseudotuberculosis 4N1 with vgrG replaced by KmR 
Y. pseudotuberculosis 4N2C This work Y. pseudotuberculosis 4N2 complemented with pBBR-Y 
Y. pseudotuberculosis 4N3C This work Y. pseudotuberculosis 4N3 complemented with pBBR-H 
(1) Mutangenesis cassette (see section 2) 
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General Discussion and Perspectives 
This thesis aimed at studying the long-term persistence of some 
pathogenic bacteria in the environment; thereby bringing new insights 
into the prevention strategies of animal and human infections by the 
given pathogenic bacteria. 
The main objective of this work was to investigate the ability of 
pathogenic Yersiniae to use soil micro-invertebrates as biological 
reservoir to ensure their long-term survival in the environment. 
Gastro-intestinal pathogens such as Yersinia enterocolitica and 
Yersinia pseudotuberculosis have been found on vegetables and in the 
soil. Under natural conditions, Yersinia pestis has also the ability to 
persist in the soil. Moreover, genomic clues revealed the potential 
long-term survival of Y. pestis in cadavers of infected hosts (Easterday 
et al., 2012). However, re-emergence of plague after decades of 
quiescence in very localized foci remains a mystery. The existence of 
biological micro-reservoirs for pathogenic bacteria has long been 
speculated. Soil invertebrates have been particularly suspected to act 
as intermediary hosts and Steinernema entomopathogenic nematodes 
(EPNs) were here considered in this respect. The question addressed 
in this thesis was to investigate whether a mammalian pathogen like 
Yersinia taxonomically related to Xenorhabdus was able to substitute for 
or “hijack” the symbiotic relationship associating Xenorhabdus and 
Steinernema EPNs.  
The main objective was achieved thanks to a laboratory model 
consisting of Galleria mellonella insect larvae, Steinernema EPNs, 
fluorescently labelled Xenorhabdus and Yersinia. This thesis 
demonstrated that Y. pseudotuberculosis is able not only to colonize 
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Steinernema EPNs but also to remain associated with EPNs during 
several infection cycles. Moreover, our experiments showed that the 
ability of Y. enterocolitica to colonize Steinernema EPNs was reduced 
compared to Y. pseudotuberculosis. Other enteropathogenic bacteria, 
like pathogenic E. coli or Salmonella, revealed to be unable to colonize 
Steinernema. Also, our work suggests that Y. pestis is unlikely able to 
remain associated with Steinernema EPNs due to antagonist activities 
of the Xenorhabdus symbiont. In addition, three knockout mutants have 
been generated for genes potentially involved in the colonization of 
Steinernema by Y. pseudotuberculosis. Knockout mutants have been 
complemented and phenotypical characterizations were initiated with 
some promising preliminary results. This works fulfilled the 
expectations by shedding light on an unexpected and underestimated 
biotic micro-reservoir that could play an important role in 
environmental survival and dissemination of pathogens like Y. 
pseudotuberculosis. 
Our laboratory model, the molecular techniques used here as 
well as the resulting knowledge and findings will be further discussed. 
The extrapolation of our model to other pathogenic bacteria to address 
other biological questions will be considered. 
1.  A laboratory model to demonstrate the ability 
of enterobacteria to colonize EPNs. 
A laboratory model was set up to investigate the ability of 
pathogenic Yersinia to colonize and remain associated with EPNs for a 
long-term period. This model consists of Galleria mellonella insect 
larvae, Steinernema EPNs with or without their natural Xenorhabdus 
symbiont, and fluorescent-labelled Yersinia brought artificially either 
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in the gut of EPNs or in the haemocoele of the insect larva prior to 
infection. Yersinia injected G. mellonella larvae were used to feed 
Steinernema IJs. After emergence from the exhausted cadaver, IJs were 
checked for the presence of Yersinia under fluorescent microscopy. 
When IJs were colonized by Yersinia, they were used to infect Yersinia 
free G. mellonella larvae. The new generation of IJs emerging from the 
naive insects were also checked for Yersinia colonization and used to 
complete another infection cycle on naive G. mellonella larvae. This has 
been repeated as long as Yersinia were colonizing emerging IJs. Other 
pathogenic enterobacteria have also been tested with the model. This 
model addressed three questions: (1) Are the bacteria able to colonize 
the nematode? (2) Are the bacteria able to remain associated with the 
nematode for several infection cycles? (3) Can the bacteria replace 
Xenorhabdus as the EPN’s symbiont? 
1.1. Steinernema’s foreign colonizer, an obligate 
Xenorhabdus roommate 
Steinernema nematodes are living in symbiosis with species-
specific Xenorhabdus bacteria. Although aposymbiotic8 Steinernema 
EPNs can invade and kill insect larvae, they barely reproduce within 
the larvae and do not survive for a long time. Moreover, Sicard and co-
workers studied the impact on the Steinernema fitness by replacing its 
natural Xenorhabdus symbiont with another bacteria. They found that 
the nematode fitness was more impaired when the bacteria were 
phylogenetically far from the natural symbiont, thus enlighting a 
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positive correlation between the phylogenetic distance to the native 
Xenorhabdus symbiont and the impact on Steinernema fitness (Sicard et 
al., 2004). Steinernema thus owe its environmental survival to its 
Xenorhabdus symbiont. Unless they can replace the native symbiont, 
other Steinernema colonizing bacteria do not have to cause deleterious 
effect to Xenorhabdus. Otherwise EPNs are considered as prey rather 
than reservoir for bacteria. 
In addition, EPN colonizing candidates have to be resistant to 
Xenorhabdus antimicrobials. Therefore a susceptibility test towards 
Xenorhabdus antimicrobials was developed to assess the resistance of 
candidate Steinernema colonizing bacteria. For this susceptibility test, 
supernatant from a 48h liquid culture of Xenorhabdus sp. TZ01 was 
used to supplement sterile liquid cultures inoculated with the 
candidate bacteria. Two concentrations of Xenorhabdus supernatant 
were tested, 4% and 8% of the total culture volume. While some 
bacteria were found resistant towards Xenorhabdus antimicrobials, 
others were killed or inhibited. Taken together, these tests allowed to 
compare different bacteria regarding their ability to resist and multiply 
in the presence of Xenorhabdus antimicrobials. The concentration of 
these antimicrobials in the insect larva upon EPNs infection are 
probably lower than the ones tested in our study. However, it is 
possible that these antimicrobials accumulate over time and reach 
comparable levels after the insect death.  
Among the three pathogenic Yersinia tested in this work, only 
Y. pseudotuberculosis was able to grow almost normally in the presence 
of Xenorhabdus antimicrobials, while Y. enterocolitica and Y. pestis were 
drastically affected. Even if the Y. enterocolitica and Y. pestis strains 
tested here have the capacity to colonize Steinernema nematodes, Y. 
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pseudotuberculosis is the only one to grow simultaneously with 
Xenorhabdus. It is important to note that a few Yersinia strains were 
tested here with only one Xenorhabdus strain. Considering the huge 
diversity of antimicrobials produced by different Xenorhabdus strains, 
we cannot predict that Y. pseudotuberculosis will exhibit the same ability 
to colonize other Steinernema, or that Y. enterocolitica or Y. pestis will not 
be able to colonize other Steinernema. Analogically to the species-
specificity that links Xenorhabdus to Steinernema, we can assume that 
some Yersinia would colonize more easily some Steinernema rather than 
others. Interestingly two other bacteria, Serratia marcescens and 
Ochrobactrum sp., were found to be fully resistant to Xenorhabdus 
antimicrobials. Actually these two bacteria have been isolated directly 
in the lab from Steinernema sp. MW8B nematodes while looking for the 
natural Xenorhabdus symbiont. However, in our experience, neither 
Serratia nor Ochrobactrum could efficiently colonize Steinernema EPNs 
as Y. pseudotuberculosis does. Dixenic associations between 
Photorhabdus and Ochrobactrum in Heterorhabditis EPNs have been 
reported (Babic et al., 2000). Serratia nematodiphila has been described 
as a symbiont for Heterorhabditidoides chongmingensis EPN (Zhang et al., 
2009). Moreover, Serratia marcescens has been isolated several times 
from entomopathogenic nematodes (Gouge and Snyder, 2006; 
Tambong, 2013). According to these reports, Serratia and Ochrobactrum 
are thus able to colonize at least some Steinernema nematodes 
confirming the correlation between the resistance to Xenorhabdus 
antimicrobials and the ability to colonize Steinernema. Vero-toxigenic 
E. coli and Salmonella Typhimurium (one field strain each) were tested 
by us as well and found to be sensitive to Xenorhabdus antimicrobials. 
They could not be recovered from IJs after the first infection cycle. 
Identifying the antimicrobials secreted by Xenorhabdus sp. TZ01 would 
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help to understand how the bacteria tested here are inhibited and/or 
how they resist to these antimicrobials. It is unlikely that new families 
of antimicrobials would come out since X. sp. TZ01 is very close to the 
already described X. griffiniae (Appendix II). 
1.2. Hosting in Steinernema, a renewable lease 
Our laboratory model allowed us to determine if the 
colonization of Steinernema nematodes by Yersinia occured for a long 
period. For the first infection cycle, Yersinia was brought artificially by 
direct injection in the insect haemocoele. Afterwards, Yersinia cells 
found in the new insect larvae were carried over by a Steinernema 
carrier, the latter serving as temporary vector for insect-to-insect 
transmission of Yersinia. A theoretical counts assuming a linear Y. 
pseudotuberculosis dilution all over the consecutive infection cycles 
showed that no Y. pseudotuberculosis CFU can be recovered from EPNs 
after two infection cycles if no active multiplication occurs. As a result, 
our experiments demonstrated a multiplication of Y. pseudotuberculosis 
during the EPNs life cycle. 
Thanks to the TAIL-PCR methods (further discussed later), we 
mapped the insertion point of the mini-Tn5 tag in the fimbrial A 
protein gene of Y. pseudotuberculosis. Fimbriae are known to be 
involved in attachment to eukaryotic cells. This gene is found in two 
intact copies in the Y. pseudotuberculosis chromosome. As far as we can 
tell, insertion of the transposon did not alter the ability of Y. 
pseudotuberculosis to colonize EPNs nor any of the characters studied 
herewith (except for the resulting fluorescent phenotype) as compared 
to the wild-type strain. Nevertheless it cannot be excluded that 
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Steinernema colonization by the wild-type Y. pseudotuberculosis strain 
would be even more efficient. 
In two experiments, IJs1 carrying Y. pseudotuberculosis were 
unable to complete their life cycle in new insect larvae. Two 
hypotheses may explain this observation. First it may be that a large Y. 
pseudotuberculosis inoculum generated toxicity towards Steinernema. It 
has been shown that C. elegans nematodes fed on a Y. pestis lawn for a 
minimum of 24h showed impaired fitness (Styer et al., 2005). However, 
C. elegans bacterial uptake in Styer’s experiments was probably much 
higher than the 103 Y. pseudotuberculosis CFUs recovered per 
Steinernema IJ in our model, from the first emergence and onwards. In 
addition, Steinernema EPNs graze and complete their reproductive 
cycle on Y. pseudotuberculosis lawns grown on Petri plates. This is true 
for both EPNs carrying their natural Xenorhabdus symbiont and EPNs 
cured of their symbiont. The hypothesis of a possible toxic effect of Y. 
pseudotuberculosis on Steinernema is therefore not plausible. 
Alternatively, since the G. mellonella larvae used in our experiments 
were not reared in the lab but bought from insect commercial suppliers 
(fishing shops), it may be that these larvae were reared in a way that 
delayed pupation or were treated to resist microbial infections, or both. 
Besides the two IJs1 failed infections, we also observed consistently that 
the Steinernema individuals not infected by Y. pseudotuberculosis also 
failed to initiate or complete a successful infection of the insect larvae. 
This may also explain the low number of IJs emerged after 7 infection 
cycles. Rearing our own G. mellonella larvae and controlling their 
commensal microflora could resolve this infectivity problem, thereby 
increasing the reproducibility of our experimental model. In addition, 
laboratory practices suggest that alternating the insect food sources for 
EPNs allow to longer maintain their infectivity and their ability to 
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multiply within insects. Moreover, the Tanzanian Steinernema isolate 
(MW8B), have been sent to other labs producing their own G. mellonella 
larvae. The MW8B isolate fail to reproduce after some time in these 
labs as well, suggesting that G. mellonella is probably not the best insect 
larva to feed this Steinernema isolate. The use of more “natural food 
sources” such as insect larvae living in the soil conversely to G. 
mellonella, might solve the EPN multiplication issue encountered here. 
Despite the fact that Y. enterocolitica is more sensitive towards 
Xenorhabdus antimicrobials, IJs failed in many attempts to mature in G. 
mellonella larvae injected with Y. enterocolitica. In addition, IJs1 carrying 
Y. enterocolitica failed to complete their cycle in a new naive G. 
mellonella larva. The pathogenicity of Y. enterocolitica towards C. elegans 
nematodes has been demonstrated by Spanier et al. (2010) who 
conducted a C. elegans oral infection with low bacterial doses of 104 Y. 
enterocolitica CFUs per worm and showed that Y. enterocolitica 
concentration reached up to 106 CFUs per worm four days and later 
causing nematode’s death (Spanier et al., 2010). The actual oral toxicity 
of Y. enterocolitica towards EPNs should therefore be investigated in 
our model, and could explain the observed lower efficiency of Y. 
enterocolitica infections. It was also shown that, at room temperature or 
at 37°C, injected 105 CFUs of Y. enterocolitica kills G. mellonella larvae 
within 72h. Also, 106 CFUs of Y. pseudotuberculosis or Y. pestis are 
needed to kill 50% of the larvae within the same time frame at 37°C. 
However,  at room temperature, 85% of the Y. pseudotuberculosis- or Y. 
pestis-injected larvae survived (Erickson et al., 2011). Therefore 
injection doses lower than 106 CFUs of Y. enterocolitica in the insect 
larvae could improve EPNs development in the injected insects in our 
model. 
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Steinernema infection experiments were conducted with Serratia 
marcescens but the EPNs failed to complete their cycle in injected larva. 
Some Serratia (like S. entomophila or some strains of S. marcescens) are 
more entomopathogenic than Y. pseudotuberculosis and use the type 6 
secretion system to target and kill bacterial competitors (Murdoch et 
al., 2011). This suggests that the 106 CFUs starting inoculum we used 
might have been excessive and allowed Serratia to dominate the 
microflora feeding on the insect macromolecules. This may have 
impaired Xenorhabdus multiplication and impaired subsequent EPNs 
development. From an environmental perspective, these observations 
suggest that Serratia as well as Y. enterocolitica may accidentally reach 
the gut of Steinernema but are unlikely to colonize and multiply within 
the EPN as Y. pseudotuberculosis does. Both Y. pseudotuberculosis and 
Xenorhabdus genomes do host a T6SS gene set but these systems – if 
expressed at all – are not detrimental to the other bacterium since both 
Y. pseudotuberculosis and Xenorhabdus can co-exist within the nematode 
as demonstrated in chapters 1 and 2. 
The finding that Ochrobactrum can colonize Steinernema EPNs is 
more surprising than the case of Serratia. Ochrobactrum is not known to 
be an insect pathogen and belongs to the Brucellaceae family. Since the 
last decade, there is more and more concern about Ochrobactrum 
shifting from an environmental plant growth-promoting bacterium 
towards an opportunistic human pathogen. Ochrobactrum bacteria are 
resistant to multiple antimicrobials as confirmed by the present work, 
and are phylogenetically very close to the anthropozoonotic pathogens 
Brucella spp. (Scholz et al., 2008). Colonization of micro-invertebrates 
such EPNs by Ochrobactrum could bring new insights in our 
understanding of the emergence of pathogenic life-style among 
Brucellaceae species (Aujoulat et al., 2014). 
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1.3. An insect-to-insect transmission model, a light on 
future work 
Keeping in mind that the scope of this work was not to 
faithfully mimic what could happen in nature but rather to 
demonstrate the validity of a laboratory transmission model, two 
European strains of Y. pseudotuberculosis, selected on the basis of their 
resistance towards Xenorhabdus antimicrobials, have been tested with 
an African EPN strain. This thesis is innovative in the study of long-
term persistence of human pathogenic bacteria in EPNs. There is no 
doubt that more work is required for instance with several Yersinia and 
Steinernema strains to really generalize the observation made herein. In 
addition, repeating the same experiments with Heterorhabditis EPNs 
could further confirm EPNs as biotic reservoir for Yersiniae. In 
Heterorhabditis EPNs, Yersinia would be in close contact with the 
Photorhabdus symbiont not only in the insect cadaver but also in the IJs 
gut. Although no receptacle is present in Heterorhabditis, a strict 
selection occurs to keep the natural Photorhabdus symbiont which also 
possesses a lot of genomic regions involved in the specificity of 
nematode host interaction (Gaudriault et al., 2006). Although a larger 
diversity of non-symbiotic bacteria can be found together with 
Xenorhabdus within the intestine of Steinernema species, it has been 
established in several Heterorhabditis species that Photorhabdus is 
present among other bacteria within the digestive tract (Babic et al., 
2000; Boemare et al., 1996; Jackson et al., 1995). Heterorhabditis gut 
colonization might be more competitive as compared to Steinernenma’s 
gut, hence Y. pseudotuberculosis could multiply as much as it does 
within Steinernema’s gut. Although Ochrobactrum can co-exist with 
Photorhabdus in Heterorhabditis, it was not clearly established if 
Ochrobactrum can maintain during several infection cycles within the 
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nematode. No distinction has been done between Ochrobactrum 
already present in G. mellonella larvae and Ochrobactrum carried by 
EPNs. The same question remains open for Serratia. Here also, G. 
mellonella reared in conditions involving microflora control (possibly 
axenic growth) could help resolve this lingering issue.  
The knowledge brought by our experimental model so far 
supports the hypothesis of EPN as biotic reservoir for Y. 
pseudotuberculosis in the environment. The finding of Y. 
pseudotuberculosis in EPNs recovered from natural soil samples would 
definitely demonstrate the validity of our hypothesis. We anticipate 
that the required field work we could not perform in the framework of 
this thesis, is now warranted and far more justified scientifically and 
economically. 
1.4. Micro-Invertebrates as biological reservoir for human 
pathogenic bacteria 
Other micro-invertebrates have been studied and are still 
studying regarding their ability to act as biological reservoir for human 
and mamal pathogenic bacteria. One in particular, the free-living 
amoebae (FLA), raised the scientific community interest mainly for the 
past two decades. FLAs are ubiquitous protozoa widely distributed in 
water, soil and atmosphere environments (Garcia et al., 2013; Kingston 
and Warhurst, 1969). Some FLA are studying for their implication into 
human infections (Visvesvara et al., 2007). However more and more 
interest is given to the FLA as carrier or reservoir for mamal pathogenic 
bacteria (Cateau et al., 2014). Some pathogenic bacteria can indeed 
survive the amoebae phagocytosis and survive within the amoebic 
cells. The water-born Legionella pneumophila has been found associated 
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with FLA and can actively multiply in these protozoa (Borella et al., 
2005). Pseudomonas aeruginosa is also a water-born pathogen found 
inside FLA (Calvo et al., 2013). Moreover, P. aeruginosa could have a 
beneficial effect on the growth and survival of some amoebae 
suggesting a possible commensalism between these two micro-
organisms (Anacarso et al., 2010). In addition it has been shown that 
amoebae are able to resist chlorination treatment allowing as well the 
survival of their associated bacteria (King et al., 1988). Amoebae thus 
offer protection to pathogenic bacteria strengthening the 
commensalism suggested by Anacarso and co-workers. The survival 
of the well-known water-born pathogen Vibrio cholerae has also been 
described within amoebae. More interestingly a symbiotic relationship 
between V. cholerae and a FLA has been suggested (Abd et al., 2007).  
The role of amoebae in the persistence of pathogenic bacteria 
have been well studied so far. New researches are lead in order to 
describe the interactions between bacteria and amoebae. Even if the 
survival of Yersiniae within amoebae would be really interesting to 
test,  this work focused on another potential micro-invertebrate host 
for pathogenic bacteria clearly adding new insights in the study of 
interaction between micro-invertebrates and mamal pathogenic 
bacteria. 
2. Dual fluorescence and confocal microscopy 
2.1. An easy way to label bacteria 
Bacteria studied in this thesis have been labelled using mini-
Tn5-gfp derivative. This technique is easy to perform and quickly 
provides labelled insertion mutants. A screening step is required 
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though to select clones with appropriate fluorescence. Because of the 
random character of Mini-Tn5 transposon insertion, it is necessary to 
map the insertion point to determine whether the phenotype to be 
studied could be affected or not by the insertion. We used and 
enlightened a rapid and powerful method to map the insertion point 
of our transposon. TAIL-PCR is barely known in molecular 
bacteriology while broadly used among plant and mammalian studies. 
This is probably due to the fact that inverse PCR – a technique available 
for transposon insertion mapping in bacteria – is not at all convenient 
for genomes larger than 109 base pairs. Unlike inverse PCR, TAIL-PCR 
is  simple and efficient in genomic walking studies as it requires no 
fastidious restriction or ligation steps (Liu and Whittier, 1995). In 
addition, a molecular tool was developed to swap the fluorescence 
marker of the mini-Tn5-gfp labelled bacteria. This tool allowed us to re-
engineer the gfp-labelled Y. pseudotuberculosis while keeping the 
genetic characteristics identical to the parent strain. Thanks to TAIL-
PCR and our swapping method we overcame the time-consuming 
steps of screening and mapping a new mini-Tn5 insertion mutants. 
Based on homologous recombination, our tool could be used to re-
engineer any bacterial strains labelled with gfp or one of its variants. 
2.2. New localization pattern for Xenorhabdus 
The mCherry-labelled Y. pseudotuberculosis allowed dual 
localization with gfp-labelled Xenorhabdus by confocal microscopy. 
While confirming the simultaneous colonization of Xenorhabdus and Y. 
pseudotuberculosis, a yet undescribed localization pattern of 
Xenorhabdus was observed. In some males only, the receptacle 
appeared to be split into several vesicles. Confocal images showed a 
clear segregation between several vesicles colonized by Xenorhabdus 
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(Appendix IV). This pattern has been observed in three independent 
samples of Steinernema grazed on a gfp-labelled Xenorhabdus lawn. The 
number of vesicles varied between 2-3 and 6-8. Segregation of the 
receptacle might allow the nematode to save some symbiont while 
reproductive organs develop. An in-depth analysis of the nematodes 
age and their development is obviously required here to understand 
why, how and when segregation of the receptacle occurs. Although 
this phenomenon may be due to an artefact from EPNs artificially 
cultured on agar plates, a new mechanism of host-interaction between 
Steinernema and Xenorhabdus cannot be ruled out. 
3. Genetic determinants potentially involved in 
Steinernema colonization 
Several knockout mutants have been engineered and 
complemented in Y. pseudotuberculosis. Unfortunately no conclusion 
could be drawn from these mutants since the positive controls stopped 
working as discussed in chapter 3. Besides the fact that the provided 
insect G. mellonella larva might have been reared in a way impairing 
the nematodes development, continuously feeding the EPNs with the 
same insects may also impaired their multiplication efficiency within 
G. mellonella. The genes knocked-out are Xenorhabdus orthologs and 
have been discussed in chapter 3. Other genes could also be essential 
for Yersinia to colonize Steinernema. Heungens et al. (2002) found that 
Xenorhabdus deletion mutants for aroA and serC that encode amino acid 
biosynthetic enzymes, are drastically affected in their ability to 
colonize the receptacle. However, in Xenorhabdus these mutants have 
shown growth, motility and enzymatic defects suggesting that aroA 
and serC are not specifically involved in colonization (Heungens et al., 
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2002). Nonetheless, aroA and serC homologs are found in Yersinia and 
could have an impact on Steinernema colonization. Other genes coding 
for transcription factors or regulatory proteins have been shown to be 
involved in Steinernema colonization. Although useful as first 
screening candidates, regulatory gene knockout only indirectly affect 
functions essential for the colonization of Steinernema or the symbiotic 
association with them. The genes under their control are probably 
more interesting. Since Serratia and Ochrobactrum seem to have the 
ability to colonize Steinernema EPN, a genomic comparison with Y. 
pseudotuberculosis could enlighten new genes potentially involved in 
nematodes colonization. We already know that a yplA ortholog is 
present in Serratia (Heermann and Fuchs, 2008) which,  in regard of our 
preliminary results (chapter 3), may suggest that yplA plays a role in 
Steinernema colonization.  
 
 138 
Bibliography 
Abd, H., Saeed, A., Weintraub, A., Nair, G.B., Sandström, G., 2007. Vibrio 
cholerae O1 strains are facultative intracellular bacteria, able to survive 
and multiply symbiotically inside the aquatic free-living amoeba 
Acanthamoeba castellanii. FEMS Microbiol. Ecol. 60, 33–39. 
doi:10.1111/j.1574-6941.2006.00254.x 
Achtman, M., Zurth, K., Morelli, G., Torrea, G., Guiyoule, A., Carniel, E., 
1999. Yersinia pestis, the cause of plague, is a recently emerged clone 
of Yersinia pseudotuberculosis. Proc. Natl. Acad. Sci. U. S. A. 96, 
14043–8. 
Adams, B.J., Burnell, A.M., Powers, T.O., 1998. A Phylogenetic Analysis of 
Heterorhabditis (Nemata : Rhabditidae) Based on Internal Transcribed 
Spacer 1 DNA Sequence Data 1. J. Nematol. 30, 22–39. 
Adams, B.J., Fodor, A., Koppenhöfer, H.S., Stackebrandt, E., Patricia Stock, 
S., Klein, M.G., 2006. Biodiversity and systematics of nematode–
bacterium entomopathogens. Biol. Control 37, 32–49. 
Adams, B.J., Nguyen, K.B., 2002. Taxonomy and Systematics, in: Gaugler, 
R. (Ed.), Entomopathogenic Nematology. CABI Publishing, pp. 1–34. 
Ahantarig, A., Chantawat, N., Waterfield, N.R., Ffrench-Constant, R., 
Kittayapong, P., 2009. PirAB toxin from Photorhabdus asymbiotica as 
a larvicide against dengue vectors. Appl. Environ. Microbiol. 75, 
4627–9. doi:10.1128/AEM.00221-09 
Ai, H., Shaner, N.C., Cheng, Z., Tsien, R.Y., Campbell, R.E., 2007. 
Exploration of new chromophore structures leads to the identification 
of improved blue fluorescent proteins. Biochemistry 46, 5904–10. 
doi:10.1021/bi700199g 
Akhurst, R.J., 1980. Morphological and Functional Dimorphism in 
Xenorhabdus spp., Bacteria Symbiotically Associated with the Insect 
Pathogenic Nematodes Neoaplectana and Heterorhabditis. J. Gen. 
Microbiol. 124, 303–309. 
Akhurst, R.J., 1982. Antibiotic activity of Xenorhabdus spp., bacteria 
symbiotically associated with insect pathogenic nematodes of the 
families Heterorhabditidae and Steinernematidae. J. Gen. Microbiol. 
128, 3061–5. 
Bibliography 
139 
Akhurst, R.J., 1986. Xenorhabdus nematophilus subsp. poinarii: Its 
Interaction with Insect Pathogenic Nematodes. Syst. Appl. Microbiol. 
8, 142–147. 
Akhurst, R.J., 1993. Tripartite interactions between symbiotically associated 
entomopathogenic bacteria, nematodes, and their insect hosts., in: 
Beckage, N., Thompson, S., Federici, B. (Eds.), Parasites and 
Pathogens of Insects. Volume 2. Academic Press, New York, pp. 1–23. 
Akhurst, R.J., Boemare, N.E., 1988. A numerical taxonomic study of the 
genus Xenorhabdus (Enterobacteriaceae) and proposed elevation of the 
subspecies of X. nematophilus to species. J. Gen. Microbiol. 134, 
1835–45. 
Akhurst, R.J., Smigielski, A.J., Mari, J., Boemare, N., Mourant, R.G., 1992. 
Restriction Analysis of Phase Variation in Xenorhabdus spp. 
(Enterobacteriaceae), Entomopathogenic Bacteria Associated with 
Nematodes. Syst. Appl. Microbiol. 15, 469–473. 
Aksoy, S., 1995. Wigglesworthia gen. nov. and Wigglesworthia glossinidia 
sp. nov., taxa consisting of the mycetocyte-associated, primary 
endosymbionts of tsetse flies. Int. J. Syst. Bacteriol. 45, 848–51. 
Anacarso, I., Guerrieri, E., Bondi, M., de Niederhäusern, S., Iseppi, R., 
Sabia, C., Contri, M., Borella, P., Messi, P., 2010. Influence of 
Legionella pneumophila and other water bacteria on the survival and 
growth of Acanthamoeba polyphaga. Arch. Microbiol. 192, 877–882. 
doi:10.1007/s00203-010-0618-0 
Andrianaivoarimanana, V., Kreppel, K., Elissa, N., Duplantier, J.-M., 
Carniel, E., Rajerison, M., Jambou, R., 2013. Understanding the 
persistence of plague foci in Madagascar. PLoS Negl. Trop. Dis. 7, 
e2382. 
Anisimov, A.P., Lindler, L.E., Pier, G.B., 2004. Intraspecific Diversity of 
Yersinia pestis. Clin. Microbiol. Rev. 17, 434–464. 
Arbaji, A., Kharabsheh, S., Al-Azab, S., Al-Kayed, M., Amr, Z.S., Abu 
Baker, M., Chu, M.C., 2005. A 12-case outbreak of pharyngeal plague 
following the consumption of camel meat, in north-eastern Jordan. 
Ann. Trop. Med. Parasitol. 99, 789–93. 
Bibliography 
140 
Atwa, A., 2014. Entomopathogenic Nematodes as Biopesticides, in: 
Sahayaraj, K. (Ed.), Basic and Applied Aspects of Biopesticides SE - 5. 
Springer India, pp. 69–98. 
Aujoulat, F., Romano-Bertrand, S., Masnou, A., Marchandin, H., Jumas-
Bilak, E., 2014. Niches, population structure and genome reduction in 
Ochrobactrum intermedium: Clues to technology-driven emergence of 
pathogens. PLoS One 9, e83376. doi:10.1371/journal.pone.0083376 
Ayyadurai, S., Houhamdi, L., Lepidi, H., Nappez, C., Raoult, D., Drancourt, 
M., 2008. Long-term persistence of virulent Yersinia pestis in soil. 
Microbiology 154, 2865–71. 
Babic, I., Fischer-Le Saux, M., Giraud, E., Boemare, N., 2000. Occurrence 
of natural dixenic associations between the symbiont Photorhabdus 
luminescens and bacteria related to Ochrobactrum spp. in tropical 
entomopathogenic Heterorhabditis spp. (Nematoda, Rhabditida). 
Microbiology 146, 709–18. 
Bacot, A.W., Martin, C.J., 1914. Observations on the mechanism of the 
transmission of plague by fleas. J. Hyg. Plague 13, 423. 
Balcerzak, M., 1991. Comparative studies on parasitism caused by 
entomogenous nematodes, Steinernema feltiae and Heterorhabditis 
bacteriophora. I : The roles of the nematode−bacterial complex, and of 
the associated bacteria alone, in pathogenesis. Acta Parasitol. Pol. 36, 
175–181. 
Bari, M.L., Hossain, M.A., Isshiki, K., Ukuku, D., 2011. Behavior of 
Yersinia enterocolitica in Foods. J. Pathog. 2011. 
doi:10.4061/2011/420732 
Bastidas, B., Portillo, E., San-Blas, E., 2014. Size does matter: the life cycle 
of Steinernema spp. in micro-insect hosts. J. Invertebr. Pathol. 121, 46–
55. doi:10.1016/j.jip.2014.06.010 
Bathon, H., 1996. Impact of Entomopathogenic Nematodes on Non-target 
Hosts. Biocontrol Sci. Technol. 6, 421–434. 
doi:10.1080/09583159631398 
Bedding, R.A., 1981. Low Cost in Vitro Mass Production of Neoaplectana 
and Heterorhabditis Species (Nematoda) for Field Control of Insect 
Pests. Nematologica 27, 109–114. doi:10.1163/187529281X00115 
Bibliography 
141 
Bedding, R.A., Molyneux, A.S., 1982. Penetration of Insect Cuticle By 
Infective Juveniles of Heterorhabditis Spp. (Heterorhabditidae: 
Nematoda). Nematologica 28, 354–359. 
doi:10.1163/187529282X00402 
Belda, E., Moya, A., Bentley, S., Silva, F.J., 2010. Mobile genetic element 
proliferation and gene inactivation impact over the genome structure 
and metabolic capabilities of Sodalis glossinidius, the secondary 
endosymbiont of tsetse flies. BMC Genomics 11, 449. 
doi:10.1186/1471-2164-11-449 
Ben Ari, T., Neerinckx, S., Gage, K.L., Kreppel, K., Laudisoit, A., Leirs, H., 
Stenseth, N.C., 2011. Plague and climate: scales matter. PLoS Pathog. 
7, e1002160. doi:10.1371/journal.ppat.1002160 
Bennett, H.P.J., Clarke, D.J., 2005. The pbgPE operon in Photorhabdus 
luminescens Is Required for Pathogenicity and Symbiosis. J. Bacteriol. 
187, 77–84. doi:10.1128/JB.187.1.77 
Bertherat, E., Bekhoucha, S., Chougrani, S., Razik, F., Duchemin, J.B., 
Houti, L., Deharib, L., Fayolle, C., Makrerougrass, B., Dali-Yahia, R., 
Bellal, R., Belhabri, L., Chaieb, A., Tikhomirov, E., Carniel, E., 2007. 
Plague reappearance in Algeria after 50 years, 2003. Emerg. Infect. 
Dis. 13, 1459–62. 
Beuchat, L.R., 2002. Ecological factors influencing survival and growth of 
human pathogens on raw fruits and vegetables. Microbes Infect. 4, 
413–423. 
Bintrim, S.B., Ensign, J.C., 1998. Insertional Inactivation of Genes Encoding 
the Crystalline Inclusion Proteins of Photorhabdus luminescens Results 
in Mutants with Pleiotropic Phenotypes. J. Bacteriol. 180, 1261–1269. 
Bird, A.F., Akhurst, R.J., 1983. The nature of the intestinal vesicle in 
nematodes of the family Steinernematidae. Int. J. Parasitol. 13, 599–
606. doi:10.1016/S0020-7519(83)80032-0 
Blaxter, M.L., Dorris, M., Frisse, L.M., Vida, J.T., Thomas, W.K., 1998. A 
molecular evolutionary framework for the phylum Nematoda. Nature 
392, 71–75. 
Bode, H.B., 2009. Entomopathogenic bacteria as a source of secondary 
metabolites. Curr. Opin. Chem. Biol. 13, 224–30. 
doi:10.1016/j.cbpa.2009.02.037 
Bibliography 
142 
Boemare, N., 2002. Biology, Taxonomy and Systematics of Photorhabdus 
and Xenorhabdus, in: Gaugler, R. (Ed.), Entomopathogenic 
Nematology. CABI Publishing, pp. 35–56. 
Boemare, N., Laumond, C., Mauleon, H., 1996. The Entomopathogenic 
Nematode-Bacterium Complex: Biology, Life Cycle and Vertebrate 
Safety. Biocontrol Sci. Technol. 6, 333–346. 
doi:10.1080/09583159631316 
Boemare, N.E., Akhurst, R.J., 1988. Biochemical and Physiological 
Characterization of Colony Form Variants in Xenorhabdus spp. 
(Enterobacteriaceae). Microbiology 134, 751–761. 
doi:10.1099/00221287-134-3-751 
Boemare, N.E., Akhurst, R.J., 1990. Physiology of phase variation in 
Xenorabdus spp., in: Proceedings and Abstracts, Vth International 
Colloquium on Invertebrate Pathology and Microbial Control, 
Adelaide, Australia, 20-24 August 1990. Department of Entomology, 
University of Adelaide, pp. 208–212. 
Boemare, N.E., Akhurst, R.J., Mourant, R.G., 1993. DNA Relatedness 
between Xenorhabdus spp. (Enterobacteriaceae), Symbiotic Bacteria of 
Entomopathogenic Nematodes, and a Proposal To Transfer 
Xenorhabdus luminescens to a New Genus, Photorhabdus gen. nov. 
Int. J. Syst. Bacteriol. 43, 249–255. doi:10.1099/00207713-43-2-249 
Boemare, N.E., Boyer-Giglio, M.-H., Thaler, J.-O., Akhurst, R.J., Brehelin, 
M., 1992. Lysogeny and Bacteriocinogeny in Xenorhabdus 
nematophilus and Other Xenorhabdus spp. Appl. Environ. Microbiol. 
58, 3032–3037. 
Borella, P., Guerrieri, E., Marchesi, I., Bondi, M., Messi, P., 2005. Water 
ecology of Legionella and protozoan: environmental and public health 
perspectives. Biotechnol. Annu. Rev. 11, 355–80. doi:10.1016/S1387-
2656(05)11011-4 
Botzler, R.G., 1979. Yersiniae in the soil of an infected wapiti range. J. 
Wildl. Dis. 15, 529–532. 
Bowen, D., Rocheleau, T.A., Blackburn, M., Andreev, O., Golubeva, E., 
Bhartia, R., Richard, H., 1998. Insecticidal Toxins from the Bacterium 
Photorhabdus luminescens. Science (80-. ). 280, 2129–2132. 
Bibliography 
143 
Bowen, D.J., Ensign, J.C., 1998. Purification and Characterization of a High-
Molecular-Weight Insecticidal Protein Complex Produced by the 
Entomopathogenic Bacterium Photorhabdus luminescens. Appl. 
Environ. Microbiol. 64, 3029–3035. 
Bowen, D.J., Ensign, J.C., 2001. Isolation and Characterization of 
Intracellular Protein Inclusions Produced by the Entomopathogenic 
Bacterium Photorhabdus luminescens. Appl. Environ. Microbiol. 67, 
4834–4841. doi:10.1128/AEM.67.10.4834 
Brattig, N.W., 2004. Pathogenesis and host responses in human 
onchocerciasis: impact of Onchocerca filariae and Wolbachia 
endobacteria. Microbes Infect. 6, 113–128. 
doi:10.1016/j.micinf.2003.11.003 
Brehélin, M., Cherqui, A., Drif, L., Luciani, J., Akhurst, R., Boemare, N., 
1993. Ultrastructural Study of Surface Components of Xenorhabdus sp. 
in Different Cell Phases and Culture Conditions. J. Invertebr. Pathol. 
61, 188–191. doi:10.1006/jipa.1993.1033 
Brogden, K. a, 2005. Antimicrobial peptides: pore formers or metabolic 
inhibitors in bacteria? Nat. Rev. Microbiol. 3, 238–250. 
doi:10.1038/nrmicro1098 
Brouat, C., Rahelinirina, S., Loiseau, A., Rahalison, L., Rajerison, M., 
Laffly, D., Handschumacher, P., Duplantier, J.-M., 2013. Plague 
circulation and population genetics of the reservoir Rattus rattus: the 
influence of topographic relief on the distribution of the disease within 
the Madagascan focus. PLoS Negl. Trop. Dis. 7, e2266. 
doi:10.1371/journal.pntd.0002266 
Brown, I.M., Gaugler, R., 1996. Cold Tolerance of Steinernematid 
Nematodes. J. Therm. Biol. 21, 115–121. 
Brown, S.E., Cao, A.T., Hines, E.R., Akhurst, R.J., East, P.D., 2004. A novel 
secreted protein toxin from the insect pathogenic bacterium 
Xenorhabdus nematophila. J. Biol. Chem. 279, 14595–601. 
doi:10.1074/jbc.M309859200 
Brugirard-Ricaud, K., Duchaud, E., Givaudan, A., Girard, P.A., Kunst, F., 
Boemare, N., Brehélin, M., Zumbihl, R., 2005. Site-specific 
antiphagocytic function of the Photorhabdus luminescens type III 
secretion system during insect colonization. Cell. Microbiol. 7, 363–71. 
doi:10.1111/j.1462-5822.2004.00466.x 
Bibliography 
144 
Brusselman, E., Steurbaut, W., Sonck, B., 2006. Optimizing the Application 
of Entomopathogenic Nematodes. Commun. Agric. Appl. Biol. Sci. 71, 
701–705. 
Bulet, P., Hetru, C., Dimarcq, J., Hoffmann, D., 1999. Antimicrobial 
peptides in insects ; structure and function. Dev. Comp. Immunol. 23, 
329–344. 
Burke, G.R., Moran, N. a, 2011. Massive genomic decay in Serratia 
symbiotica, a recently evolved symbiont of aphids. Genome Biol. Evol. 
3, 195–208. doi:10.1093/gbe/evr002 
Buzoleva, L.S., Somov, G.P., 2003. Adaptation variability of Yersinia 
pseudotuberculosis during long-term persistence in soil. Bull. Exp. 
Biol. Med. 135, 456–9. 
Calvo, L., Gregorio, I., García, A., Fernández, M.T., Goñi, P., Clavel, A., 
Peleato, M.L., Fillat, M.F., 2013. A new pentaplex-nested PCR to 
detect five pathogenic bacteria in free living amoebae. Water Res. 47, 
493–502. doi:10.1016/j.watres.2012.09.039 
Campbell, J.F., Gaugler, R., 1993. Nictation Behaviour and Its Ecological 
Implications in the Host Search Strategies of Entomopathogenic 
Nematodes (Heterorhabditidae and Steinernematidae). Behaviour 126, 
155–169. 
Carniel, E., Autenrieth, I., Cornelis, G., Fukushima, H., Guinet, F., Al, E., 
2002. Y. enterocolitica and Y. pseudotuberculosis., in: Dworkin, M., 
Falkow, S., Rosenberg, E., Scheifer, K., Stackebrandt, E. (Eds.), The 
Prokaryotes: An Evolving Electronic Resource for the Microbiological 
Community. Springer-Verlag., New-York. 
Castro, C. De, Skurnik, M., Molinaro, A., Holst, O., 2009. Characterization 
of the specific O-polysaccharide structure and biosynthetic gene cluster 
of Yersinia pseudotuberculosis serotype O : 15. Innate Immun. 15, 
351–359. 
Cateau, E., Delafont, V., Hechard, Y., Rodier, M.H., 2014. Free-living 
amoebae: What part do they play in healthcare-associated infections? J. 
Hosp. Infect. 87, 131–140. doi:10.1016/j.jhin.2014.05.001 
Champion, O.L., Cooper, I. a M., James, S.L., Ford, D., Karlyshev, A., 
Wren, B.W., Duffield, M., Oyston, P.C.F., Titball, R.W., 2009. 
Galleria mellonella as an alternative infection model for Yersinia 
Bibliography 
145 
pseudotuberculosis. Microbiology 155, 1516–22. 
doi:10.1099/mic.0.026823-0 
Chaston, J.M., Murfin, K.E., Heath-Heckman, E.A., Goodrich-Blair, H., 
2013. Previously unrecognized stages of species-specific colonization 
in the mutualism between Xenorhabdus bacteria and Steinernema 
nematodes. Cell. Microbiol. 15, 1545–1559. 
doi:10.1111/cmi.12134.Previously 
Chaston, J.M., Suen, G., Tucker, S.L., Andersen, A.W., Bhasin, A., Bode, 
E., Bode, H.B., Brachmann, A.O., Cowles, C.E., Cowles, K.N., Darby, 
C., de Léon, L., Drace, K., Du, Z., Givaudan, A., Herbert Tran, E.E., 
Jewell, K. a., Knack, J.J., Krasomil-Osterfeld, K.C., Kukor, R., Lanois, 
A., Latreille, P., Leimgruber, N.K., Lipke, C.M., Liu, R., Lu, X., 
Martens, E.C., Marri, P.R., Médigue, C., Menard, M.L., Miller, N.M., 
Morales-Soto, N., Norton, S., Ogier, J.-C., Orchard, S.S., Park, D., 
Park, Y., Qurollo, B. a., Sugar, D.R., Richards, G.R., Rouy, Z., 
Slominski, B., Slominski, K., Snyder, H., Tjaden, B.C., van der 
Hoeven, R., Welch, R.D., Wheeler, C., Xiang, B., Barbazuk, B., 
Gaudriault, S., Goodner, B., Slater, S.C., Forst, S., Goldman, B.S., 
Goodrich-Blair, H., 2011. The Entomopathogenic Bacterial 
Endosymbionts Xenorhabdus and Photorhabdus: Convergent 
Lifestyles from Divergent Genomes. PLoS One 6, e27909. 
doi:10.1371/journal.pone.0027909 
Chen, G., Dunphy, G.B., Webster, J.M., 1994. Antifungal Activity of Two 
Xenorhabdus Species and Photorhabdus luminescens, Bacteria 
Associated with the Nematodes Steinernema Species and 
Heterorhabditis megidis. Biol. Control 4, 157–162. 
doi:10.1006/bcon.1994.1025 
Cho, J.-C., Kim, S.-J., 1999. Green fluorescent protein-based direct viable 
count to verify a viable but non-culturable state of Salmonella typhi in 
environmental samples. J. Microbiol. Methods 36, 227–235. 
doi:10.1016/S0167-7012(99)00038-X 
Chouikha, I., Hinnebusch, B.J., 2012. Yersinia-flea interactions and the 
evolution of the arthropod-borne transmission route of plague. Curr. 
Opin. Microbiol. doi:10.1016/j.mib.2012.02.003 
Christensen, B.B., Sternberg, C., Molin, S., 1996. Bacterial plasmid 
conjugation on semi-solid surfaces monitored with the green 
fluorescent protein (GFP) from Aequorea victoria as a marker. Gene 
173, 59–65. doi:10.1016/0378-1119(95)00707-5 
Bibliography 
146 
Ciche, T. a, Kim, K.-S., Kaufmann-Daszczuk, B., Nguyen, K.C.Q., Hall, 
D.H., 2008. Cell Invasion and Matricide during Photorhabdus 
luminescens Transmission by Heterorhabditis bacteriophora 
Nematodes. Appl. Environ. Microbiol. 74, 2275–87. 
doi:10.1128/AEM.02646-07 
Ciche, T. a., Blackburn, M., Carney, J.R., Ensign, J.C., 2003. Photobactin: a 
Catechol Siderophore Produced by Photorhabdus luminescens, an 
Entomopathogen Mutually Associated with Heterorhabditis 
bacteriophora NC1 Nematodes. Appl. Environ. Microbiol. 69, 4706–
4713. doi:10.1128/AEM.69.8.4706-4713.2003 
Ciche, T. a., Ensign, J.C., 2003. For the Insect Pathogen Photorhabdus 
luminescens, Which End of a Nematode Is Out? Appl. Environ. 
Microbiol. 69, 1890–1897. doi:10.1128/AEM.69.4.1890-1897.2003 
Collyn, F., Léty, M., Nair, S., Younes, A. Ben, Simonet, M., Le, M., 
Escuyer, V., 2002. Yersinia pseudotuberculosis Harbors a Type IV 
Pilus Gene Cluster That Contributes to Pathogenicity Yersinia 
pseudotuberculosis Harbors a Type IV Pilus Gene Cluster That 
Contributes to Pathogenicity. Infect. Immun. 70, 6196–6205. 
doi:10.1128/IAI.70.11.6196 
Converse, V., Grewall, P.S., 1998. Virulence of Entomopathogenic 
Nematodes to the Western Masked Chafer Cyclocephala kirta 
(Coleoptera: Scarabaeidae). J. Econ. Entomol. 91, 428–432. 
Cormack, B.P., Valdivia, R.H., Falkow, S., 1996. FACS-optimized mutants 
of the green fluorescent protein (GFP). Gene 173, 33–8. 
Cornelis, G.U.Y.R., Boland, A., Boyd, A.P., Geuijen, C., Iriarte, M., Neyt, 
C., Sory, M., Stainier, I., 1998. The Virulence Plasmid of Yersinia, an 
Antihost Genome. Microbiol. Mol. Biol. Rev. 62, 1315–1352. 
Couche, G.A., Gregson, R.P., 1987. Protein Inclusions Produced by the 
Entomopathogenic Bacterium Xenorhabdus nematophilus subsp. 
nematophilus. J. Bacteriol. 169, 5279–5288. 
Cowles, C.E., Goodrich-Blair, H., 2008. The Xenorhabdus nematophila 
nilABC genes confer the ability of Xenorhabdus spp. to colonize 
Steinernema carpocapsae nematodes. J. Bacteriol. 190, 4121–8. 
doi:10.1128/JB.00123-08 
Bibliography 
147 
Cowles, K.N., Cowles, C.E., Richards, G.R., Martens, E.C., Goodrich-Blair, 
H., 2007. The global regulator Lrp contributes to mutualism, 
pathogenesis and phenotypic variation in the bacterium Xenorhabdus 
nematophila. Cell. Microbiol. 9, 1311–23. doi:10.1111/j.1462-
5822.2006.00873.x 
Cubitt, A., Heim, R., Adams, S.R., Aileen, E., Gross, L.A., Tsien, R.Y., 
1995. Understanding, improving and using green fluorescent proteins. 
Trends Biochem. Sci. 20, 448–455. doi:10.1016/S0968-
0004(00)89099-4 
Daborn, P.J., Waterfield, N., Silva, C.P., Au, C.P.Y., Sharma, S., Ffrench-
Constant, R.H., 2002. A single Photorhabdus gene, makes caterpillars 
floppy (mcf), allows Escherichia coli to persist within and kill insects. 
Proc. Natl. Acad. Sci. U. S. A. 99, 10742–7. 
doi:10.1073/pnas.102068099 
Darby, C., Hsu, J.W., Ghori, N., Falkow, S., 2002. Caenorhabditis elegans: 
plague bacteria biofilm blocks food intake. Nature 417, 243–4. 
doi:10.1038/417243a 
Derzelle, S., Duchaud, E., Kunst, F., Danchin, A., Bertin, P., 2002. 
Identification, Characterization, and Regulation of a Cluster of Genes 
Involved in Carbapenem Biosynthesis in Photorhabdus luminescens. 
Appl. Environ. Microbiol. 68, 3780–3789. 
doi:10.1128/AEM.68.8.3780-3789.2002 
Derzelle, S., Turlin, E., Duchaud, E., Pages, S., Kunst, F., Givaudan, A., 
Danchin, A., 2004. The PhoP-PhoQ Two-Component Regulatory 
System of Photorhabdus luminescens Is Essential for Virulence in 
Insects. J. Bacteriol. 186, 1270–1279. doi:10.1128/JB.186.5.1270-
1279.2004 
Dillman, A.R., Chaston, J.M., Adams, B.J., Ciche, T. a, Goodrich-Blair, H., 
Stock, S.P., Sternberg, P.W., 2012. An entomopathogenic nematode by 
any other name. PLoS Pathog. 8, e1002527. 
doi:10.1371/journal.ppat.1002527 
Dorris, M., De Ley, P., Blaxter, M.L., 1999. Molecular Analysis of 
Nematode Diversity and the Evolution of Parasitism. Parasitol. Today 
15, 188–193. doi:10.1016/S0169-4758(99)01439-8 
Duchaud, E., Rusniok, C., Frangeul, L., Buchrieser, C., Givaudan, A., 
Taourit, S., Bocs, S., Boursaux-Eude, C., Chandler, M., Charles, J.-F., 
Bibliography 
148 
Dassa, E., Derose, R., Derzelle, S., Freyssinet, G., Gaudriault, S., 
Médigue, C., Lanois, A., Powell, K., Siguier, P., Vincent, R., Wingate, 
V., Zouine, M., Glaser, P., Boemare, N., Danchin, A., Kunst, F., 2003. 
The genome sequence of the entomopathogenic bacterium 
Photorhabdus luminescens. Nat. Biotechnol. 21, 1307–13. 
doi:10.1038/nbt886 
Durand, E., Cambillau, C., Cascales, E., Journet, L., 2014. VgrG, Tae, Tle, 
and beyond: the versatile arsenal of Type VI secretion effectors. Trends 
Microbiol. 22, 498–507. 
Dutky, S., Hough, W., 1955. Note on a parasitic nematode from codling 
moth larvae, Carpocapsa pomonella (Lepidoptera, Olethreutidae). Proc. 
Entomol. Soc. Wash. 57, 244. 
Easterday, W.R., Kausrud, K.L., Star, B., Heier, L., Haley, B.J., Ageyev, V., 
Colwell, R.R., Stenseth, N.C., 2012. An additional step in the 
transmission of Yersinia pestis? ISME J. 6, 231–236. 
doi:10.1038/ismej.2011.105 
Eberl, L., Schulze, R., Ammendola, A., Geisenberger, O., Erhart, R., 
Sternberg, C., Molin, S., Amann, R., 2006. Use of green fluorescent 
protein as a marker for ecological studies of activated sludge 
communities. FEMS Microbiol. Lett. 149, 77–83. doi:10.1111/j.1574-
6968.1997.tb10311.x 
Ebssa, L., Borgemeister, C., Semrau, J., Poehling, H., 2004. Efficacy of 
entomopathogenic nematodes against western flower thrips 
Frankliniella occidentalis at different pupation depths. Nematology 6, 
495–505. 
Ebssa, L., Dix, I., Griffin, C.T., 2008. Female presence is required for male 
sexual maturity in the nematode Steinernema longicaudum. Curr. Biol. 
18, R997–8. doi:10.1016/j.cub.2008.09.032 
Ehlers, R.-U., Hokkanen, H.M.T., 1996. Insect Biocontrol with Non-
endemic Entomopathogenic Nematodes (Steinernema and 
Heterorhabditis spp.): Conclusions and Recommendations of a 
Combined OECD and COST Workshop on Scientific and Regulatory 
Policy Issues. Biocontrol Sci. Technol. 6, 295–302. 
doi:10.1080/09583159631280 
Eisen, R.J., Borchert, J.N., Mpanga, J.T., Atiku, L. a, MacMillan, K., 
Boegler, K. a, Montenieri, J. a, Monaghan, A., Gage, K.L., 2012. Flea 
Bibliography 
149 
diversity as an element for persistence of plague bacteria in an East 
African plague focus. PLoS One 7, e35598. 
doi:10.1371/journal.pone.0035598 
Eisen, R.J., Gage, K.L., 2009. Adaptive strategies of Yersinia pestis to 
persist during inter-epizootic and epizootic periods. Vet. Res. 40, 1–14. 
doi:10.1051/vetres 
Eisen, R.J., Petersen, J.M., Higgins, C.L., Wong, D., Craig, E., Mead, P.S., 
Schriefer, M.E., Griffi, S., Gage, K.L., Beard, C. Ben, 2008. 
Persistence of Yersinia pestis in soil under natural conditions. Emerg. 
Infect. Dis. 14, 941–942. 
Eleftherianos, I., Ffrench-Constant, R.H., Clarke, D.J., Dowling, A.J., 
Reynolds, S.E., 2010. Dissecting the immune response to the 
entomopathogen Photorhabdus. Trends Microbiol. 18, 552–60. 
doi:10.1016/j.tim.2010.09.006 
Eleftherianos, I., Marokhazi, J., Millichap, P.J., Hodgkinson, A.J., 
Sriboonlert, A., Ffrench-Constant, R.H., Reynolds, S.E., 2006. Prior 
infection of Manduca sexta with non-pathogenic Escherichia coli 
elicits immunity to pathogenic Photorhabdus luminescens: roles of 
immune-related proteins shown by RNA interference. Insect Biochem. 
Mol. Biol. 36, 517–25. doi:10.1016/j.ibmb.2006.04.001 
Elzer, P.H., Kovach, M.E., Phillips, R.W., Robertson, G.T., Peterson, K.M., 
Roop, R.M., 1995. In vivo and in vitro stability of the broad-host-range 
cloning vector pBBR1MCS in six Brucella species. Plasmid 33, 51–7. 
Emelianoff, V., Chapuis, E., Le Brun, N., Chiral, M., Moulia, C., Ferdy, J.-
B., 2008a. A survival-reproduction trade-off in entomopathogenic 
nematodes mediated by their bacterial symbionts. Evolution 62, 932–
42. doi:10.1111/j.1558-5646.2008.00319.x 
Emelianoff, V., Le Brun, N., Pagès, S., Stock, S.P., Tailliez, P., Moulia, C., 
Sicard, M., 2008b. Isolation and identification of entomopathogenic 
nematodes and their symbiotic bacteria from Hérault and Gard 
(Southern France). J. Invertebr. Pathol. 98, 211–7. 
doi:10.1016/j.jip.2008.01.006 
Endo, B.Y., Nickle, W.R., 1991. Ultrastructure of the Intestinal Epithelium, 
Lumen, and Associated Bacteria in Heterorhabditis bacteriophora - 
202.pdf. J. Helminthol. Soc. Washingt. 58, 202–212. 
Bibliography 
150 
Eom, S., Park, Y., Kim, H., Kim, Y., 2014. Development of a high efficient 
“Dual Bt-Plus” insecticide using a primary form of an 
entomopathogenic bacterium, Xenorhabdus nematophila. J. Microbiol. 
Biotechnol. 24, 507–21. 
Eorge, D.Y.B.G., Ebb, C.O.T.W., Epin, K.I.M.M.P., Avage, L.I.S.A.T.S., 
2013. Persistence of black-tailed prairie-dog populations affected by 
plague in northern Colorado , USA. Ecology 94, 1572–1583. 
Erickson, D.L., Russell, C.W., Johnson, K.L., Hileman, T., Stewart, R.M., 
2011. PhoP and OxyR transcriptional regulators contribute to Yersinia 
pestis virulence and survival within Galleria mellonella. Microb. 
Pathog. 51, 389–.95. doi:10.1016/j.micpath.2011.08.008 
Erickson, D.L., Waterfield, N.R., Vadyvaloo, V., Long, D., Fischer, E.R., 
Ffrench-Constant, R., Hinnebusch, B.J., 2007. Acute oral toxicity of 
Yersinia pseudotuberculosis to fleas: implications for the evolution of 
vector-borne transmission of plague. Cell. Microbiol. 9, 2658–66. 
Errampalli, D., Leung, K., Cassidy, M.B., Kostrzynska, M., Blears, M., Lee, 
H., Trevors, J.T., 1999. Applications of the green fluorescent protein as 
a molecular marker in environmental microorganisms. J. Microbiol. 
Methods 35, 187–199. doi:10.1016/S0167-7012(99)00024-X 
Ewing, W.H., Ross, A.J., Brenner, D.O.N.J., Fanning, G.R., Biochemistry, 
D., Reed, W., 1978. Yersinia ruckeri sp. nov., the Redmouth (RM) 
Bacterium. Int. J. Syst. Bacteriol. 28, 37–44. 
Fallon, D.J., Solter, L.F., Bauer, L.S., Miller, D.L., Cate, J.R., McManus, 
M.L., 2006. Effect of entomopathogenic nematodes on Plectrodera 
scalator (Fabricius) (Coleoptera: Cerambycidae). J. Invertebr. Pathol. 
92, 55–7. doi:10.1016/j.jip.2006.01.006 
Fang, X.-L., Han, L.-R., Cao, X.-Q., Zhu, M.-X., Zhang, X., Wang, Y.-H., 
2012. Statistical optimization of process variables for antibiotic activity 
of Xenorhabdus bovienii. PLoS One 7, e38421. 
doi:10.1371/journal.pone.0038421 
Farmer, J.J., Jorgensen, J.H., Grimont, P.A., Akhurst, R.J., Poinar, G.O., 
Ageron, E., Pierce, G. V, Smith, J.A., Carter, G.P., Wilson, K.L., 
1989a. Xenorhabdus luminescens (DNA hybridization group 5) from 
human clinical specimens. J. Clin. Microbiol. 27, 1594–600. 
Bibliography 
151 
Farmer, J.J., Jorgensen, J.H., Grimont, P.A.D., Akhurst, R.J., Poinar, G.O., 
Ageron, E., Pierce, G. V, Smith, J.A., Carter, G.P., Wilson, K.L., 
Carolina, N., 1989b. Xenorhabdus luminescens ( DNA Hybridization 
Group 5 ) from Human Clinical Specimens. J. Clin. Microbiol. 27, 
1594–1600. 
Ffrench-Constant, R., Waterfield, N., 2006. An ABC guide to the bacterial 
toxin complexes. Adv. Appl. Microbiol. 58, 169–83. 
ffrench-Constant, R., Waterfield, N., Daborn, P., Joyce, S., Bennett, H., Au, 
C., Dowling, A., Boundy, S., Reynolds, S., Clarke, D., 2003. 
Photorhabdus: towards a functional genomic analysis of a symbiont 
and pathogen. FEMS Microbiol. Rev. 26, 433–56. 
Ffrench-Constant, R.H., Bowen, D.J., 2000. Novel insecticidal toxins from 
nematode-symbiotic bacteria. Cell. Mol. Life Sci. 57, 828–833. 
Finnegan, M.M., Downes, M.J., Regan, M.O., Griffin, C.T., 1999. Effect of 
salt and temperature stresses on survival and infectivity of 
Heterorhabditis spp. IJs. Nematology 1, 69–78. 
Fischer-Le Saux, M., Viallardt, V., Brunelt, B., Normand, P., Boemarel, 
N.E., 1999. Polyphasic classification of the genus Photorhabdus and 
proposal of new taxa : P. luminescens subsp. akhurstii subsp. nov., P. 
temperata subsp. temperata subsp. nov. and P. asymbiotica sp. nov. 
Int. J. Syst. Bacteriol. 49, 1645–1656. 
Flores-Lara, Y., Renneckar, D., Forst, S., Goodrich-Blair, H., Stock, P., 
2007. Influence of nematode age and culture conditions on 
morphological and physiological parameters in the bacterial vesicle of 
Steinernema carpocapsae (Nematoda: Steinernematidae). J. Invertebr. 
Pathol. 95, 110–8. doi:10.1016/j.jip.2007.01.006 
Forst, S., Dowds, B., Boemare, N., Stackebrandt, E., 1997. Xenorhabdus and 
Photorhabdus spp.: bugs that kill bugs. Annu. Rev. Microbiol. 51, 47–
72. doi:10.1146/annurev.micro.51.1.47 
Forst, S., Nealson, K., 1996. Molecular Biology of the Symbiotic-Pathogenic 
Bacteria Xenorhabdus spp . and Photorhabdus spp . Microbiol. Rev. 
60, 21–43. 
Forst, S.A., Clarke, D.J., 2002. Bacteria-Nematode Symbiosis, in: Gaugler, 
R. (Ed.), Entomopathogenic Nematology. CABI Publishing, pp. 57–77. 
Bibliography 
152 
Friedman, M.J., Gaugler, R., Kaya, H.K., 1990. Commercial production and 
development., in: Gaugler, R., Kaya, H.K. (Eds.), Entomopathogenic 
Nematodes in Biological Control. CRC Press Inc., pp. 153–172. 
Froy, O., 2005. Convergent evolution of invertebrate defensins and 
nematode antibacterial factors. Trends Microbiol. 13, 314–319. 
Fuchs, T.M., Bresolin, G., Marcinowski, L., Schachtner, J., Scherer, S., 
2008. Insecticidal genes of Yersinia spp.: taxonomical distribution, 
contribution to toxicity towards Manduca sexta and Galleria 
mellonella, and evolution. BMC Microbiol. 8, 214. 
Fukushima, H., Gomyoda, M., Ishikura, S., Nishio, T., Moriki, S., 1989. Cat-
Contaminated Environmental Substances Lead to Yersinia 
pseudotuberculosis Infection in Children. J. Clin. Microbiol. 27, 2706–
2709. 
Fukushima, H., Nakamura, R., Iitsuka, S., Ito, Y., Saito, K., 1985. Presence 
of zoonotic pathogens (Yersinia spp., Campylobacter jejuni, 
Salmonella spp., and Leptospira spp.) simultaneously in dogs and cats. 
Zentralbl. Bakteriol. Mikrobiol. Hyg. B. 181, 430–40. 
Garcia, A., Goñi, P., Cieloszyk, J., Fernandez, M.T., Calvo-Beguería, L., 
Rubio, E., Fillat, M.F., Peleato, M.L., Clavel, A., 2013. Identification 
of free-living amoebae and amoeba-associated bacteria from reservoirs 
and water treatment plants by molecular techniques. Environ. Sci. 
Technol. 47, 3132–3140. doi:10.1021/es400160k 
Gascuel, F., Choisy, M., Duplantier, J.-M., Débarre, F., Brouat, C., 2013. 
Host resistance, population structure and the long-term persistence of 
bubonic plague: contributions of a modelling approach in the Malagasy 
focus. PLoS Comput. Biol. 9, e1003039. 
doi:10.1371/journal.pcbi.1003039 
Gasper, P.W., Barnes, A.M., Quan, T.J., Benziger, J.P., Carter, L.G., Beard, 
M.L., Maupin, G.O., 1993. Plague (Yersinia pestis) in Cats: 
Description of Experimentally Induced Disease. J. Med. Entomol. 30, 
20–26. 
Gaudriault, S., Duchaud, E., Lanois, A., Canoy, A.-S., Bourot, S., Derose, 
R., Kunst, F., Boemare, N., Givaudan, A., 2006. Whole-genome 
comparison between Photorhabdus strains to identify genomic regions 
involved in the specificity of nematode interaction. J. Bacteriol. 188, 
809–14. doi:10.1128/JB.188.2.809-814.2006 
Bibliography 
153 
Gengler, S., Batoko, H., Wattiau, P., 2015a. Method for fluorescent marker 
swapping and its application in Steinernema nematode colonization 
studies. J. Microbiol. Methods 113, 34–37. 
doi:10.1016/j.mimet.2015.03.023 
Gengler, S., Laudisoit, A., Batoko, H., Wattiau, P., 2015b. Long-Term 
Persistence of Yersinia pseudotuberculosis in Entomopathogenic 
Nematodes. PLoS One 10, e0116818. 
doi:10.1371/journal.pone.0116818 
Gerrard, J.G., Joyce, S.A., Clarke, D.J., Richard, H., Nimmo, G.R., Looke, 
D.F.M., Feil, E.J., Pearce, L., Waterfield, N.R., 2006. Nematode 
Symbiont for Photorhabdus asymbiotica. Emerg. Infect. Dis. 12, 1562–
1565. 
Gerritsen, L.J.M., Georgieva, J., Wiegers, G.L., 2005. Oral toxicity of 
Photorhabdus toxins against thrips species. J. Invertebr. Pathol. 88, 
207–11. doi:10.1016/j.jip.2005.01.009 
Gilbert, S.E., Rose, L.J., 2012. Survival and persistence of nonspore-forming 
biothreat agents in water. Lett. Appl. Microbiol. 55, 189–94. 
doi:10.1111/j.1472-765X.2012.03277.x 
Gillette-Ferguson, I., Hise, A.G., Sun, Y., Diaconu, E., McGarry, H.F., 
Taylor, M.J., Pearlman, E., 2006. Wolbachia- and Onchocerca 
volvulus-induced keratitis (river blindness) is dependent on myeloid 
differentiation factor 88. Infect. Immun. 74, 2442–2445. 
doi:10.1128/IAI.74.4.2442-2445.2006 
Givaudan, A., Baghdiguian, S., Lanois, A., Boemare, N., 1995. Swarming 
and Swimming Changes Concomitant with Phase Variation in 
Xenorhabdus nematophilus. Appl. Environ. Microbiol. 61, 1408–1413. 
Givaudan, A., Lanois, A., 2000. flhDC, the flagellar master operon of 
Xenorhabdus nematophilus: Requirement for motility, lipolysis, 
extracellular hemolysis, and full virulence in insects. J. Bacteriol. 182, 
107–115. doi:10.1128/JB.182.1.107-115.2000 
Givaudan, A., Lanois, A., Boemare, N., 1996. Cloning and nucleotide 
sequence of a flagellin encoding genetic locus from Xenorhabdus 
nematophilus: phase variation leads to differential transcription of two 
flagellar genes (fliCD). Gene 183, 243–253. doi:10.1016/S0378-
1119(96)00452-0 
Bibliography 
154 
Gjermansen, M., Ragas, P., Sternberg, C., Molin, S., Tolker-Nielsen, T., 
2005. Characterization of starvation-induced dispersion in 
Pseudomonas putida biofilms. Environ. Microbiol. 7, 894–906. 
doi:10.1111/j.1462-2920.2005.00775.x 
Glaser, R.W., Farrell, C.C., 1935. Field Experiments with the Japanese 
Beetle and Its Nematode Parasite. J. New York Entomol. Soc. 43, 345–
371. 
Glaser, R.W., Fox, H., 1930. A Nematode Parasite of the Japanese Beetle ( 
Popillia japonica newm .). Science 71, 16–17. 
Glaser, R.W., McCoy, E.E., Girth, H.B., 1940. The Biology and Economic 
Importance of a Nematode Parasitic in Insects. J. Parasitol. 26, 479–
495. 
Goodrich-Blair, H., Clarke, D.J., 2007. Mutualism and pathogenesis in 
Xenorhabdus and Photorhabdus: two roads to the same destination. 
Mol. Microbiol. 64, 260–8. doi:10.1111/j.1365-2958.2007.05671.x 
Gouge, D.H., Snyder, J.L., 2006. Temporal association of entomopathogenic 
nematodes (Rhabditida: Steinernematidae and Heterorhabditidae) and 
bacteria. J. Invertebr. Pathol. 91, 147–57. doi:10.1016/j.jip.2005.12.003 
Gould, L.H., Pape, J., Ettestad, P., Griffith, K.S., Mead, P.S., 2008. Dog-
associated risk factors for human plague. Zoonoses Public Health 55, 
448–54. 
Grewal, P.S., De Nardo, E.A.B., Aguillera, M.M., 2001. Entomopathogenic 
Nematodes : Potential For Exploration and Use in South America. 
Neotrop. Entomol. 30, 191–205. 
Griffin, C.T., 2012. Perspectives on the Behavior of Entomopathogenic 
Nematodes from Dispersal to Reproduction : Traits Contributing to 
Nematode Fitness and Biocontrol Efficacy. J. Nematol. 44, 177–184. 
Griffin, C.T., Downes, M.J., 1991. Low Temperature Activity in 
Heterorhabditis Sp. (Nematoda: Heterorhabditidae). Nematologica 37, 
83–91. doi:10.1163/187529291X00088 
Griffin, C.T., Downes, M.J., Block, W., 1990. Tests of Antarctic soils for 
insect parasitic nematodes. Antarct. Sci. 2, 221–222. 
doi:10.1017/S095410209000030X 
Bibliography 
155 
Griffin, C.T., Joyce, S.A., Dix, I., Burnell, A.M., Downes, M.J., 1994. 
Characterisation of the entomopathogenic nematode Heterorhabditis ( 
Nematoda : Heterorhabditidae ) from Ireland and Britain by molecular 
and cross-breeding techniques , and the occurrence of the genus in 
these islands. Fundam. Appl. Nematol. 17, 245–253. 
Griffin, C.T., O’Callaghan, K.M., Dix, I., 2001. A self-fertile species of 
Steinernema from Indonesia: further evidence of convergent evolution 
amongst entomopathogenic nematodes? Parasitology 122, 181–6. 
Gunn, J.S., Lim, K.B., Krueger, J., Kim, K., Guo, L., Hackett, M., Miller, 
S.I., 1998. PmrA-PmrB-regulated genes necessary for 4-
aminoarabinose lipid A modification and polymyxin resistance. Mol. 
Microbiol. 27, 1171–1182. 
Guo, L., 1997. Regulation of Lipid A Modifications by Salmonella 
typhimurium Virulence Genes phoP-phoQ. Science (80-. ). 276, 250–
253. doi:10.1126/science.276.5310.250 
Guo, L., Fatig, R.O., Orr, G.L., Schafer, B.W., Strickland, J. a., Sukhapinda, 
K., Woodsworth, a. T., Petell, J.K., 1999. Photorhabdus luminescens 
W-14 Insecticidal Activity Consists of at Least Two Similar but 
Distinct Proteins: PURIFICATION AND CHARACTERIZATION OF 
TOXIN A AND TOXIN B. J. Biol. Chem. 274, 9836–9842. 
doi:10.1074/jbc.274.14.9836 
Guo, L., Lim, K.B., Poduje, C.M., Daniel, M., Gunn, J.S., Hackett, M., 
Miller, S.I., 1998. Lipid A Acylation and Bacterial Resistance against 
Vertebrate Antimicrobial Peptides. Cell 95, 189–198. 
Haensch, S., Bianucci, R., Signoli, M., Rajerison, M., Schultz, M., Kacki, S., 
Vermunt, M., Weston, D. a., Hurst, D., Achtman, M., Carniel, E., 
Bramanti, B., 2010. Distinct clones of Yersinia pestis caused the black 
death. PLoS Pathog. 6, e1001134. doi:10.1371/journal.ppat.1001134 
Han, R.C., Ehlers, R.-U., 1998. Cultivation of Axenic Heterorhabditis Spp. 
Dauer Juveniles and Their Response To Non-Specific Photorhabdus 
Luminescens Food Signals. Nematologica 44, 425–435. 
Hatab, M. abu, Gaugler, R., Ehlers, R., 1998. Influence of culture method on 
Steinernema galseri lipids. J. Parasitol. 84, 215–221. 
Heermann, R., Fuchs, T.M., 2008. Comparative analysis of the 
Photorhabdus luminescens and the Yersinia enterocolitica genomes: 
Bibliography 
156 
uncovering candidate genes involved in insect pathogenicity. BMC 
Genomics 9, 40. 
Heim, R., Prashert, D.C., Tsien, R.Y., 1994. Wavelength mutations and 
posttranslational autoxidation of green fluorescent protein. PNAS 91, 
12501–12504. 
Herbert, E.E., Cowles, K.N., Goodrich-Blair, H., 2007. CpxRA regulates 
mutualism and pathogenesis in Xenorhabdus nematophila. Appl. 
Environ. Microbiol. 73, 7826–36. doi:10.1128/AEM.01586-07 
Herbert Tran, E.E., Andersen, A.W., Goodrich-Blair, H., 2009. CpxRA 
influences Xenorhabdus nematophila colonization initiation and 
outgrowth in Steinernema carpocapsae nematodes through regulation 
of the nil locus. Appl. Environ. Microbiol. 75, 4007–14. 
doi:10.1128/AEM.02658-08 
Herbert Tran, E.E., Goodrich-Blair, H., 2009. CpxRA contributes to 
Xenorhabdus nematophila virulence through regulation of lrhA and 
modulation of insect immunity. Appl. Environ. Microbiol. 75, 3998–
4006. doi:10.1128/AEM.02657-08 
Heungens, K., Cowles, C.E., Goodrich-Blair, H., 2002. Identification of 
Xenorhabdus nematophila genes required for mutualistic colonization 
of Steinernema carpocapsae nematodes. Mol. Microbiol. 45, 1337–
1353. doi:10.1046/j.1365-2958.2002.03100.x 
Hill, D.E., 1998. Entomopathogenic Nematodes as Control Agents of 
Developmental Stages of the Black-Legged Tick , Ixodes scapularis. J. 
Parasitol. 84, 1124–1127. 
Hinnebusch, B.J., Rudolph, A.E., Cherepanov, P., Dixon, J.E., Schwan, 
T.G., Forsberg, A., 2002. Role of Yersinia murine toxin in survival of 
Yersinia pestis in the midgut of the flea vector. Science 296, 733–5. 
Ho, B.T., Dong, T.G., Mekalanos, J.J., 2013. A View to a Kill: The Bacterial 
Type VI Secretion System. Cell Host Microbe 1–13. 
Hominick, W., Briscoe, B., del Pino FG, Heng, J., Hunt, D., Kozodoy, E., 
Mracek, Z., Nguyen, K., Reid, A., Spiridonov, S., Stock, P., Sturhan, 
D., Waturu, C., Yoshida, M., 1997. Biosystematics of 
entomopathogenic nematodes: current status, protocols and definitions. 
J. Helminthol. 71, 271–98. 
Bibliography 
157 
Hominick, W.M., Reid, A.P., Bohan, D.A., Briscoe, B.R., 1996. 
Entomopathogenic Nematodes : Biodiversity , Geographical 
Distribution and the Convention on Biological Diversity. Biocontrol 
Sci. Technol. 6, 317–332. 
Hu, K., Li, J., Webster, J.M., 1999. Nematicidal metabolites produced by 
Photorhabdus luminescens (Enterobacteriaceae), bacterial symbiont of 
entomopathogenic nematodes. Nematology 1, 457–469. 
Hubbart, J. a, Jachowski, D.S., Eads, D. a, 2011. Seasonal and among-site 
variation in the occurrence and abundance of fleas on California 
ground squirrels (Otospermophilus beecheyi). J. Vector Ecol. 36, 117–
23. doi:10.1111/j.1948-7134.2011.00148.x 
Hughes, D., 1979. Isolation of Yersinia enterocolitica from milk and a dairy 
farm in Australia. J. Appl. Bacteriol. 46, 125–130. 
Hurst, M.R.H., Becher, S.A., Young, S.D., Nelson, T.L., Glare, T.R., 2011a. 
Yersinia entomophaga sp. nov., isolated from the New Zealand grass 
grub Costelytra zealandica. Int. J. Syst. Evol. Microbiol. 61, 844–9. 
doi:10.1099/ijs.0.024406-0 
Hurst, M.R.H., Jones, S.A., Binglin, T., Harper, L.A., Jackson, T.A., Glare, 
T.R., 2011b. The main virulence determinant of Yersinia entomophaga 
MH96 is a broad-host-range toxin complex active against insects. J. 
Bacteriol. 193, 1966–80. doi:10.1128/JB.01044-10 
Hussein, M.A., Abdel-Aty, M.A., 2012. Formulation of two native 
entomopathogenic nematodes at room temperature. J. Biopestic. 5, 23–
27. 
Hyman, B.C., 1988. Nematode Mitochondrial DNA : Anomalies and 
Applications 1. J. Nematol. 20, 523–531. 
Inman, F.L., Holmes, L., 2012. Effect of Heat Sterilization on the Bioactivity 
of Antibacterial Metabolites Secreted by Xenorhabdus nematophila. 
Pakistan J. Biol. Sci. 15, 997–1000. doi:10.3923/pjbs.2012.997.1000 
Inman III, F.L., Holmes, L., 2012. Antibacterial Screening of Secreted 
Compounds Produced by the Phase I Variant of Photorhabdus 
luminescens. Indian J. Microbiol. 52, 708–9. doi:10.1007/s12088-012-
0307-6 
Bibliography 
158 
ITIS, n.d. ITIS Standard Report [WWW Document]. URL 
http://www.itis.gov/servlet/SingleRpt/SingleRpt?search_topic=TSN&s
earch_value=59490 
Jackson, T.J., Wang, H., Nugent, M.J., Griffin, C.T., Burnell, A.M., Dowds, 
B.C.A., 1995. Isolation of insect pathogenic bacteria, Providencia 
rettgeri, from Heterorhabditis spp. J. Appl. Bacteriol. 78, 237–244. 
doi:10.1111/j.1365-2672.1995.tb05022.x 
Jalava, K., Hakkinen, M., Valkonen, M., Nakari, U.-M., Palo, T., Hallanvuo, 
S., Ollgren, J., Siitonen, A., Nuorti, J.P., 2006. An outbreak of 
gastrointestinal illness and erythema nodosum from grated carrots 
contaminated with Yersinia pseudotuberculosis. J. Infect. Dis. 194, 
1209–16. doi:10.1086/508191 
Jani, A.J., Cotter, P. a, 2010. Type VI secretion: not just for pathogenesis 
anymore. Cell Host Microbe 8, 2–6. doi:10.1016/j.chom.2010.06.012 
Ji, D., Kim, Y., 2004. An entomopathogenic bacterium, Xenorhabdus 
nematophila, inhibits the expression of an antibacterial peptide, 
cecropin, of the beet armyworm, Spodoptera exigua. J. Insect Physiol. 
50, 489–96. doi:10.1016/j.jinsphys.2004.03.005 
Johnigk, S., Ehlers, R., 1999a. Juvenile development and life cycle of 
Heterorhabditis bacteriophora and H . indica ( Nematoda : 
Heterorhabditidae ). Nematology 1, 251–260. 
Johnigk, S., Ehlers, R., 1999b. Endotokia matricida in hermaphrodites of 
Heterorhabditis spp . and the effect of the food supply. Nematology 1, 
717–726. 
Joshua, G.W.P., Karlyshev, A. V, Smith, M.P., Isherwood, K.E., Titball, 
R.W., Wren, B.W., 2003. A Caenorhabditis elegans model of Yersinia 
infection: biofilm formation on a biotic surface. Microbiology 149, 
3221–9. 
Joyce, S. a, Watson, R.J., Clarke, D.J., 2006. The regulation of pathogenicity 
and mutualism in Photorhabdus. Curr. Opin. Microbiol. 9, 127–32. 
doi:10.1016/j.mib.2006.01.004 
Jubelin, G., Pagès, S., Lanois, A., Boyer, M.-H., Gaudriault, S., Ferdy, J.-B., 
Givaudan, A., 2011. Studies of the dynamic expression of the 
Xenorhabdus FliAZ regulon reveal atypical iron-dependent regulation 
Bibliography 
159 
of the flagellin and haemolysin genes during insect infection. Environ. 
Microbiol. 13, 1271–84. doi:10.1111/j.1462-2920.2011.02427.x 
Kaniga, K., Delor, I., Cornelis, G.R., 1991. A wide-host-range suicide vector 
for improving reverse genetics in Gram-negative bacteria: inactivation 
of the blaA gene of Yersinia enterocolitica. Gene 109, 137–141. 
doi:10.1016/0378-1119(91)90599-7 
Kanost, M.R., Jiang, H., Yu, X.-Q., 2004. Innate immune responses of a 
lepidopteran insect , Manduca sexta. Immunol. Rev. 198, 97–105. 
Kapitein, N., Mogk, A., 2013. Deadly syringes: type VI secretion system 
activities in pathogenicity and interbacterial competition. Curr. Opin. 
Microbiol. 5–11. 
Karimi, J., Safari, T., Kharazi-pakdel, A., 2010. Status of entomopathogenic 
nematodes researches in Iran. J. Biopestic. 3, 474–478. 
Kaya, H.K., 1990. Soil ecology. In Entomopathogenic Nematodes in 
Biological Control. CRC Press, Boca Raton. 
Keun, G.R., Jun, S.B., Yeon, S.Y., Sun, H.P., 2000. Insecticidal Toxin from 
Xenorhabdus nematophilus, Symbiotic Bacterium Associated with 
Entomopathogenic Nematode Steinernema glaseri. Biotechnol. 
Bioprocess Eng. 5, 141–145. 
Kim, S.K., Flores-Lara, Y., Patricia Stock, S., 2012. Morphology and 
ultrastructure of the bacterial receptacle in Steinernema nematodes 
(Nematoda: Steinernematidae). J. Invertebr. Pathol. 
doi:10.1016/j.jip.2012.04.011 
Kim, Y., Ji, D., Cho, S., Park, Y., 2005. Two groups of entomopathogenic 
bacteria, Photorhabdus and Xenorhabdus, share an inhibitory action 
against phospholipase A2 to induce host immunodepression. J. 
Invertebr. Pathol. 89, 258–64. doi:10.1016/j.jip.2005.05.001 
King, C.H., Shotts, E.B., Wooley, R.E., Porter, K.G., 1988. Survival of 
coliforms and bacterial pathogens within protozoa during chlorination. 
Appl. Environ. Microbiol. 54, 3023–3033. 
Kingston, D., Warhurst, D.C., 1969. Isolation of amoebae from the air. J. 
Med. Microbiol. 2, 27–36. doi:10.1099/00222615-2-1-27 
Bibliography 
160 
Kovach, M.E., Phillips, R.W., Elzer, P.H., Roop, R.M., Peterson, K.M., 
1994. pBBR1MCS: a broad-host-range cloning vector. Biotechniques 
16, 801–2. 
Lambrecht, E., Baré, J., Van Damme, I., Bert, W., Sabbe, K., Houf, K., 
2013. Behavior of Yersinia enterocolitica in the presence of the 
bacterivorous Acanthamoeba castellanii. Appl. Environ. Microbiol. 79, 
6407–13. 
Lancaster, J.D., Mohammad, B., Abebe, E., 2012. Effect of the bacterium 
Serratia marcescens SCBI on the longevity and reproduction of the 
nematode Caenorhabditis briggsae KT0001. BMC Res. Notes 5, 688. 
doi:10.1186/1756-0500-5-688 
Lang, A.E., Schmidt, G., Schlosser, A., Hey, T.D., Larrinua, I.M., Sheets, 
J.J., Mannherz, H.G., Aktories, K., 2010. Photorhabdus luminescens 
toxins ADP-ribosylate actin and RhoA to force actin clustering. 
Science 327, 1139–42. doi:10.1126/science.1184557 
Lang, G., Kalvelage, T., Peters, A., Wiese, J., Imhoff, J.F., 2008. Linear and 
Cyclic Peptides from the Entomopathogenic Bacterium Xenorhabdus 
nematophilus. J. Nat. Prod. 71, 1074–1077. 
Lanois, A., Jubelin, G., Givaudan, A., 2008. FliZ, a flagellar regulator, is at 
the crossroads between motility, haemolysin expression and virulence 
in the insect pathogenic bacterium Xenorhabdus. Mol. Microbiol. 68, 
516–533. doi:10.1111/j.1365-2958.2008.06168.x 
Lathem, W.W., Price, P.A., Miller, V.L., Goldman, W.E., 2007. A 
Plasminogen-Activating Protease Specifically Controls the 
Development of Primary Pneumonic Plague. Science (80-. ). 315, 509–
513. 
Laudisoit, A., Leirs, H., Makundi, R., Krasnov, B.R., 2009. Seasonal and 
habitat dependence of fleas parasitic on small mammals in Tanzania. 
Integr. Zool. 4, 196–212. doi:10.1111/j.1749-4877.2009.00150.x 
Laukkanen-Ninios, R., Didelot, X., Jolley, K. a, Morelli, G., Sangal, V., 
Kristo, P., Brehony, C., Imori, P.F.M., Fukushima, H., Siitonen, A., 
Tseneva, G., Voskressenskaya, E., Falcao, J.P., Korkeala, H., Maiden, 
M.C.J., Mazzoni, C., Carniel, E., Skurnik, M., Achtman, M., 2011a. 
Population structure of the Yersinia pseudotuberculosis complex 
according to multilocus sequence typing. Environ. Microbiol. 13, 
3114–27. doi:10.1111/j.1462-2920.2011.02588.x 
Bibliography 
161 
Laukkanen-Ninios, R., Didelot, X., Jolley, K. a, Morelli, G., Sangal, V., 
Kristo, P., Brehony, C., Imori, P.F.M., Fukushima, H., Siitonen, A., 
Tseneva, G., Voskressenskaya, E., Falcao, J.P., Korkeala, H., Maiden, 
M.C.J., Mazzoni, C., Carniel, E., Skurnik, M., Achtman, M., 2011b. 
Population structure of the Yersinia pseudotuberculosis complex 
according to multilocus sequence typing. Environ. Microbiol. 13, 
3114–3127. doi:10.1111/j.1462-2920.2011.02588.x 
Laumond, C., Mauléon, H., Kermarrec, A., 1979. Données nouvelles sur le 
spectre d’hôtes et le parasitisme du nématode 
entomophageNeoaplectana carpocapsae. Entomophaga 24, 13–27. 
doi:10.1007/BF02377505 
Leclerc, M.-C., Boemarel, N.E., 1991. Plasmids and Phase Variation in 
Xenorhabdus spp. Appl. Environ. Microbiol. 57, 2597–2601. 
Lewis, E.E., Barbarosa, B., Gaugler, R., 2002. Mating and Sexual 
Communication by Steinernema carpocapsae ( Nemata : 
Steinernematidae ). J. Nematol. 34, 328–331. 
Li, J., Chen, G., Webster, J.M., 1997. Nematophin, a novel antimicrobial 
substance produced by Xenorhabus nematophilus (enterobactereaceae). 
Li, J., Chen, G., Wu, H., Webster, J.M., 1995. Identification of two pigments 
and a hydroxystilbene antibiotic from Photorhabdus luminescens. 
Appl. Environ. Microbiol. 61, 4329–4333. 
Liu, J., Berry, R.E., Moldenke, a F., 1997. Phylogenetic relationships of 
entomopathogenic nematodes (Heterorhabditidae and 
Steinernematidae) inferred from partial 18S rRNA gene sequences. J. 
Invertebr. Pathol. 69, 246–52. doi:10.1006/jipa.1997.4657 
Liu, J., Poinar, G.O., Berry, R.E., 2000. Control of Insect Pests with 
Entomopathogenic Nematodes: The Impact of Molecular Biology and 
Phylogenetic Reconstruction. Annu. Rev. Entomol. 45, 287–306. 
Liu, Y., Whittier, R.F., 1995. Thermal Asymmetric Interlaced PCR : 
Automatable Amplification and Sequencing of Insert End Fragments 
from PI and YAC Clones for Chromosome Walking. Genomics 25, 
674–681. doi:10.1016/0888-7543(95)80010-J 
Lord, J.C., 2005. From Metchnikoff to Monsanto and beyond: the path of 
microbial control. J. Invertebr. Pathol. 89, 19–29. 
doi:10.1016/j.jip.2005.04.006 
Bibliography 
162 
Luc, M., Maggenti, A.R., Fortuner, R., Raski, D.J., Geraert, E., 1987. A 
reappraisal of Tylenchina (Nemata), 1. For a new approach to the 
taxonomy of Tylenchina. Rev. Nématologie 10, 127–134. 
MacIntyre, D.L., Miyata, S.T., Kitaoka, M., Pukatzki, S., 2010. The Vibrio 
cholerae type VI secretion system displays antimicrobial properties. 
Proc. Natl. Acad. Sci. U. S. A. 107, 19520–4. 
Mallo, G. V., Kurz, C.L., Couillault, C., Pujol, N., Granjeaud, S., Kohara, 
Y., Ewbank, J.J., 2002. Inducible Antibacterial Defense System in C. 
elegans. Curr. Biol. 12, 1209–1214. doi:10.1016/S0960-
9822(02)00928-4 
Manzano-Marín, A., Lamelas, A., Moya, A., Latorre, A., 2012. Comparative 
genomics of Serratia spp.: two paths towards endosymbiotic life. PLoS 
One 7, e47274. doi:10.1371/journal.pone.0047274 
Marenne, M.-N., Journet, L., Mota, L.J., Cornelis, G.R., 2003. Genetic 
analysis of the formation of the Ysc–Yop translocation pore in 
macrophages by Yersinia enterocolitica: role of LcrV, YscF and YopN. 
Microb. Pathog. 35, 243–258. 
Martens, E.C., Goodrich-Blair, H., 2005. The Steinernema carpocapsae 
intestinal vesicle contains a subcellular structure with which 
Xenorhabdus nematophila associates during colonization initiation. 
Cell. Microbiol. 7, 1723–35. doi:10.1111/j.1462-5822.2005.00585.x 
Martens, E.C., Heungens, K., Goodrich-blair, H., 2003. Early Colonization 
Events in the Mutualistic Association between Steinernema 
carpocapsae Nematodes and Xenorhabdus nematophila Bacteria. J. 
Bacteriol. 185, 3147–3154. 
Matthysse, G., Dandie, C., 1996. Construction of GFP vectors for use in 
Gram-negative other than Escherichia coli. FEMS Microbiol. Lett. 
145, 87–94. doi:10.1111/j.1574-6968.1996.tb08561.x 
McInerney, B. V., Gregson, R.P., Lacey, M.J., Akhurst, R.J., Lyons, G.R., 
Rhodes, S.H., Smith, D.R.J., Engelhardt, L.M., White, A.H., 1991a. 
Biologically Active Metabolites from Xenorhabdus Spp., Part 1. 
Dithiolopyrrolone Derivatives with Antibiotic Activity. J. Nat. Prod. 
54, 774–784. doi:10.1021/np50075a005 
McInerney, B. V., Taylor, W.C., Lacey, M.J., Akhurst, R.J., Gregson, R.P., 
1991b. Biologically Active Metabolites from Xenorhabdus Spp., Part 
Bibliography 
163 
2. Benzopyran-1-one Derivatives with Gastroprotective Activity. J. 
Nat. Prod. 54, 785–795. doi:10.1021/np50075a006 
McVey, a, Crain, J., 2014. Nonlinear optical methods for cellular imaging 
and localization. Methods 68, 371–7. doi:10.1016/j.ymeth.2014.03.002 
Medzhitov, R., Janeway, C. a, 1997. Innate Immunity: The Virtues of a 
Nonclonal System of Recognition. Cell 91, 295–298. 
Merhej, V., Ade´kambi, T., Pagnier, I., Raoult, D., Drancourt, M., 2008. 
Yersinia massiliensis sp. nov., isolated from fresh water. Int. J. Syst. 
Evol. Microbiol. 58, 779–784. 
Meysick, K.C., Seidman, J., Falconio, J.R., 2009. The Yersinia 
pseudotuberculosis YplA phospholipase differs in its activity, 
regulation and secretion from that of the Yersinia enterocolitica YplA. 
Microb. Pathog. 47, 24–32. doi:10.1016/j.micpath.2009.04.008 
Miller, V.L., Mekalanos, J.J., 1988. A novel suicide vector and its use in 
construction of insertion mutations: osmoregulation of outer membrane 
proteins and virulence determinants in Vibrio cholerae requires toxR. J. 
Bacteriol. 170, 2575–83. 
Milstead, J.E., 1979. Heterorhabditis bacteriophora as a vector for 
introducing its associated bacterium into the hemocoel of Galleria 
mellonella larvae. J. Invertebr. Pathol. 33, 324–327. doi:10.1016/0022-
2011(79)90033-8 
Molyneux, A.S., 1985. Survival of IJs of Heterorhabditis spp., and 
Steinernema spp. (Nematoda:Rhabditida) at various temperatures and 
the subsequent infectivity for insects. Rev. Nématologie 8, 165–170. 
Molyneux, A.S., 1986. Heterorhabditis spp. and Steinernema (= 
Neoaplectana) spp.: temperature, and aspects of behavior and 
infectivity. Exp. Parasitol. 62, 169–80. 
Morelli, G., Song, Y., Mazzoni, C.J., Eppinger, M., Roumagnac, P., Wagner, 
D.M., Feldkamp, M., Kusecek, B., Vogler, A.J., Li, Y., Cui, Y., 
Thomson, N.R., Jombart, T., Leblois, R., Lichtner, P., Rahalison, L., 
Petersen, J.M., Balloux, F., Keim, P., Wirth, T., Ravel, J., Yang, R., 
Carniel, E., Achtman, M., 2010. Yersinia pestis genome sequencing 
identifies patterns of global phylogenetic diversity. Nat. Genet. 42, 
1140–3. doi:10.1038/ng.705 
Bibliography 
164 
Moya, A., Peretó, J., Gil, R., Latorre, A., 2008. Learning how to live 
together: genomic insights into prokaryote-animal symbioses. Nat. 
Rev. Genet. 9, 218–29. doi:10.1038/nrg2319 
Mracek, Z., Weiser, J., Gerdin, S., 1981. Head and Cuticular Structures of 
Some Species in the Family Steinernematidae (Nematoda). 
Nematologica 27, 443–448. doi:10.1163/187529281X00430 
Murdoch, S.L., Trunk, K., English, G., Fritsch, M.J., Pourkarimi, E., 
Coulthurst, S.J., 2011. The opportunistic pathogen Serratia marcescens 
utilizes type VI secretion to target bacterial competitors. J. Bacteriol. 
193, 6057–69. doi:10.1128/JB.05671-11 
Mwaitulo, S., Haukeland, S., Saethre, M.-G., Laudisoit, A., Maerere, A.P., 
2011. First report of entomopathogenic nematodes from Tanzania and 
their virulence against larvae and adults of the banana weevil 
Cosmopolites sordidus (Coleoptera: Curculionidae). Int. J. Trop. Insect 
Sci. 31, 154–161. 
Nappi, A.J., Ottaviani, E., 2000. Cytotoxicity and cytotoxic molecules in 
invertebrates. BioEssays 22, 469–480. 
Nguyen, K.B., Smart, G.C., 1990. Steinernema scapterisci n. sp. 
(Rhabditida: Steinernematidae). J. Nematol. 22, 187–99. 
Nguyen, K.B., Smart, G.C., 1995. Morphometrics of Infective Juveniles of 
Steinernema spp . and Heterorhabditis bacteriophora (Nemata : 
Rhabditida). J. Nematol. 27, 206–212. 
Nguyen, K.B., Smart, G.C., 1996. Identification of Entomopathogenic 
Nematodes in the Steinernematidae and Heterorhabditidae (Nemata : 
Rhabditida). J. Nematol. 28, 286–300. 
Nikul’shin, S. V, Onatskaia, T.G., Lukanina, L.M., Bondarenko, A.I., 1992. 
[Associations of the soil amoeba Hartmannella rhysodes with the 
bacterial causative agents of plague and pseudotuberculosis in an 
experiment]. Zh. Mikrobiol. Epidemiol. Immunobiol. 2–5. 
Ogier, J.-C., Pagès, S., Bisch, G., Chiapello, H., Médigue, C., Rouy, Z., 
Teyssier, C., Vincent, S., Tailliez, P., Givaudan, A., Gaudriault, S., 
2014. Attenuated virulence and genomic reductive evolution in the 
entomopathogenic bacterial symbiont species, Xenorhabdus poinarii. 
Genome Biol. Evol. 6, 1495–513. doi:10.1093/gbe/evu119 
Bibliography 
165 
Pankewitz, F., Hilker, M., 2008. Polyketides in insects: ecological role of 
these widespread chemicals and evolutionary aspects of their 
biogenesis. Biol. Rev. Camb. Philos. Soc. 83, 209–26. 
doi:10.1111/j.1469-185X.2008.00040.x 
Park, D., Forst, S., 2006. Co-regulation of motility, exoenzyme and 
antibiotic production by the EnvZ-OmpR-FlhDC-FliA pathway in 
Xenorhabdus nematophila. Mol. Microbiol. 61, 1397–412. 
doi:10.1111/j.1365-2958.2006.05320.x 
Paul, V.J., Frautschy, S., Fenical, W., Nealson, K.H., 1981. Antibiotics in 
Microbial Ecology. Isolation and Structure Assignment of Several New 
Antibacterial Compounds from the Insect-Symbiotic Bacteria 
Xenorhabdus spp . J. Chem. Ecol. 7, 589–597. 
Perry, R.D., Fetherston, J.D., 1997. Yersinia pestis — Etiologic Agent of 
Plague. Clin. Microbiol. Rev. 10, 35–66. 
Pidot, S.J., Coyne, S., Kloss, F., Hertweck, C., 2014. Antibiotics from 
neglected bacterial sources. Int. J. Med. Microbiol. 304, 14–22. 
doi:10.1016/j.ijmm.2013.08.011 
Pinheiro, V.B., Ellar, D.J., 2007. Expression and insecticidal activity of 
Yersinia pseudotuberculosis and Photorhabdus luminescens toxin 
complex proteins. Cell. Microbiol. 9, 2372–80. doi:10.1111/j.1462-
5822.2007.00966.x 
Poinar, G., 1966. The presence of Achromobacter nematophilus in the 
infective stage of a Neoaplectana sp.(Steinernematidae: Nematoda). 
Nematologica 12, 105–108. 
Poinar, G.O., 1993. Origins and phylogenetic relationships of the 
entomophilic rhabditids , Heterorhabditis and Steinernema. Fundam. 
Appl. Nematol. 16, 333–338. 
Poinar, G.O., Himsworth, P.T., 1967. Neoaplectana parasitism of larvae of 
the greater wax moth, Galleria mellonella. J. Invertebr. Pathol. 9, 241–
246. doi:10.1016/0022-2011(67)90012-2 
Poinar, G.O., Thomas, G.M., 1965. A New Bacterium, Achromobacter 
nematophilus sp. nov. (Achromobacteriaceae: Eubacteriales) 
Associated with a Nematode. Int. Bull. Bacteriol. Nomemclature 
Taxon. 15, 249–252. 
Bibliography 
166 
Poinar, G.O.J., 1983. The Natural History of Nematodes. Englewood Cliffs, 
New Jersey. 
Poinar, G.O.J., 1990. Taxonomy and biology of Steinernematidae and 
Heterorhabditidae, in: Gaugler, R., Kaya, H.K. (Eds.), 
Entomopathogenic Nematodes in Biological Control. CRC Press, Inc., 
Boca Raton, Fla, pp. 23–61. 
Poinar, G.O.J., Thomas, G.M., 1966. Significance of Achromobacter 
nematophilus Poinar and Thomas (Achromobacteraceae: Enbacteriales) 
in the development of the nematode, DD-136 (Neoaplectana sp. 
Steinernematidae). Parasitology 56, 385–390. 
Poinar, G. O., J., Karunakar, G.K., David, H., 1992. Heterorhabditis indicus 
n. sp. (Rhabditida: Nematoda) from India: separation of 
Heterorhabditis spp. by infective juveniles. Fundam. Appl. Nematol. 
15, 467–472. 
Pukatzki, S., Ma, A.T., Revel, A.T., Sturtevant, D., Mekalanos, J.J., 2007. 
Type VI secretion system translocates a phage tail spike-like protein 
into target cells where it cross-links actin. Proc. Natl. Acad. Sci. U. S. 
A. 104, 15508–13. 
Pukatzki, S., Ma, A.T., Sturtevant, D., Krastins, B., Sarracino, D., Nelson, 
W.C., Heidelberg, J.F., Mekalanos, J.J., 2006. Identification of a 
conserved bacterial protein secretion system in Vibrio cholerae using 
the Dictyostelium host model system. Proc. Natl. Acad. Sci. U. S. A. 
103, 1528–33. doi:10.1073/pnas.0510322103 
Rahuma, N., Ghenghesh, K.S., Ben Aissa, R., Elamaari, A., 2005. Carriage 
by the housefly (Musca domestica) of multiple-antibiotic-resistant 
bacteria that are potentially pathogenic to humans, in hospital and other 
urban environments in Misurata, Libya. Ann. Trop. Med. Parasitol. 99, 
795–802. 
Reznikoff, W.S., 2008. Transposon Tn5. Annu. Rev. Genet. 42, 269–86. 
doi:10.1146/annurev.genet.42.110807.091656 
Richter, B., Smalla, K., 2007. Screening of rhizosphere and soil bacteria for 
transformability. Environ. Biosafety Res. 6, 91–9. 
doi:10.1051/ebr:2007035 
Bibliography 
167 
Robertson, B.D., Meyer, T.F., 1992. Genetic variation in pathogenic 
bacteria. Trends Genet. 8, 422–427. doi:10.1016/0168-9525(92)90325-
X 
Rosa, J.S., Cabral, C., Sim, N., 2002. Differences between the pathogenic 
processes induced by Steinernema and Heterorhabditis ( Nemata : 
Rhabditida ) in Pseudaletia unipuncta ( Insecta : Lepidoptera ). J. 
Invertebr. Pathol. 80, 46–54. 
Sabina, Y., Rahman, A., Ray, R.C., Montet, D., 2011. Yersinia 
enterocolitica: Mode of Transmission, Molecular Insights of Virulence, 
and Pathogenesis of Infection. J. Pathog. 2011. 
doi:10.4061/2011/429069 
Savin, C., Martin, L., Bouchier, C., Filali, S., Chenau, J., Zhou, Z., Becher, 
F., Fukushima, H., Thomson, N.R., Scholz, H.C., Carniel, E., 2014. 
The Yersinia pseudotuberculosis complex: characterization and 
delineation of a new species, Yersinia wautersii. Int. J. Med. Microbiol. 
304, 452–63. doi:10.1016/j.ijmm.2014.02.002 
Schimming, O., Fleischhacker, F., Nollmann, F.I., Bode, H.B., 2014. Yeast 
homologous recombination cloning leading to the novel peptides 
ambactin and xenolindicin. Chembiochem 15, 1290–4. 
doi:10.1002/cbic.201402065 
Schmiel, D.H., Wagar, E., Karamanou, L., Weeks, D., Miller, V.L., 1998. 
Phospholipase A of Yersinia enterocolitica Contributes to Pathogenesis 
in a Mouse Model. Infect. Immun. 66, 3941–3951. 
Schmiel, D.H., Young, G.M., Miller, V.L., 2000. The Yersinia enterocolitica 
phospholipase gene yplA is part of the flagellar regulon. J. Bacteriol. 
182, 2314–20. 
Scholz, H.C., Al Dahouk, S., Tomaso, H., Neubauer, H., Witte, A., Schloter, 
M., Kämpfer, P., Falsen, E., Pfeffer, M., Engel, M., 2008. Genetic 
diversity and phylogenetic relationships of bacteria belonging to the 
Ochrobactrum-Brucella group by recA and 16S rRNA gene-based 
comparative sequence analysis. Syst. Appl. Microbiol. 31, 1–16. 
doi:10.1016/j.syapm.2007.10.004 
Schroeder, W.J., 1987. Laboratory Bioassays and Field Trials of 
Entomogenous Nematodes for Control of Diaprepes abbreviatus 
(Coleoptera: Curculionidae) in Citrus. Environ. Entomol. 16, 987–989. 
Bibliography 
168 
Schubert, S., 2004. The high-pathogenicity island (HPI): evolutionary and 
functional aspects. Int. J. Med. Microbiol. 294, 83–94. 
doi:10.1016/j.ijmm.2004.06.026 
Selvan, S., Grewal, P.S., Gaugler, R., Tomalak, M., 1994. Evaluation of 
Steinernematid Nematodes Against Popillia Japonica (Coleoptera: 
Scarabaeidae) Larvae: Species, Strains, and Rinse After Application. J. 
Econ. Entomol. 87, 605–609. 
Shaner, N.C., Steinbach, P.A., Tsien, R.Y., 2005. A guide to choosing 
fluorescent proteins. Nat. Methods 2, 905–909. 
doi:10.1038/NMETH819 
Shapiro, D.I., Glazer, I., Segal, D., 1997. Genetic diversity in wild and 
laboratory populations of Heterorhabditis bacteriophora as determined 
by RAPD-PCR analysis. Fundam. Appl. Nematol. 20, 581–585. 
Sharma, S., Waterfield, N., Bowen, D., Rocheleau, T., Holland, L., James, 
R., Ffrench-Constant, R., 2002. The lumicins: novel bacteriocins from 
Photorhabdus luminescens with similarity to the uropathogenic-
specific protein (USP) from uropathogenic Escherichia coli. FEMS 
Microbiol. Lett. 214, 241–249. doi:10.1111/j.1574-
6968.2002.tb11354.x 
Sheets, J.J., Hey, T.D., Fencil, K.J., Burton, S.L., Ni, W., Lang, A.E., Benz, 
R., Aktories, K., 2011. Insecticidal toxin complex proteins from 
Xenorhabdus nematophilus: structure and pore formation. J. Biol. 
Chem. 286, 22742–9. doi:10.1074/jbc.M111.227009 
Shevchuk, N. a, Bryksin, A. V, Nusinovich, Y. a, Cabello, F.C., Sutherland, 
M., Ladisch, S., 2004. Construction of long DNA molecules using long 
PCR-based fusion of several fragments simultaneously. Nucleic Acids 
Res. 32, e19. doi:10.1093/nar/gnh014 
Shrestha, S., Kim, Y., 2007. An entomopathogenic bacterium, Xenorhabdus 
nematophila, inhibits hemocyte phagocytosis of Spodoptera exigua by 
inhibiting phospholipase A(2). J. Invertebr. Pathol. 96, 64–70. 
doi:10.1016/j.jip.2007.02.009 
Sicard, M., Ferdy, J.-B., Pagès, S., Le Brun, N., Godelle, B., Boemare, N., 
Moulia, C., 2004. When mutualists are pathogens: an experimental 
study of the symbioses between Steinernema (entomopathogenic 
nematodes) and Xenorhabdus (bacteria). J. Evol. Biol. 17, 985–93. 
doi:10.1111/j.1420-9101.2004.00748.x 
Bibliography 
169 
Sicard, M., Le Brun, N., Pages, S., Godelle, B., Boemare, N., Moulia, C., 
2003. Effect of native Xenorhabdus on the fitness of their Steinernema 
hosts: contrasting types of interaction. Parasitol. Res. 91, 520–524. 
doi:10.1007/s00436-003-0998-z 
Singh, S., Orr, D., Divinagracia, E., McGraw, J., Dorff, K., Forst, S., 2014. 
The role of secondary metabolites in establishment of the mutualistic 
partnership between Xenorhabdus nematophila and the 
entomopathogenic nematode Steinernema carpocapsae. Appl. Environ. 
Microbiol. doi:10.1128/AEM.02650-14 
Smigielski, A.J., Akhurst, R.J., 1994. Megaplasmids in Xenorhabdus and 
Photorhabdus spp., bacterial symbionts of Entomopathogenic 
nematodes (Families Steirnernematidae and Heterorhabditidae). J. 
Invertebr. Pathol. 64, 214–220. doi:10.1016/S0022-2011(94)90225-9 
Smigielski, A.J., Akhurst, R.J., Boemaret, N.E., 1994. Phase Variation in 
Xenorhabdus nematophilus and Photorhabdus luminescens : 
Differences in Respiratory Activity and Membrane Energization. Appl. 
Environ. Microbiol. 60, 120–125. 
Snyder, H., Stock, S.P., Kim, S.-K., Flores-Lara, Y., Forst, S., 2007. New 
insights into the colonization and release processes of Xenorhabdus 
nematophila and the morphology and ultrastructure of the bacterial 
receptacle of its nematode host, Steinernema carpocapsae. Appl. 
Environ. Microbiol. 73, 5338–46. doi:10.1128/AEM.02947-06 
So, J.-S., Lim, H.T., Oh, E.-T., Heo, T.-R., Koh, S.-C., Leung, K.T., Lee, H., 
Trevors, J.T., 2002. Visualizing the infection process of Xanthomonas 
campestris in cabbage using green fluorescent protein. World J. 
Microbiol. Biotechnol. 18, 17–21. doi:10.1023/A:1013925428500 
Spanier, B., Starke, M., Higel, F., Scherer, S., Fuchs, T.M., 2010. Yersinia 
enterocolitica infection and tcaA-dependent killing of Caenorhabditis 
elegans. Appl. Environ. Microbiol. 76, 6277–85. 
doi:10.1128/AEM.01274-10 
Spiridonov, S.E., Reid, A.P., Podrucka, K., Subbotin, S.A., Moens, M., 
2004. Phylogenetic relationships within the genus Steinernema ( 
Nematoda : Rhabditida ) as inferred from analyses of sequences of the 
ITS1-5 . 8S-ITS2 region of rDNA and morphological features. 
Nematology 6, 547–566. 
Bibliography 
170 
Sprague, L.D., Neubauer, H., 2005. Yersinia aleksiciae sp. nov. Int. J. Syst. 
Evol. Microbiol. 55, 831–835. 
Sprague, L.D., Scholz, H.C., Amann, S., Busse, H.-J., Neubauer, H., 2008. 
Yersinia similis sp. nov. Int. J. Syst. Evol. Microbiol. 58, 952–8. 
doi:10.1099/ijs.0.65417-0 
Stapp, P., Antolin, M.F., Ball, M., 2004. Patterns of extinction in prairie dog 
metapopulations: plague outbreaks follow El Nino events. Front. Ecol. 
Environ. 2, 235–240. 
Stenseth, N.C., Atshabar, B.B., Begon, M., Belmain, S.R., Bertherat, E., 
Carniel, E., Gage, K.L., Leirs, H., Rahalison, L., 2008. Plague: past, 
present, and future. PLoS Med. 5, e3. 
Stock, P.S., Lee, M.-M., Flores-Lara, Y., 2012. The rectal glands of 
Heterorhabditis bacteriophora (Rhabditida: Heterorhabditidae) 
hermaphrodites and their role in symbiont transmission. J. Invertebr. 
Pathol. 110, 135–8. doi:10.1016/j.jip.2012.03.018 
Stock, S.P., Campbell, J.F., Nadler, S.A., 2001. Phylogeny of Steinernema 
Travassos, 1927 (Cephalobina: Steinernematidae) Inferred from 
Ribosomal DNA Sequences and Morphological Characters. J. 
Parasitol. 87, 877–889. 
Stock, S.P., Goodrich Blair, H., 2008. Entomopathogenic nematodes and 
their bacterial symbionts : The inside out of a mutualistic association. 
Symbiosis 46, 65–75. 
Straley, S.C., Bowmer, W.S., 1986. Virulence Genes Regulated at the 
Transcriptional Level by Ca2 " in Yersinia pestis Include Structural 
Genes for Outer Membrane Proteins. Infect. Immun. 51, 445–454. 
Strauch, O., Stoessel, S., Ehlers, R., 1994. Culture conditions define 
automictic or amphimictic reproduction in entomopathogenic rhabditid 
nematodes of the genus Heterorhabditis. Fundam. Appl. Nematol. 17, 
575–582. 
Styer, K.L., Hopkins, G.W., Bartra, S.S., Plano, G. V, Frothingham, R., 
Aballay, A., 2005. Yersinia pestis kills Caenorhabditis elegans by a 
biofilm-independent process that involves novel virulence factors. 
EMBO Rep. 6, 992–7. doi:10.1038/sj.embor.7400516 
Bibliography 
171 
Sulakvelidze, A., 2000. Yersiniae other than Y. enterocolitica, Y. 
pseudotuberculosis, and Y. pestis: the ignored species. Microbes Infect. 
2, 497–513. 
Sundar, L., Chang, F.N., 1992. The role of guanosine-3’,5'-bis-
pyrophosphate in mediating antimicrobial activity of the antibiotic 3,5-
dihydroxy-4-ethyl-trans-stilbene. Antimicrob. Agents Chemother. 36, 
2645–2651. doi:10.1128/AAC.36.12.2645 
Szalanski, A.L., Taylor, D.B., Mullin, P.G., 2000. Assessing Nuclear and 
Mitochondrial DNA Sequence Variation Within Steinernema 
(Rhabditida: Steinernematidae) 32, 229–233. 
Tailliez, P., Pagès, S., Ginibre, N., Boemare, N., 2006. New insight into 
diversity in the genus Xenorhabdus, including the description of ten 
novel species. Int. J. Syst. Evol. Microbiol. 56, 2805–18. 
doi:10.1099/ijs.0.64287-0 
Tambong, J.T., 2013. Phylogeny of bacteria isolated from Rhabditis sp. 
(Nematoda) and identification of novel entomopathogenic Serratia 
marcescens strains. Curr. Microbiol. 66, 138–44. doi:10.1007/s00284-
012-0250-0 
Tan, L., Darby, C., 2004. A Movable Surface : Formation of Yersinia sp . 
Biofilms on Motile Caenorhabditis elegans. J. Bacteriol. 186, 5087–
5092. doi:10.1128/JB.186.15.5087 
Tashiro, K., Kubokura, Y., Kato, Y., Kaneko, K., Ogawa, M., 1991. Survival 
of Yersinia enterocolitica in soil and water. J. Vet. Med. Sci. 53, 23–7. 
Taylor, M.J., Bandi, C., Hoerauf, A., 2005. Wolbachia bacterial 
endosymbionts of filarial nematodes. Adv. Parasitol. 60, 245–84. 
doi:10.1016/S0065-308X(05)60004-8 
Thaler, J.O., Baghdiguian, S., Boemare, N., 1995. Purification and 
characterization of xenorhabdicin, a phage tail-like bacteriocin, from 
the lysogenic strain F1 of Xenorhabdus nematophilus. Appl. Environ. 
Microbiol. 61, 2049–52. 
Thomas, G.M., Poinar, A.N.D.G., 1979. Xenorhabdus gen . nov ., a Genus 
of Entornopathogenic , Nematophilic Bacteria of the Family 
Enterobacteriaceae. Int. J. Syst. Bacteriol. 29, 352–360. 
Bibliography 
172 
Tipper, D.J., 1973. Inhibition of Yeast Ribonucleic Acid Polymerases by 
Thiolutin. J. Bacteriol. 116, 245–256. 
Tran, T.N.N., Signoli, M., Fozzati, L., Aboudharam, G., Raoult, D., 
Drancourt, M., 2011. High throughput, multiplexed pathogen detection 
authenticates plague waves in medieval Venice, Italy. PLoS One 6, 
e16735. doi:10.1371/journal.pone.0016735 
Vigneux, F., Zumbihl, R., Jubelin, G., Ribeiro, C., Poncet, J., Baghdiguian, 
S., Givaudan, A., Brehélin, M., 2007. The xaxAB genes encoding a new 
apoptotic toxin from the insect pathogen Xenorhabdus nematophila are 
present in plant and human pathogens. J. Biol. Chem. 282, 9571–9580. 
doi:10.1074/jbc.M604301200 
Visvesvara, G.S., Moura, H., Schuster, F.L., 2007. Pathogenic and 
opportunistic free-living amoebae: Acanthamoeba spp., Balamuthia 
mandrillaris, Naegleria fowleri, and Sappinia diploidea. FEMS 
Immunol. Med. Microbiol. 50, 1–26. doi:10.1111/j.1574-
695X.2007.00232.x 
Vivas, E.I., Goodrich-blair, H., 2001. Xenorhabdus nematophilus as a Model 
for Host-Bacterium Interactions : rpoS Is Necessary for Mutualism 
with Nematodes. J. Bacteriol. 183, 4687–4693. 
doi:10.1128/JB.183.16.4687 
Vizcaino, M.I., Guo, X., Crawford, J.M., 2014. Merging chemical ecology 
with bacterial genome mining for secondary metabolite discovery. J. 
Ind. Microbiol. Biotechnol. 41, 285–99. doi:10.1007/s10295-013-1356-
5 
Vlisidou, I., Eleftherianos, I., Dorus, S., Yang, G., ffrench-Constant, R.H., 
Reynolds, S.E., Waterfield, N.R., 2010. The KdpD/KdpE two-
component system of Photorhabdus asymbiotica promotes bacterial 
survival within M. sexta hemocytes. J. Invertebr. Pathol. 105, 352–62. 
doi:10.1016/j.jip.2010.09.020 
Volgyi, A., Fodor, A., Szentirmai, A., Forst, S., 1998. Phase Variation in 
Xenorhabdus nematophilus. Appl. Environ. Microbiol. 64, 1188–93. 
Wang, A., Lin, B., Sleep, B.E., Liss, S.N., 2011. The impact of biofilm 
growth on transport of Escherichia coli O157:H7 in sand. Ground 
Water 49, 20–31. doi:10.1111/j.1745-6584.2010.00690.x 
Bibliography 
173 
Wang, Y., Fang, X., An, F., Wang, G., Zhang, X., 2011. Improvement of 
antibiotic activity of Xenorhabdus bovienii by medium optimization 
using response surface methodology. Microb. Cell Fact. 10, 98. 
doi:10.1186/1475-2859-10-98 
Wang, Y., Gaugler, R., Cui, L., 1994. Variations in Immune Response of 
Popillia japonica and Acheta domesticus to Heterorhabditis 
bacteriophora and Steinernema Species. J. Nematol. 26, 11–18. 
Waterfield, N., Kamita, S.G., Hammock, B.D., Ffrench-Constant, R., 2005. 
The Photorhabdus Pir toxins are similar to a developmentally regulated 
insect protein but show no juvenile hormone esterase activity. FEMS 
Microbiol. Lett. 245, 47–52. doi:10.1016/j.femsle.2005.02.018 
Waterfield, N.R., Bowen, D.J., Fetherston, J.D., Perry, R.D., Richard, H., 
2001. The tc genes of Photorhabdus: a growing family. Trends 
Microbiol. 9, 185–191. 
Waterfield, N.R., Ciche, T., Clarke, D., 2009. Photorhabdus and a host of 
hosts. Annu. Rev. Microbiol. 63, 557–74. 
doi:10.1146/annurev.micro.091208.073507 
Waterfield, N.R., Hares, M., Hinchliffe, S., Wren, B.W., ffrench-Constant, 
R., 2007. The insect Toxin Complex of Yersinia. 
Waterfield, N.R., Sanchez-contreras, M., Eleftherianos, I., Dowling, A., 
Yang, G., Wilkinson, P., Parkhill, J., Thomson, N., Reynolds, S.E., 
Bode, H.B., Dorus, S., Ffrench-Constant, R.H., 2009. Rapid Virulence 
Annotation (RVA): Identification of virulence factors using a bacterial 
genome library and multiple invertebrate hosts. PNAS 106, 6–12. 
Watson, R.J., Joyce, S. a, Spencer, G. V, Clarke, D.J., 2005. The exbD gene 
of Photorhabdus temperata is required for full virulence in insects and 
symbiosis with the nematode Heterorhabditis. Mol. Microbiol. 56, 
763–73. doi:10.1111/j.1365-2958.2005.04574.x 
Watson, R.J., Millichap, P., Joyce, S. a, Reynolds, S., Clarke, D.J., 2010. 
The role of iron uptake in pathogenicity and symbiosis in Photorhabdus 
luminescens TT01. BMC Microbiol. 10, 177. doi:10.1186/1471-2180-
10-177 
Webster, J.M., Chen, G., Hu, K., Li, J., 2002. Bacterial Metabolites, in: 
Gaugler, R. (Ed.), Entomopathogenic Nematology. CABI Publishing, 
pp. 99–114. 
Bibliography 
174 
Welch, T.J., Verner-Jeffreys, D.W., Dalsgaard, I., Wiklund, T., Evenhuis, 
J.P., Cabrera, J.A.G., Hinshaw, J.M., Drennan, J.D., LaPatra, S.E., 
2011. Independent emergence of Yersinia ruckeri biotype 2 in the 
United States and Europe. Appl. Environ. Microbiol. 77, 3493–9. 
Welford, M., Bossak, B., 2010. Body Lice, Yersinia pestis Orientalis, and 
Black Death. Emerg. Infect. Dis. 16, 455–470. doi:10.2307/204499 
Wenren, L.M., Sullivan, N.L., Cardarelli, L., Septer, A.N., Gibbs, K. a., 
2013. Two independent pathways for self-recognition in Proteus 
mirabilis are linked by type VI-dependent export. MBio 4, 1–10. 
Wilkinson, P., Waterfield, N.R., Crossman, L., Corton, C., Sanchez-
Contreras, M., Vlisidou, I., Barron, A., Bignell, A., Clark, L., Ormond, 
D., Mayho, M., Bason, N., Smith, F., Simmonds, M., Churcher, C., 
Harris, D., Thompson, N.R., Quail, M., Parkhill, J., Ffrench-Constant, 
R.H., 2009. Comparative genomics of the emerging human pathogen 
Photorhabdus asymbiotica with the insect pathogen Photorhabdus 
luminescens. BMC Genomics 10, 302. doi:10.1186/1471-2164-10-302 
Wilson, M., Ivanova, E., 2004. Neutral density liquid formulations for 
nematode-based biopesticides. Biotechnol. Lett. 26, 1167–71. 
doi:10.1023/B:BILE.0000035492.25214.3b 
Wouts, W.M., 1981. Mass Production of the Entomogenous Nematode 
Heterorhabditis heliothidis (Nematoda: Heterorhabditidae) on Artificial 
Media. J. Nematol. 13, 467–9. 
Wren, B.W., 2003. The Yersiniae — A Model Genus to Study the Rapid 
Evolution of Bacterial Pathogens. Nat. Rev. Microbiol. 1, 55–64. 
doi:10.1038/nrmicro730 
Yadav, A.K., Lalramliana, 2012. Evaluation of the efficacy of three 
indigenous strains of entomopathogenic nematodes from Meghalaya, 
India against mustard sawfly, Athalia lugens proxima Klug 
(Hymenoptera: Tenthredinidae). J. Parasit. Dis. Off. organ Indian Soc. 
Parasitol. 36, 175–80. doi:10.1007/s12639-012-0099-y 
Yang, G., Dowling, A.J., Gerike, U., Waterfield, N.R., 2006. Photorhabdus 
Virulence Cassettes Confer Injectable Insecticidal Activity against the 
Wax Moth. J. Bacteriol. 188, 2254–2261. doi:10.1128/JB.188.6.2254 
Yang, J., Zeng, H.-M., Lin, H.-F., Yang, X.-F., Liu, Z., Guo, L.-H., Yuan, J.-
J., Qiu, D.-W., 2012. An insecticidal protein from Xenorhabdus 
Bibliography 
175 
budapestensis that results in prophenoloxidase activation in the wax 
moth, Galleria mellonella. J. Invertebr. Pathol. 110, 60–7. 
doi:10.1016/j.jip.2012.02.006 
Young, B.M., Young, G.M., 2002. YplA Is Exported by the Ysc , Ysa , and 
Flagellar Type III Secretion Systems of Yersinia enterocolitica 184, 
1324–1334. doi:10.1128/JB.184.5.1324 
Young, G.M., Schmiel, D.H., Miller, V.L., 1999. A new pathway for the 
secretion of virulence factors by bacteria: the flagellar export apparatus 
functions as a protein-secretion system. Proc. Natl. Acad. Sci. U. S. A. 
96, 6456–61. 
Zadernowska, A., Chajęcka-Wierzchowska, W., Łaniewska-Trokenheim, Ł., 
2013. Yersinia enterocolitica : A Dangerous, But Often Ignored, 
Foodborne Pathogen. Food Rev. Int. 30, 53–70. 
Zhang, C., Liu, J., Xu, M., Sun, J., Yang, S., An, X., Gao, G., Lin, M., Lai, 
R., He, Z., Wu, Y., Zhang, K., 2008. Heterorhabditidoides 
chongmingensis gen. nov., sp. nov. (Rhabditida: Rhabditidae), a novel 
member of the entomopathogenic nematodes. J. Invertebr. Pathol. 98, 
153–68. doi:10.1016/j.jip.2008.02.011 
Zhang, C., Yang, S.-Y., Xu, M.-X., Sun, J., Liu, H., Liu, J.-R., Liu, H., Kan, 
F., Sun, J., Lai, R., Zhang, K.-Y., 2009. Serratia nematodiphila sp. 
nov., symbiotically associated with entomopathogenic nematode 
Heterorhabditidoides chongmingensis (Rhabditida: Rhabditidae). Int. J. 
Syst. Evol. Microbiol. 1603–1608. doi:10.1099/ijs.0.003871-0 
Zhang, X., Hu, X., Li, Y., Ding, X., Yang, Q., Sun, Y., Yu, Z., Xia, L., Hu, 
S., 2014. XaxAB-like binary toxin from Photorhabdus luminescens 
exhibits both insecticidal activity and cytotoxicity. FEMS Microbiol. 
Lett. 350, 48–56. doi:10.1111/1574-6968.12321 
Zhao, X., Shen, W., Ben, P., Kong, Y., Cao, H., Cui, Z., 2011. A loop-
controlled rrnB P1 promoter for high-level expression of heterologous 
proteins in Escherichia coli. Biotechnol. Lett. 33, 327–32. 
doi:10.1007/s10529-010-0426-2 
Zhou, Q., Grundmann, F., Kaiser, M., Schiell, M., Gaudriault, S., Batzer, A., 
Kurz, M., Bode, H.B., 2013. Structure and Biosynthesis of 
Xenoamicins from Entomopathogenic Xenorhabdus. Chem. Eur. J. 19, 
16772–16779. doi:10.1002/chem.201302481 
Bibliography 
176 
Zograf, J.K., Bert, W., Borgonie, G., 2008. The structure of the female 
reproductive system of nematodes from the genus Steinernema ( 
Rhabditida : Steinernematidae ). Nematology 10, 883–896. 
Zureck, L., Schal, C., Watson, D.W., 2000. Diversity and Contribution of the 
Intestinal Bacterial Community to the Development of Musca 
domestica (Diptera: Muscidae) Larvae. J. Med. Entomol. 37, 924–928. 
Zurek, L., Denning, S.S., Schal, C., Watson, D.W., 2001. Vector 
Competence of Musca domestica (Diptera: Muscidae) for Yersinia 
pseudotuberculosis. J. Med. Entomol. 38, 333–335. 
Zurek, L., Schal, C., Watson, D.W., 2000. Diversity and Contribution of the 
Intestinal Bacterial Community to the Development of Musca 
domestica (Diptera: Muscidae) Larvae. J. Med. Entomol. 37, 924–928. 
 177 
Acknowledgments 
Une fabuleuse épopée, une grande aventure, un long périple… 
Toutes ces expressions révèlent à juste titre une certaine longueur liée 
à la notion d’endurance indispensable pour boucler une thèse de 
doctorat. En fait, la thèse, c’est un peu comme courir le marathon. On 
s’inscrit, on reçoit un dossard, ce fumeux statut d’étudiant-employé, et 
on découvre le parcours, ce fameux planning des quatre ans de thèse. 
Après le coup de feu, on s’élance et comme les kilomètres, les années 
défilent balisées par les rapports d’activités et la confirmation à mi-
parcours. Le chemin est long et l’on s’aperçoit que le parcours recèle 
bien des surprises ! Heureusement, il y a les points de ravitaillement et 
le public qui redonnent des forces et du courage. Il y a toute une 
extraordinaire équipe derrière vous pour vous pousser, à vos côtés 
pour vous épauler et devant vous pour vous éclairer. Et finalement, la 
ligne d’arrivée est en vue ! Et c’est submergé par une intense émotion 
qui traduit viscéralement la joie et la fierté du challenge accompli, que 
l’on enjambe finalement cette fameuse ligne blanche ! Et voilà que le 
marathon de la thèse s’achève pour moi avec ces dernières lignes. Une 
formidable occasion qui m’est offerte de pouvoir proclamer les autres 
vainqueurs de cette course inoubliable en leur exprimant toute ma 
gratitude pour m’avoir permis de mener à bien cet incroyable voyage. 
Je tiens donc à remercier mes promoteurs. Merci Pierre de 
m’avoir fait monter à bord du projet peste et de vivre cette 
merveilleuse expérience ! Merci de m’avoir continuellement soutenu, 
depuis la défense FRIA jusqu’à la défense publique. Tous tes judicieux 
conseils, tes remarques constructives, tes nombreuses suggestions et 
réflexions m’ont remis en selle et confortés dans les moments de doutes 
et de perditions. Grâce à ta disponibilité sans faille, tu m’as donné tous 
Acknowledgments 
178 
les outils pour surmonter les obstacles qui se sont inévitablement 
dressés tout le long de mon parcours de doctorant. Je voulais 
également te remercier pour la constante supervision que tu m’as 
offerte qui ne s’est pas un seul instant muée en un despotique contrôle 
de mes recherches. Tu m’as laissé une large latitude de mouvements 
me permettant de m’épanouir pleinement dans le monde de la 
recherche. Merci d’avoir sempiternellement soutenu mes candidatures 
pour des congrès, symposiums et autres conférences qui m’ont permis 
d’internationaliser mon travail et de rencontrer les bonnes personnes 
qui se sont révélées être d’excellentes références pour améliorer mes 
modestes compétences en nématologie. Pour avoir rendu tout cela 
possible, pour avoir été l’un des premiers contributeurs de ma réussite, 
merci ! 
Un grand merci également à mon autre promoteur, Henri 
Batoko. Vous avez accepté presque les yeux fermés d’encadrer 
également ma thèse et de lui donner la composante académique qu’elle 
requerrait. Quand bien même vous auriez eu les yeux grands ouverts, 
vous ne m’auriez pas beaucoup plus vu pour autant. Et c’est 
précisément pour cela que je voulais vous remercier. Malgré 
l’éloignement entre mon sujet de thèse et vos activités de recherches, 
malgré mon absence dans votre laboratoire, vous êtes toujours resté 
disponible lorsque je me tournais vers vous. Que ce soit dans les 
obscurs méandres administratifs, pour ma formation à la microscopie 
confocale ou encore pour soutenir mes participations à des congrès à 
l’étranger, vous avez toujours répondu présent, n’hésitant pas à me 
consacrer une bonne partie de votre temps. Votre avis extérieur et 
votre profonde connaissance du déroulement d’une thèse à l’ISV m’ont 
permis de poser des jalons sûrs tout au long du chemin qui m’a mené 
jusqu’ici. Pour tout cela merci ! 
Acknowledgments 
179 
Un grand merci tout particulier à la personne qui m’a lancé sur 
la piste des nématodes en me léguant tout ce qu’elle savait. Merci Anne 
de m’avoir tant appris sur un sujet qui m’était totalement inconnu lors 
de notre première rencontre. Merci d’être restée disponible, de m’avoir 
encouragé et soutenu, d’avoir constamment demandé des nouvelles. 
Malgré ton emploi du temps bien rempli, tu as toujours su trouver du 
temps pour m’aider, me conseiller, me corriger entre deux expéditions 
dans la brousse congolaise, entre deux avions, entre deux continents. 
Mille fois merci de m’avoir fait entrer dans le monde des 
nématologistes en me présentant à Patrick et Solveig notamment. 
Solveig who I’d like to thank also for the nice talks and scientific 
exchanges that we had besides the numerous emails, in Buenos Aires, 
in Adana and in Cape Town. During these conferences you introduced 
me to EPNs experts such as Nick Waterfield or Ralf Ehlers from whom 
I learned a lot. You made me more confident with EPNs by supporting 
and encouraging me all these past four years. For giving me all these 
amazing opportunities thank you ! Je voudrais également remercier 
Patrick Tailliez pour notre enrichissante collaboration. Merci beaucoup 
pour vos sages conseils et votre soutien. Je vous souhaite le meilleur 
pour la suite de votre carrière. 
Je remercie également tous les membres de mon comité 
d’accompagnement qui ont excellemment joué leur rôle de reviewers 
durant ces quatre années de thèse. Merci pour vos conseils, vos 
encouragements et vos judicieuses remarques. 
Je remercie le Fond pour la formation à la Recherche dans 
l’Industrie et dans l’Agriculture (FRIA) pour avoir financé ma thèse 
ainsi qu’une partie de mes voyages à l’étranger. Merci au CERVA et à 
Acknowledgments 
180 
l’ISV de même qu’à la « European Society of Nematologists » (ESN) 
d’avoir financé l’autre partie. 
Je remercie également le CERVA de m’avoir accueilli, en tant 
qu’électron libre, parmi ses collaborateurs. Ce fût une formidable et 
inoubliable expérience rendue fort joviale grâce à cette 
enthousiasmante ambiance que j’ai tant savourée dès mes premiers pas 
au sein du centre en février 2010 et jusqu’à l’aboutissement de ma 
thèse. Merci pour ces bons moments de rires, de collaborations et pour 
toutes ces nouvelles amitiés ! Merci donc à tous mes compagnons des 
Tchat-café et perudos, Jessica, Sarah, ma bonne Lady, Matthieu, 
Françoise, Alexandre, Laurent, Saïda, Zaïnab et tous les autres qui se 
reconnaitront afin de m’éviter l’exercice périlleux de leur 
énumération ! Un tout grand merci au dispatching et plus 
particulièrement à Martine, Isabelle, Rose, Marie-Jeanne, Jean et Hugo 
pour avoir veiller à ma sustentation quotidienne lors des temps de 
midi. Je ne pourrais décemment pas oublier Nadine et Michelle pour 
leur aide pour harmoniser le statut un peu particulier que j’avais au 
CERVA. Il est bien évident que je ne saurais dissocier mon passage au 
CERVA de l’incroyable équipe du bâtiment A ! Merci pour à tous pour 
cette ambiance de travail chaleureuse et guillerette ! Merci Hein, 
Patrick, David et les deux Marc pour l’intérêt que vous avez porté à 
mon travail, pour nos belles discussions scientifiques ou autres. Il me 
semble bien qu’à un moment ou à un autre j’ai dû demander conseil à 
chaque membre de cette truculente équipe du bâtiment A! Ainsi mille 
mercis à Philippe, Patrick, Christelle, Martine, Damien, Sylvie, Daniel, 
Danielle, Heidi, Valérie et Vicky. Je remercie particulièrement Mieke 
pour son aide précieuse qu’elle a fournie à maintes reprises et qui a 
permis de débloquer des situations qui semblaient désespérées ! 
Acknowledgments 
181 
Et puis bien évidemment il y a toutes celles et ceux qui sont 
devenus plus que des collègues et que je continue à voir malgré mon 
congé du CERVA. Merci à Cécile et Samira avec qui j’ai eu l’immense 
chance, honneur et plaisir de partager le bureau. Merci pour toutes ces 
discussions, ces écoutes et ces compréhensions dans les moments de 
doutes comme dans les triomphes ! Entre galériens, on se comprend ! 
Merci d’avoir débroussaillé le chemin obscur et effrayant de la 
rédaction. Merci pour vos conseils et vos exemples. Et merci Cécile 
pour le fabuleux canva qui m’a permis de maudire Word un millier de 
fois seulement ! Merci aux autres anciens marathoniens du CERVA, 
Stéphanie, Kathy, Florence et Wannes qui sont également autant 
d’exemples de réussite ! Merci et courage à celles qui courent encore, 
Luisa, Lucille, Irene, Tinne et Laura. Merci à vous, de même qu’à 
Raïssa et Elena, Léna et Déborah, pour toutes ces sympathiques 
conversations, ces chocolats, ces titres de super-héros, ces découvertes 
culinaires, ces alternatives capillaires et ces belles tranches d’hilarité 
remplies de joyeuses émotions au travail comme en sorties ou à la 
maison. Comme le disait une autre grande dame : « Pourvu que ça 
dure ! ». Vient maintenant le tour du duo de gais lurons, des farceurs 
sans peurs et sans reproches (quoique…), des champions olympiques 
des zygomatiques ! J’ai mis un certain temps à abattre mes cartes, j’ai 
été la pauvre victime de leurs machiavéliques machinations qui m’ont 
entre autre gratifié du titre de Miss CODA, mais j’ai finalement bien 
vite intégré cette fameuse bande et ainsi pu promouvoir notamment 
les talents cachés de notre très cher Hugo !  Merci Andy, merci Mic 
pour tous ces moments intenses, tous ces moments qui ne peuvent 
décemment être décrits ni avec les mots de Robert, ni avec ceux de 
Larousse et encore moins avec ceux de notre ami Piet ! 
Acknowledgments 
182 
La bonhommie était aussi de mise à l’UCL lors de mes passages 
furtifs. Merci Dany, Marie-Christine et Marie-Christine pour votre aide 
lors de mes nombreux séquençages et vos chaleureux accueils ! Merci 
Mounaim pour les cours de microscopie confocale et tes conseils afin 
d’améliorer mes clichés! Merci Gwen pour la formation à la phylogénie 
dans R ! Merci François pour l’intérêt que tu as porté à mes résultats, 
même si leur application dans tes recherches n’aura finalement pas 
réellement porté les fruits escomptés. 
Je voudrais également remercier tous les stagiaires que j’ai eu 
le plaisir d’encadrer. Merci à vous toutes et tous pour votre 
remarquable contribution à mon projet de thèse. Un tout grand merci 
donc à Michaël Junior et ses solutions M, Alexandra, Jordane, Lamia et 
Annelise. Bon vent à vous ! 
Je remercie aussi ma famille, mes colocataires et amis qui sans 
forcément toujours comprendre les tenants et les aboutissants de mes 
élucubrations doctorales, auront été à chaque instant présents et 
auront finalement cerné l’essentiel: mes moments de détresses et de 
joies. Un grand merci particulier à Papa, Maman, Sarah, Noémie et 
Damien pour avoir accepté et supporté les nombreuses invitations 
intempestives des nématodes lors des repas de famille ! Merci mon bon 
King Julian, encore un autre formidable marathonien, pour toutes ces 
charmantes soirées à discuter de nos soucis de thèse 
mutuels, accompagnées d’un remontant salvateur afin d’apaiser les 
vilaines tensions de la semaine! Merci Toutouille d’avoir assuré une 
bonne part de mes responsabilités dans la préparation du 10ième BTBBS. 
En sus de ton propre travail, tu auras assumé la majeure partie de 
l’organisation me permettant ainsi de me focaliser sur ma rédaction. 
Acknowledgments 
183 
Merci donc pour ton soutien, ta patience et ton courage! Merci An-So ! 
Merci Emilie ! Merci Auré ! Merci Seb ! Et Merci Popot ! 
Σ’ευχαριστώ πολύ Καίτη για τις ακόλουθες γραµµές. Το 
βέλγικο νόστιµο δώρο σου καταφθάνει !  
Και τέλος-αλλά όχι τελευταία- θα ήθελα να ευχαριστήσω 
την Ιωάννα µου χωρίς την οποία δε θα είχα καταφέρει όλα αυτά. 
Σ΄ευχαριστώ για την υποστήρηξη και την υποµονή σου  όταν 
θύµωνα και έβαζα τίς φωνές και όταν ήµουν πολλές φορές στις 
µαύρες µου. Σ΄ευχαριστώ που ήσουν στο πλευρό µου όταν είχα 
αµφιβολίες. Χάρη σε σένα κατόρθωνα και  ξεπερνούσα την κόπωση 
και τη υπερένταση πολλές φορές.  Μου έδειξες τον τρόπο να 
διαχειριστώ τα προβλήµατά µου στο γράψιµο και να υπερνικήσω 
όλες αυτές τις δυσκολίες για το διδακτορικό µου κι έτσι έφτασα στο 
σηµείο που βρίσκοµαι τώρα.  Και όλα αυτά τα κατάφερες ενώ και 
εσύ η ίδια ξεκινούσες το δικό σου διδακτορικό µε τις δικές σου 
δυσκολίες. Σ΄ευχαριστώ πολύ, γλυκειά µου, και δε βλέπω την ώρα 
να µπορέσω να σου το ανταποδώσω. 
 
 
 184 
 
Appendix I:  Scientific communication 
Publications 
Published paper 
Gengler, S., Laudisoit, A., Batoko, H., Wattiau, P., 2015. Long-Term 
Persistence of Yersinia pseudotuberculosis in Entomopathogenic 
Nematodes. PLoS One 10(1), e0116818. 
Gengler, S., Batoko, H. and Wattiau, P., 2015. Method for fluorescent 
marker swapping and its application in Steinernema nematode 
colonization studies. Journal of Microbiological Methods 113, pp. 34-
37 
In preparation papers 
1. Tailliez, P., Pagès, S., Ginibre, N., Ogier, J.-C., Gengler, S., 
Haukeland, S., Wattiau, P., Laudisoit, A. Description of 
Xenorhabdus pwaniensis sp. nov., the symbiotic bacterium 
associated with a new Steinernema species isolated in 
Tanzania. In preparation. 
2. Haukeland, S., Kora-Elborai, Malan, A., Mwaitulo, S.,   
Laudisoit, A., Gengler, S., Tailliez, P. F., S. Hauser, S., Kanga, 
B., Kimenju, J., Manrakhan, A., Samuel, A., and Coyne, D. A 
first review on the status of Entomopathogenic Nematodes 
(Steinernematidae, Heterorhabditidae) in Africa. In preparation. 
Oral presentations 
1. Gengler, S., Laudisoit, A. and Wattiau, P., Entomopathogenic 
nematodes as disseminating agent for Yersinia 
pseudotuberculosis: A Matryoshka doll model. International 
Congress on Invertebrate Pathology and Microbial Control 
Appendix I 
185 
45th Annual Meeting of the Society for Invertebrate Pathology 
August 5-9, 2012, Buenos Aires, Argentina. 
2. Gengler, S., Laudisoit, A. and Wattiau, P., Entomopathogenic 
nematodes as disseminating agent for Yersinia 
pseudotuberculosis: A laboratory model. 31st International 
Symposium of European Society of Nematologists, September 
23-27, 2012, Adana, Turkey. (ESN Grant) 
3. Gengler, S., Laudisoit, A. and Wattiau, P., Steinernema-
Xenorhabdus symbiosis and Yersinia pseudotuberculosis: Brothers 
in arm or hacking system? 6th International Congress of 
Nematology, May 5-9, 2014, Cap Town, South Africa. 
Poster presentations 
1. Laudisoit, A., Gengler, S., Haukeland, S., Mast, J., Wattiau, P. 
Yersinia pseudotuberculosis can intrude the parasitic life cycle 
of entomopathogenic nematodes. 13th annual conference of the 
Belgian Society of Microbiology, November 18-19, 2010, 
Brussels, Belgium. (Second best poster award) 
2. Gengler, S., Laudisoit, A. and Wattiau, P. Entomopathogenic 
nematodes as disseminating agent for Yersinia 
pseudotuberculosis: a laboratory model. 4th symposium of the 
Belgian Wildlife Disease Society, October 7, 2011, Brussels, 
Belgium. (Second best poster award) 
3. Gengler, S., Laudisoit, A. and Wattiau, P. Entomopathogenic 
nematodes as disseminating agent for Yersinia 
pseudotuberculosis. 14th annual conference of the Belgian Society 
of Microbiology, November 16, 2011, Brussels, Belgium. 
 
 
 186 
 
Appendix II: Description of 
Xenorhabdus pwaniensis sp. nov., the 
symbiotic bacterium associated with a 
new Steinernema species isolated in 
Tanzania 
This work has been submitted as a taxonomic note but required 
the description of the associated Tanzanian Steinernema host to be 
published. The Steinernema description is ongoing in the Dr. Vladimir 
Puza lab (Institute of Entomology, Czech Republic).  
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1. Summary  
The symbiotic bacterium (TZ01T) was isolated from a new 
species of insect-pathogenic nematode of the genus Steinernema. On the 
basis of 16S rRNA gene sequence similarity, this bacterial isolate was 
shown to belong to the genus Xenorhabdus in agreement with the genus 
of its nematode-host. The accurate phylogenetic position of this new 
isolate was defined using a multigene approach and showed that 
isolate TZ01T shares a common ancestor with X. griffiniae ID10T and X. 
ehlersii DSMZ16337T, the symbiotic bacteria associated with 
Steinernema hermaphroditum and Steinernema longicaudum, respectively. 
The nucleotide identity (less than 96.3%) between TZ01T, X. griffiniae 
ID10T and X. ehlersii DSMZ16337T calculated on the concatenated 
sequences of five gene fragments encompassing 4294 nucleotides, 
several phenotypic characters and fatty acids profiles between these 
three bacterial species allowed genetic and phenotypic differentiation 
of isolate TZ01T from its two closely related species. TZ01 T was shown 
to be highly pathogenic for Galleria mellonella (Linnaeus, 1758) and 
Spodotera littoralis (Boisduval, 1833). TZ01T therefore represents a new 
species of entomopathogenic bacteria, for which the name Xenorhabdus 
pwaniensis sp. nov. is proposed, with the type strain DSM25309T 
(=CIP110340T). 
2. Introduction 
Bacteria of the genus Xenorhabdus (Thomas & Poinar, 1979) are 
symbiotically associated with insect-pathogenic nematodes of the 
genus Steinernema (Travassos, 1927). The bacterial symbionts have 
been shown to be highly pathogenic for insects and to contribute 
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efficiently to the development of their nematode host during the 
parasitism of insects. Until now, 22 Xenorhabdus species have been 
described (Akhurst & Boemare, 1988; Nishimura et al., 1994; Lengyel et 
al., 2005; Somvanshi et al., 2006; Tailliez et al., 2006, 2010 and 2011), 
some of them have been shown to be associated with several 
Steinernema species (Tailliez et al., 2010). Amongst the 70 Steinernema 
species described to date, five of them were isolated from the African 
continent such as Steinernema karii from Kenya (Waturu et al., 1997), 
Steinernema yirgalemense (Nguyen et al., 2004) and a new Steinernema 
species (S. ethiopiense sp. n., Tamiru et al., unpublished) from Ethiopia, 
Steinernema citrae (Malan et al., 2011) and Steinernema khoisanae 
(Nguyen et al., 2006) from South Africa. S. karii was found to be 
associated with Xenorhabdus hominickii (Tailliez et al., 2006) while for S. 
yirgalemense, "S. ethiopiense sp. n." and S. citrae, their bacterial 
symbionts are not yet characterized. S. khoisanae was found to be 
associated with an undescribed Xenorhabdus species which isolate was 
named SF87 (accession n° HQ142625 for the 16S rRNA gene sequence). 
We described herein the symbiotic bacteria of the genus Xenorhabdus 
associated with a new undescribed Steinernema species isolated in 
Tanzania (Mwaitulo et al., 2011). This new species is phylogenetically 
related to Steinernema karii and “Steinernema ethiopiense”. 
3. Material & Methods 
The nematode was extracted from soil by the Galleria baiting 
method (Bedding & Akhurst, 1975) in the region of Pwani situated 
along the coast, in Eastern Tanzania. Nematode genomic DNA was 
extracted from infective juveniles (IJs). IJs were placed in Eppendorf 
tubes at -80 °C for 30 min and then incubated at 65 °C for 15 min. The 
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pellets of IJs were then collected after centrifugation (13 000 g for 10 
min), resuspended in 180 µl of lysis buffer included in the 
NucleoSpin®Tissue kit (Macherey-Nagel, Germany) supplemented 
with 25 µl of proteinase K (23 µg µl-1) and incubated at 56 °C for at least 
3 h to achieve cell lysis. DNA purification was then performed in 
accordance to the manufacturer's recommendations. A  ̴850-bps 
fragment corresponding to the Internal Transcribed Spacer region 
(ITS) of the ribosomal DNA was amplified in a 50-µl reaction solution 
containing the Taq polymerase according to the manufacturer's 
protocol (Invitrogen, France). The amplification primers were ITS-
forw: 5'-GGACTGAGCTGTTTCGAGA-3' targeted the 3'-terminus of 
the small subunit (SSU) rDNA and ITS-rev: 5'-
TACTGATATGCTTAAGTTCAGCG-3' targeted the 5'-terminus of the 
large subunit (LSU) rDNA. PCR was carried out in a Bio-Rad 
thermocycler (Bio-Rad, France) programmed for 30 cycles of 
amplification: after an initial 4 min denaturation step at 94°C, each 
cycle consisted of 30 s at 94 °C, 30 s at 52 °C, and 90 s at 72 °C, followed 
by a last step at 72 °C for 5 min. Amplification of the LSU rDNA that 
included the D2 and D3 domains was performed as described 
previously (Stock et al., 2001). PCR fragments were controlled by 
electrophoresis in agarose gel (1 % agarose in 1X TAE buffer) to 
confirm size and yield. DNA fragments were then purified using a 
high purity purification kit (Roche Diagnostic, France) and sequenced 
by the sequencing service of MWG (Eurofins MWG Operon, Germany) 
using the primers listed above and those described by Stock et al. (2001) 
as sequencing primers. Xenorhabdus cells were obtained from the 
infective stages of the nematode by the hanging-drop technique 
(Poinar, 1966) and isolated by plating on nutrient agar supplemented 
with 0.004 % (w/v) triphenyltetrazolium chloride and 0.0025 % (w/v) 
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bromothymol blue (NBTA medium) at 28°C (Akhurst, 1980) for 48h. 
The bacterial isolate named TZ01 was examined for the main 
phenotypic characteristics of the genus Xenorhabdus using the methods 
of Boemare & Akhurst (1988) and was stored at -80 °C in LB broth 
containing 15 % glycerol (v/v). Fatty acid analyses were carried out by 
the Identification Service of the DSMZ (Braunschweig, Germany) 
using an Agilent 6890N gas chromatograph and version 6.1 of the 
MIDI Inc Sherlock MIS software. The method of preparation of the 
samples is the standard method described in MIDI "Technical Note 
101" (http://www.midi-inc.com/pdf/MIS_Technote_101.pdf). Bacteria 
were grown on trypticase soy broth agar (TSBA) at 28 °C for 24 h. The 
fatty acid data were analyzed using Partial Least Square Discriminate 
Analysis (PLS-DA) included in the SIMCA-P software, version 10.0.4 
(Umetrics AB, Umea, Sweden) where the percentages of each fatty acid 
were considered as variables X and the classification of each isolate in 
one species was considered as variable Y, so that PLS-DA finds the 
relationship which characterized the composition of fatty acids of 
isolates belonging to a determined species compared to the others. 
Three independent replicates were obtained for TZ01T and ID10T, and 
only one replicate was obtained for each of the five X. ehlersii strains 
included in this study. Bacterial DNA extraction, gene fragment 
amplification and sequencing were as previously described (Tailliez et 
al., 2006, 2011). The phylogenetic analysis of isolate TZ01T was based 
on a multigene approach (Tailliez et al., 2011) including five 
universally conserved protein-coding sequences (recA, gyrB, dnaN, 
gltX and infB) using PAUP software (Swofford, 2003) for distance and 
parsimony trees and PhyML (Guindon & Gascuel, 2003) for maximum 
likelihood trees. Phylogenetic trees were calculated on individual gene 
sequences, on concatenated sequences (5 gene sequences for the 
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bacteria and LSU fragment + ITS for nematodes) using the 
"concatenate" function included in the multiplatform graphical user 
interface Seaview (Gouy et al., 2010). The 16S rRNA gene sequences 
were also used for the classification of the new bacterial isolate and for 
comparison with previous analysis including representatives of 
already described (Tailliez et al., 2010) and putative new Xenorhabdus 
species (Isolates SF87, Mecklenburg and CR9). The percent nucleotide 
identity between DNA pair of sequences was obtained using the 
FASTA package (Pearson, 1990). Sawyer's test for detecting 
recombination intervals based on the detection of shared patterns of 
polymorphisms (Sawyer, 1989) was performed with the computer 
program GENCONV (http://www.math.wustl.edu/~sawyer). 
Synonymous and non-synonymous substitutions between pair of 
sequences was calculated using the codon-based test and the Fisher's 
exact test of neutrality implemented in Mega 5.05 (Tamura et al., 2011). 
In vivo pathogenicity assays were performed as previously described 
(Givaudan & Lanois, 2000; Sicard et al., 2006). Galleria mellonella 
(Linnaeus, 1758) was reared in the dark in aired plastic boxes at 28 °C, 
65 % relative humidity, on a diet composed of beeswax (36 g kg-1), 
brewer's yeast (72 g kg-1), honey (180 g kg-1), glycerin (230 g kg-1) and 
wheat flour (480 g kg-1). The cutworm Spodoptera littoralis (Boisduval, 
1833) was reared with a photoperiod of 12 h on an artificial diet at 23 
°C (Poitout & Bues, 1970). Last instar of the wax moth G. mellonella and 
fourth-instar of the cutworm S. littoralis were surface sterilized with 70 
% (v/v) ethanol prior to intrahemocoelic injection of Xenorhabdus cells 
or Escherichia coli cells for control. Twenty larvae of each insect were 
injected with 20 µl of bacterial solution containing 102 (for G. mellonella) 
and 103 (for S. littoralis) bacterial cells. Treated larvae were individually 
incubated for up to 96h and the time to death was recorded. 
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4. Results 
4.1. Phylogenetic position of Steinernema sp., strain S3, 
nematode host of the symbiotic bacterial isolate TZ01T.  
Several markers (nuclear sequences corresponding to ITS, LSU 
and small subunit rDNA fragments, and mitochondrial sequences 
corresponding to cytochrome oxydase I and 12S ribosomal DNA 
fragments) were used to study the phylogeny of the genus Steinernema 
(Stock et al., 2001, Spiridonov et al., 2004, Nadler et al., 2006). Among 
them, ITS and LSU rDNA gene sequences are the most widely used 
(e.g. in a recent new Steinernema species description by Qiu et al., 2011). 
Using the LSU and the ITS rDNA sequences available in GenBank, we 
firstly determined the phylogenetic position of strain S3 within the 
clade V "arenarium-glaseri-karii-longicaudum" (Stock et al., 2001; 
Spiridonov et al., 2004). Then, the LSU and the ITS rDNA sequences 
available for strains belonging to each representative species of this 
Steinernema group were concatenated. Thus, we showed that nematode 
strain S3 shares a common ancestor with S. karii and S. ethiopiense 
(Figure 19) forming a group of phylogenetic related species isolated 
from Africa. 
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Figure 19: Maximum likelihood phylogenetic tree of the "arenarium-glaseri-karii-
longicaudum" clade including Steinernema sp. strain S3.  
The analysis was based on the concatenated LSU gene and ITS rDNA sequences. 
Sequences were aligned using MUSCLE 3.7 (Edgar, 2004) implemented in the 
"Phylogeny.fr" plateform (Dereeper et al., 2008). Gaps were excluded. Substitution 
model was GTR with gamma distributed rates and invariant sites. The sequences of S. 
unicornum strain D068 were chosen as closely related outgroup. GenBank accession 
numbers of the sequences are in brackets. Bar represents 2 % divergence. Bootstrap 
values (Felsentein, 1988) of more than 50 %) are indicated at the nodes. The group 
including Steinernema strain S3 and two other Steinernema species isolated from Africa 
was highly supported (Bootstrap value = 100%). 
4.2. Taxonomic and phylogenetic position of bacterial 
isolate TZ01T. 
The 16S rDNA distance tree (Figure S1, supplementary data) 
showed that the sequence of Xenorhabdus isolate TZ01T was highly 
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similar to those of X. ehlersii strains included in our study (98.6 % 
identity with the sequence of the type-strain DSM16337T), the bacterial 
symbiont of Steinernema longicaudum. This result confirms that isolate 
TZ01T belongs to the genus Xenorhabdus in agreement with the genus 
of its nematode-host. A more accurate analysis based on the five 
concatenated gene sequences confirmed the phylogenetic position of 
isolate TZ01T in a clade including X. griffiniae and X. ehlersii (Figure 20) 
whatever the method used (distance, parsimony and ML). The 
phylogenetic position of isolate TZ01T sharing a common ancestor with 
X. griffiniae, is identical for three (dnaN, gltX, infB) out of the five genes 
tested (Figures S4 to S6, supplementary data). The phylogenetic 
positions of TZ01T given by the gyrB and the recA genes were in general 
agreement with the previous analysis except that TZ01T was at a basal 
position in the case of gyrB (Figure S3, supplementary data) whereas 
X. griffiniae ID10T was at the basal position using recA (Figure S2, 
supplementary data). Such a discrepancy was also observed for strain 
KR02 for which three genes (gyrB, dnaN and infB) suggested that this 
strain belongs to the species X. ehlersii whereas two other genes (recA 
and gltX) suggested a different evolutionary history (basal position of 
the clade). At least, the phylogenetic position of X. kozodoii as a closely 
related species of this clade was confirmed by the five genes except 
that recA proposed a more basal position for this species. The Sawyer's 
test for recombination applied to our five gene sequences did not show 
putative recombination events suggesting that recombination was not 
the main mechanism involved in the evolution of these genes for 
Xenorhabdus. Comparison of non-synonymous (dN) and synonymous 
substitutions (dS) per site using the codon-based test and the Fisher's 
exact test of neutrality between pair of sequences (Mega 5.05) showed 
that the hypothesis of strict neutrality was rejected for the recA 
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sequence of KR02 compared to those of DSM16337T, CN01, TZ01T and 
ID10T. 
 
Figure 20: Maximum likelihood phylogenetic tree of Xenorhabdus species 
calculated from five concatenated protein-coding sequences (recA, gyrB, dnaN, gltX 
and infB). 
The ML analyse was carried out with the General Time Reversible model of 
substitution with gamma distributed rate heterogeneity and a proportion of invariant 
sites determined for all the five protein coding sequences by jModelTest to best fit with 
the data using the AIC criterion (Posada & Crandall, 1998). The concatenated 
sequences of Photorhabdus luminescens subsp. laumondii TT01T, Photorhabdus temperata 
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subsp. temperata XlNachT, Photorhabdus asymbiotica subsp. australis 9802892T and 
Proteus mirabilis were used as outgroups. Bootstrap values (Felsentein, 1988) of more 
than 50% are indicated at the nodes. * indicates the conserved nodes whatever the 
method of tree reconstruction used (distance, parsimony and ML). Bar represents 10 
% divergence. 
 
The values of probability were 0.013 and 0.025 with the codon-
based test and the Fisher's exact test, respectively, and can be 
considered as significant at the level of 5 %. This result suggested that 
the recA sequence of KR02 was under positive selection pressure 
compared to the other 4 sequences. In the case of the gltX gene and 
considering that CN01 and DSM16337T have strictly the same 
sequence, the hypothesis of strict neutrality was also rejected between 
pairs of sequences for DSM16337 (or CN01), TZ01T, ID10T and KR02. 
Concerning gyrB, dnaN and infB, the hypothesis of strict neutrality was 
not rejected between pair of sequences for DSM16337T, CN01 and 
KR02. However, this hypothesis was rejected between ID10T and 
TZ01T, and between ID10T (or TZ01T) and DSM16337T, CN01 and KR02. 
The nucleotide identity between TZ01T and X. griffiniae ID10T 
and between TZ01T and X. ehlersii DSM16337T calculated on the 
concatenated sequences of the five gene fragments (recA, gyrB, dnaN, 
gltX and infB) encompassing  4294 nucleotides is 96.3 % and 95.3 %, 
respectively which is less than the threshold 97 % used with this 
approach to delineate Xenorhabdus species. Thus, based on this 
sequence analysis, we propose isolate TZ01T as a representative of a 
new Xenorhabdus species, Xenorhabdus pwaniensis sp. nov. 
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Table 11: Main phenotypic characters of the previously described Xenorhabdus species compared to those of X. 
pwaniensis determined in this study 
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4.3. Phenotypic characterization of isolate TZ01T. 
Isolate TZ01T was Gram negative, had no catalase and nitrate 
reductase activities, two characters which allow differentiation of the 
genus Xenorhabdus from other genera of the family Enterobacteriaceae 
(Akhurst & Boemare, 2005). Colonies of TZ01T studied had the typical 
phenotypic traits of Xenorhabdus primary form variants isolated from 
the intestine of infective-stage nematodes (Boemare & Akhurst, 1988): 
colonies were pigmented (yellow), they absorbed dyes from NBTA, 
produced antimicrobial compounds detected using Micrococcus luteus 
as indicator organism, and had lecithinase activities. Isolate TZ01T had 
an upper temperature limiting growth of 41°C comparable with those 
of other sister species X. griffiniae (39°C), X. ehlersii (38-40°C) and X. 
kozodoii (40-41°C). However, isolate TZ01T can be differentiated from 
each of these three sister species by several phenotypic traits (Table 11). 
4.4. Fatty acid analysis of X. ehlersii, X. griffiniae and 
isolate TZ01T. 
The analysis of fatty acid composition of the 3 Xenorhabdus 
species studied showed six major fatty acids (14:0 - 14:0 3OH/16:1 iso I 
- 16:1 w7c/16:1 w6c - 16:0 - 17:0 cyclo - 18:1 w7c) which represented 
each, 5 % to 30 % of the total amount of fatty acids detected (Figure 
S7A, supplementary data). Twenty four minor fatty acids were also 
detected and represented for each, less than 2% of the total amount 
(Figure S7B, supplementary data). The PLS discriminate analysis 
allowed to distinguish clearly strains of the three Xenorhabdus species 
tested (Figure 21A) and to propose a combination of fatty acids which 
characterized each species (Figure 21B). Thus, X. pwaniensis TZ01T was 
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characterized by significant higher amounts of minor fatty acids 17:0 
and 18:0. The proportion of major fatty acid 18:1 w7c was also 
significantly higher for X. pwaniensis TZ01T than for X. griffiniae ID10T. 
X. griffiniae ID10T was characterized by significantly higher proportion 
of major fatty acids 16:0 and 17:0 cyclo and minor fatty acids 12:0 3OH 
and 19:0 cyclo. At least, X. ehlersii strains were characterized by 
significantly higher proportion of major fatty acid 14:0 and minor fatty 
acid 17:1 w9c. Janse & Smits (1990) showed that the two closely related 
genera Photorhabdus and Xenorhabdus could be clearly differentiated by 
their fatty acid composition. We showed here that this approach 
allowed to distinguish three closely related species within the genus 
Xenorhabdus. 
4.5. Pathogenicity of isolate TZ01T. 
Isolate TZ01T was highly pathogenic for G. mellonella and S. 
littoralis larvae (Table 12) following intrahaemocoelic injection. All the 
G. mellonella larvae infected with 102 cells of TZ01T were killed within 
24h. All the S. littoralis larvae infected with 103 cells of TZ01T were 
killed within 28h. In contrast, no mortality occurred within 48h when 
106 non pathogenic E. coli cells were injected in the larvae. For X. 
poinarii, which is characterized by its low pathogenicity when it is 
injected alone without its nematode host (Akhurst, 1986), no mortality 
was observed with Spodoptera larvae and 75% mortality was reached 
with the susceptible insect G. mellonella within 24h with 104 bacterial 
cells injected intrahaemocoelically.  
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Figure 21: Xenorhabdus discrimination based on fatty acids. 
A. Partial least square-discriminate analysis based on fatty acid composition between 
X. pwaniensis TZ01T (3 replicates represented by black boxes), X. griffiniae ID10T (3 
replicates represented by open triangles) and X. ehlerii (5 strains represented by black 
lozanges) grouped in dashed lines, respectively. The cross-validation leads to 2 PLS 
components. The corresponding PLS model explains 87.5 % (sum of R2Y) of the 
variation of the Y-matrix. The 95% probability region defined by the model is 
delimited by the ellipse.  
B. Plot showing the X-loadings (w*) corresponding to the fatty acids represented by 
black triangles in relationship with the Y-loadings (c) corresponding to the three 
Xenorhabdus species studied and represented by black boxes. The three Xenorhabdus 
species were clearly differentiated by a combination of several fatty acids. 
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Table 12: Mortality of G. mellonella and S. littoralis larvae after intrahaemocoelic injection of Xenorhabdus sp. and 
E. coli bacterial cells. 
 G. mellonella S. littoralis 
E. coli 106 cells injected 
no mortality 48h after injection  
106 cells injected 
no mortality 48h after injection 
X. poinarii strain G6 T 104 cells injected 
75% mortality 24h after injection 
104 cells injected 
no mortality 24h after injection 
X. pwaniensis strain TZ01T 102 cells injected 
100% mortality in less than 24h 
103 cells injected 
100% mortality in less than 28h 
X. nematophila strain F1 102 cells injected 
100% mortality in less than 21h 
102 cells injected 
90% mortality 30h after injection 
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5. Description of Xenorhabdus pwaniensis sp. 
nov. 
Xenorhabdus pwaniensis [pwa.ni.en'sis N.L. fem. adj. pwaniensis 
from Pwani (meaning “coast” in Swahili language), a coastal region of 
East Tanzania, the source of the nematode from which the type strain 
was isolated]. 
X. pwaniensis is a Gram negative bacterium which is not able to 
reduce nitrate and has no catalase activity. Growth in LB broth is 
stopped by temperatures above 41°C. Colonies are yellow pigmented 
and show DNase and lecithinase activities. Aesculin hydrolysis is 
variable. 
X. pwaniensis can be differentiated from X. griffiniae by its 
capability to produce acid from glucose, mannose and N-acetyl 
glucosamine. Tests are negative for Simmons' citrate.  
X. pwaniensis can be differentiated from the majority of the X. 
ehlersii strains tested in this study by its DNAse activity and the 
absence of acid production from maltose and 5-Keto gluconate.  
In contrast to its both sister species, X. pwaniensis is able to 
assimilate ribose but not esculine and is not able to produce acid from 
fructose and esculine. 
The type strain is TZ01T (=DSM25309T, = CIP110340T). The 
GenBank accession numbers of the type strain are JQ687358 (16S rRNA 
gene), JQ687369 (recA), JQ687370 (gyrB), JQ687371 (dnaN), JQ687372 
(gltX), JQ687373 (infB). 
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7. Supplementary data 
Description of Xenorhabdus tanzaniensis sp. nov., 
the symbiotic bacterium associated with a new 
Steinernema species closely related to S. karii and 
isolated in Tanzania 
 Patrick Tailliez1,2, Sylvie Pagès1,2 and Anne Laudisoit3 
1INRA, UMR1133 Diversité, Génome & Interactions Microorganismes-
Insects (DGIMI), F-34000 Montpellier France. 
2Université Montpellier 2, UMR1133 Diversité, Génome & Interactions 
Microorganismes-Insects (DGIMI), F-34000 Montpellier France. 
3Ecology, Evolution and Genomics of Infectious Disease Research 
group,School of Biological Sciences, University of Liverpool, United 
Kingdom 
  
Summary 
The symbiotic bacterium (TZ01T) was isolated from a new 
species of insect-pathogenic nematode of the genus Steinernema. On the 
basis of 16S rRNA gene sequence similarity, this bacterial isolate was 
shown to belong to the genus Xenorhabdus in agreement with the genus 
of its nematode-host. The accurate phylogenetic position of this new 
isolate was defined using a multigene approach and showed that 
isolate TZ01T shares a common ancestor with X. griffiniae ID10T, X. 
ehlersii DSMZ16377T and X. kozodoii SaVT, the symbiotic bacteria 
associated with Steinernema hermaphroditum, Steinernema longicaudum 
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and Steinernema arenarium respectively. The nucleotide identity (less 
than or equal to 96.1%) between TZ01T, X. griffiniae ID10T, X. ehlersii 
DSMZ16377T and X. kozodoii SaVT calculated on the concatenated 
sequences of five gene fragments encompassing 4286 nucleotides and 
the difference between these four bacteria allowed genetic and 
phenotypic differentiation of isolate TZ01T from its three closely 
related species. TZ01T therefore represents a new species, for which the 
name Xenorhabdus tanzaniensis sp. nov. is proposed, with the type 
strain DSM25309T (=CIP110340T). 
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Figure S1: Distance tree based on 16S rDNA sequences of Xenorhabdus type strains 
and representatives of potential new species including X. pwaniensis TZ01T. The 
tree was constructed using the Kimura 2-parameter model (Kimura, 1980) and the 
neighbour-joining module (Saitou & Nei, 1987) present on the PAUP software 
(Swofford, 2003). Bootstrap values (Felsentein, 1988) of more than 50% are indicated 
at the nodes. Bar indicates 0.5 % sequence divergence. GenBank accession numbers of 
the sequences are in brackets. The sequences of X. nematophila ATCC19061T and P. 
luminescens subsp. laumondii TT01T were from 
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http://www.cns.fr/agc/microscope/home/index.php. The 16S rDNA sequences of X. 
ehlersii DSM16337T and X. pwaniensis TZ01T share 98.6 % nucleotide identity on a 
length of 1319 nucleotides. 
 
Figure S2: ML tree based on recA sequences of Xenorhabdus type strains including 
X. pwaniensis TZ01T. The ML analyse was carried out with the GTR model of 
substitution with gamma distributed rate heterogeneity and a proportion of invariant 
sites determined jModelTest to best fit with the data using the AIC criterion (Posada 
& Crandall, 1998). The sequences of Photorhabdus luminescens subsp. laumondii TT01T, 
Photorhabdus temperata subsp. temperata XlNachT, Photorhabdus asymbiotica subsp. 
australis 9802892T and Proteus mirabilis were used as outgroups. Values (>50 %) of the 
approximate likelihood ratio test (Anisimova & Gascuel, 2006) are shown at the node. 
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Bar represents 10 % divergence. GenBank accession numbers of the sequences are in 
brackets. The sequences of X. nematophila ATCC19061T and P. luminescens subsp. 
laumondii TT01T were from http://www.cns.fr/agc/microscope/home/index.php. The 
sequence of P. mirabilis was from GenBank [NC010554] 
 
Figure S3: ML tree based on gyrB sequences of Xenorhabdus type strains including 
X. pwaniensis TZ01T. The ML analyse was carried out with the GTR model of 
substitution with gamma distributed rate heterogeneity and a proportion of invariant 
sites determined jModelTest to best fit with the data using the AIC criterion (Posada 
& Crandall, 1998). The sequences of Photorhabdus luminescens subsp. laumondii TT01T, 
Photorhabdus temperata subsp. temperata XlNachT, Photorhabdus asymbiotica subsp. 
australis 9802892T and Proteus mirabilis were used as outgroups. Values (>50 %) of the 
approximate likelihood ratio test (Anisimova & Gascuel, 2006) are shown at the node. 
Bar represents 10 % divergence. GenBank accession numbers of the sequences are in 
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brackets. The sequences of X. nematophila ATCC19061T and P. luminescens subsp. 
laumondii TT01T were from http://www.cns.fr/agc/microscope/home/index.php. The 
sequence of P. mirabilis was from GenBank [NC010554]. 
 
Figure S4: ML tree based on dnaN sequences of Xenorhabdus type strains including 
X. pwaniensis TZ01T. The ML analyse was carried out with the GTR model of 
substitution with gamma distributed rate heterogeneity and a proportion of invariant 
sites determined jModelTest to best fit with the data using the AIC criterion (Posada 
& Crandall, 1998). The sequences of Photorhabdus luminescens subsp. laumondii TT01T, 
Photorhabdus temperata subsp. temperata XlNachT, Photorhabdus asymbiotica subsp. 
australis 9802892T and Proteus mirabilis were used as outgroups. Values (>50 %) of the 
approximate likelihood ratio test (Anisimova & Gascuel, 2006) are shown at the node. 
Bar represents 10 % divergence. GenBank accession numbers of the sequences are in 
brackets. The sequences of X. nematophila ATCC19061T and P. luminescens subsp. 
laumondii TT01T were from http://www.cns.fr/agc/microscope/home/index.php. The 
sequence of P. mirabilis was from GenBank [NC010554]. 
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Figure S5: ML tree based on gltX sequences of Xenorhabdus type strains including 
X. pwaniensis TZ01T. The ML analyse was carried out with the GTR model of 
substitution with gamma distributed rate heterogeneity and a proportion of invariant 
sites determined jModelTest to best fit with the data using the AIC criterion (Posada 
& Crandall, 1998). The sequences of Photorhabdus luminescens subsp. laumondii TT01T, 
Photorhabdus temperata subsp. temperata XlNachT, Photorhabdus asymbiotica subsp. 
australis 9802892T and Proteus mirabilis were used as outgroups. Values (>50 %) of the 
approximate likelihood ratio test (Anisimova & Gascuel, 2006) are shown at the node. 
Bar represents 10 % divergence. GenBank accession numbers of the sequences are in 
brackets. The sequences of X. nematophila ATCC19061T and P. luminescens subsp. 
laumondii TT01T were from http://www.cns.fr/agc/microscope/home/index.php. The 
sequence of P. mirabilis was from GenBank [NC010554]. 
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Figure S6: ML tree based on infB sequences of Xenorhabdus type strains including 
X. pwaniensis TZ01T. The ML analyse was carried out with the GTR model of 
substitution with gamma distributed rate heterogeneity and a proportion of invariant 
sites determined jModelTest to best fit with the data using the AIC criterion (Posada 
& Crandall, 1998). The sequences of Photorhabdus luminescens subsp. laumondii TT01T, 
Photorhabdus temperata subsp. temperata XlNachT, Photorhabdus asymbiotica subsp. 
australis 9802892T and Proteus mirabilis were used as outgroups. Values (>50 %) of the 
approximate likelihood ratio test (Anisimova & Gascuel, 2006) are shown at the node. 
Bar represents 10 % divergence. GenBank accession numbers of the sequences are in 
brackets. The sequences of X. nematophila ATCC19061T and P. luminescens subsp. 
laumondii TT01T were from http://www.cns.fr/agc/microscope/home/index.php. The 
sequence of P. mirabilis was from GenBank [NC010554]. 
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Appendix III: Plasmid maps 
Mutator plasmid for yplA: 
 
 
 
 
 
 
 
 
 
Appendix III 
221 
 
Mutator plasmid for hcp1: 
 
 
 
 
 
 
 
 
 
 
 
Appendix III 
222 
 
Mutator plasmid for vgrG: 
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Complementation vector for hcp1: 
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Complementation vector for yplA: 
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Appendix IV: Steinernema receptacle segregation 
 
Confocal microscope slides in 
Z-axis (numbered from 1 to 12) 
of the anterior partion of a 
Steinernema sp. MW8B male 
colonized by Xenorhabdus sp. 
TZ03 (GFP-labelled). 
6 subdivisions of the receptacle 
appear clearly where X. sp. 
TZ03 locates.  
